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Preface

‘We thank those instructors who have adopted the first two
editions of Plant Pathology Concepts and Laboratory
Exercises as a guide for their classes. We also are grateful
to them and their students and colleagues for providing
invaluable feedback and criticism of the previous edi-
tions. We have incorporated many of their ideas into this
new, third edition, which includes combining concept
and laboratory chapters into one presentation, almost all
figures in color, more technical presentations of some
topics, a chapter on safety in the laboratory, treatment of
organic agriculture and disease, and more extensive chap-
ters about disease diagnostics. We have also improved the
binding of the book, which is now spiral bound, allowing
the students to access any page easily.

This edition of Plant Pathology Concepts and
Laboratory Exercises is intended to serve as a primary
text for introductory courses and furnishes instructors
and students alike with a broad consideration of this
important and growing field. It presents many useful
protocols and procedures and thus serves as a valuable
reference to researchers as well as students in begin-
ning and advanced plant pathology and allied biologi-
cal sciences courses. The book is intentionally written
informally to some extent as it provides the reader with
a minimum number of references, but does not lose any
essential information or accuracy. Broad topic chapters
are authored by specialists with considerable experience
in the field and are supported by one or more laboratory
exercises illustrating the central concepts of the topic.
Each chapter begins with a “Concept Box” highlighting
some of the more important ideas contained within the
chapter and signals students to read carefully for these
primary topics. There is an extensive glossary, which
appear as bolded words in each chapter. Collectively, the
laboratory exercises are exceptionally diverse in nature,
providing something for beginning to advanced stu-
dents. Most importantly, the authors have successfully
completed the exercises/experiments many times, often
with either plant pathology or biology classes or in their
own research laboratories. All the laboratory protocols
are written in procedure boxes that provide step-by-step,
easy-to-follow instructions. A unique feature of this text
is that the authors have provided the expected results of
each of the experiments in general terms. At the end of
each exercise, there are a series of questions designed to
provoke individual thought and critical examination of the
experiment and results. Our intention is that instructors

will not attempt to do all the experiments in each chapter,
but rather select one or two for each concept that serves
the needs and interests of their particular class. For an
advanced class, other experiments may be assigned to
resourceful students. We caution instructors and students
to obtain the proper documents for transport and use of
plant pathogenic organisms and to properly dispose of
cultures and plant materials at the end of the laboratory
exercises. We also support mandatory safety training that
is typically available online at many institutions.

This book is divided into five primary sections:
Introductory Concepts, Groups of Plant Pathogens
and Abiotic Disorders, Plant—Pathogen Interactions,
Epidemiology and Disease Control, and Special Topics.
Chapter 1 in Part I introduces students to the basic con-
cepts of plant pathology including some historical per-
spectives, fundamental ideas of what is disease, how
disease relates to environment, the host, and time, and
provides a very broad overview of organisms that cause
disease. Chapter 2 is a new topic in the third edition and
describes laboratory safety, media preparation, and solu-
tions. Chapter 3 introduces students to the fundamentals
of microscopy, which is a topic often omitted in biologi-
cal textbooks. Part II includes chapters that detail vari-
ous disease-causing organisms, plant parasitic plants, and
the causes of abiotic diseases. This section begins with a
consideration of viruses (Chapter 4), prokaryotic organ-
isms (Chapter 5), and nematodes (Chapter 6). Chapter 7
provides a very broad overview of pathogenic species in
the Oomycota (fungus-like organisms) and pathogenic
true fungi. The next eight chapters are devoted to spe-
cies in the Oomycota and various phyla of fungi followed
by chapters that focus on soilborne plant pathogens,
parasitic seed plants, and disorders caused by abiotic
agents. Part III explores plant—pathogen interactions in
Chapters 19-21 including treatments of virulence fac-
tors, pathogen attack strategies, extracellular enzymes,
host defenses, and disruption of plant function. Part IV is
anchored with an extensive chapter (Chapter 22) outlin-
ing the basic concepts of epidemiology, which is followed
in turn by several chapters detailing various strategies for
disease control, including host resistance (Chapter 23),
plant—fungal interactions (Chapter 24), cultural man-
agement of plant disease (Chapter 25), chemical control
of disease (Chapter 26), use of microbial control agents
(Chapter 27), and integrated pest management (IPM)
strategies (Chapter 28). The concluding chapter in this



section is an often suggested topic, organic agricultural and
plant disease (Chapter 29). Part V is devoted to the treat-
ment of plant disease diagnostics (Chapter 30) and identify-
ing disease-causing organisms using molecular techniques
(Chapter 31). Chapter 32 relates fungal and bacterial physi-
ology/nutrition to disease via extracellular enzyme produc-
tion. This chapter contains many valuable techniques that
are applicable to other fields of science. Lastly, Chapter 33
provides explanations and exercises for molecular tech-
niques used in plant pathology and other fields of study.

It is our hope that students and instructors find the
format, level, and amount of information contained in

Preface

the book to be appropriate for an introductory course
and some advanced courses. The presentation style
has been used very successfully in other books and
with the addition of the extensive glossary, useful
case studies, and concept boxes, students should find
the format stimulating and conducive for learning. We
invite and welcome your comments and suggestions for
improvements.

B.H. Ownley
R.N. Trigiano
The University of Tennessee
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’I What Is Plant Pathology?

H. David Shew and Barbara B. Shew

CoNcCEPT Box

e Most plants are healthy most of their lives; disease is the exception.

e The science of plant pathology had its beginnings in the late blight epidemics of the 1840s in Ireland and Europe.

e The germ theory of disease is the foundation of plant pathology.

¢ Plant disease is the result of a continuous interaction between a plant and a pathogen in a favorable environment.

e A disease cycle is the series of steps in the interaction of a host and pathogen from inoculation through pathogen

reproduction and survival.

e Major pathogens of plants include fungi, fungus-like organisms, bacteria, viruses, nematodes, and parasitic seed plants.

e Diagnosis is the art of identifying disease based on symptoms and signs and associated factors.

¢ Koch’s postulates are a set of rules to establish if a pathogen is the cause of a disease.

* Disease impacts include making plants and plant products scarce, dangerous to consume, and more costly to obtain.

CONCEPT OF PLANT HEALTH

Most plants, for most of their lives, are healthy! This is
fortunate, because healthy plants are the foundation of the
earth’s terrestrial ecosystems. They are the source of the
nutrients that sustain the interdependent organisms that
together make up a stable ecosystem. Plants capture energy
from the sun, and this energy provides food for large and
small herbivores, the carnivores that eat the herbivores,
and the scavengers that degrade the remains, including
those of the plants themselves. Plants also provide energy
for a variety of microorganisms that live in and on them,
some of which are parasites that cause disease.

The plants that we observe in natural ecosystems are
a product of natural selection. They have adapted to the
biotic and abiotic environments of the ecosystem that
they support by growing and reproducing more efficiently
than their competitors. However, evolution is a dynamic
process, and ecosystems are subject to changes due to cli-
mate change, introduction of new plant and animal spe-
cies, introduction of exotic pathogens to the undisturbed
ecosystem, and adaptation by existing microorganisms.

In fact, coevolution with microorganisms, including those
that are capable of causing diseases, is an important part
of the long-term adaptation of a plant species to its envi-
ronment. In this dynamic interplay between plants and
their microbial companions, the pathogen sometimes
gains the advantage and epidemics flare. In agroecosys-
tems, many of the natural checks and balances of natural
ecosystems are removed, so epidemics may occur more
often and become very severe unless disease manage-
ment practices are implemented.

In the following chapters, you will be introduced to
the broad scientific discipline known as plant pathology.
The primary goal of the text and the associated labora-
tory experiments is to raise your awareness of the impor-
tance of plant pathogens and plant diseases. The chapters
will introduce you to the vast array of organisms that
cause plant diseases and will allow you to experience the
dynamic nature of the interactions between microbes and
plants and to understand how we have successfully and
unsuccessfully attempted to manage the organisms that
cause plant diseases.



DEVELOPMENT OF PLANT PATHOLOGY

Plant pathology is a very broad and diverse scientific
discipline. It integrates information from all of the core
disciplines dealing with plant biology, plant produc-
tion, microbial biology, and ecology to understand the
dynamic interactions that result in disease. The concept
that links all of these disciplines together within the sci-
ence of plant pathology is the concept of disease: how
it starts, develops, and spreads, and how it is prevented
or managed. Literally, plant pathology is the science that
studies plant suffering (pathology: pathos = suffer, and
logy = study of). Plant pathologists attempt to improve
plant health and crop productivity through the study of
plant diseases, so that the severity and impact of diseases
(suffering) can be alleviated.

As people moved from foragers to cultivators and
began to rely on harvests of food and fiber from culti-
vated crops, their awareness of plant diseases must have
increased. Much like today, the diseases that early agrar-
ians observed no doubt ranged from minor to devastating.
There are numerous references to blights and mildews in
religious texts, including the Hebrew Bible, and in early
Greek and Chinese writings. However, over several thou-
sand years, there was little advancement in the under-
standing of the causes of disease and in the development
of disease management strategies, largely because the
biological basis of a disease was unknown. A disease was
due to bad weather, toxic air, celestial events, imbalances
of the sap, or divine intervention. The fact that microor-
ganisms were only first observed in the seventeenth cen-
tury, following the invention of the microscope, is hardly
surprising. Even then, it would be nearly 200 years before
the relationship between diseases and microorganisms
was conclusively established. With few exceptions, peo-
ple, including most scientists, instead believed in spon-
taneous generation. In the case of plant diseases, this
belief or theory held that microbes were the result and not
the cause of disease or decay.

It took multiple epidemics of the late blight disease of
potato in Ireland and other areas of Europe in the 1840s,
and the tragic events that followed, to provide the impe-
tus for the founding of the science of plant pathology. The
germ theory of disease provided the biological basis of the
science. Within 15 years of the epidemics of late blight,
Julius Kiihn published the first textbook of plant pathol-
ogy, concluding that both parasitic and nonparasitic fac-
tors resulted in plant abnormalities (disease). In the 1860s
and 1870s, at least five additional textbooks were written
about diseases of different groups of plants. The science
of plant pathology continued to develop in response to
the need of societies to understand the causes of plant
diseases and to find the means to control them. It was the
successful demonstration that disease problems could be
alleviated by applying this new knowledge that led to the
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rapid development of plant pathology as a science in the
late nineteenth and early twentieth centuries.

GEerRM THEORY OF DISEASE

Germ theory of disease was the single most important
discovery in the early development of plant pathology.
It states that germs (living organisms) cause diseases.
A review of the history of plant pathology reveals that
multiple scientists developed early evidence for the role
of microbes in disease causality. It is beyond the scope of
this chapter to list all those findings, but perhaps Prevost
presented the most convincing results in his compre-
hensive studies of the bunt (smut) disease of wheat in
the late eighteenth and early nineteenth centuries. His
experimental approach led to a thorough description of
the pathogen, its development in the plant, and even the
approaches for controlling the disease. His treatise on
this disease in 1807 should have provided the evidence
needed to establish the germ theory of disease in plants,
but his peers rejected the work as unsound (probably
meaning too controversial).

It was not until the 1840s that a plant disease drew
enough attention from scientists of the day to begin the
science of plant pathology. The disease, late blight of
potato (Figure 1.la), ravaged potato crops through-
out much of Europe and was especially devastating
to the people of Ireland. The suffering that resulted
from the consecutive years of epidemics was made
worse by the dependence of the Irish population on
a single food crop. Ireland was dominated by a land-
holding arrangement in which poor tenant farmers raised
wheat, oats, barley, and other cash crops for export while
depending almost exclusively on potatoes for their own
sustenance. Even as cash crops continued to be exported,
severe epidemics of late blight led to widespread starva-
tion, sickness, and death. The Great Famine resulted in
an estimated 1 million deaths and the mass emigration of
at least a million more people from Ireland.

The multiple late blight epidemics in the 1840s found
a better-prepared scientific community and a more pro-
found need to understand the devastating effects of plant
diseases than ever before. Many scientists uncovered
important clues in the aftermath of the Great Famine, but
the scientific approach used by Anton deBary finally led
to the understanding of the true cause of late blight and
other plant diseases. In 1861, deBary published his first
work on the relationship of the pathogen, Phytophthora
infestans, to late blight of potato. Much like Prevost,
deBary described the development of the disease, from
inoculation to symptom development and production
of a new generation of spores on inoculated potato tis-
sues. He also demonstrated the survival of the pathogen
in potato tubers. He was able to duplicate all the stages
of the disease cycle and repeat these stages in controlled
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FIGURE 1.1 Symptoms of diseases studied to confirm the germ theory for different pathogen groups. (a) Destruction of a potato
crop by late blight of potato caused by the fungus-like organism Phytophthora infestans. (b) Blighted terminal of ornamental pear
caused by the fire blight bacterium, Erwinia amylovora. (c) Alternating light and dark green areas on tobacco leaves caused by
tobacco mosaic virus. ([a] Courtesy of Marc Cubeta. With permission. [b, c] Courtesy of H.D. Shew.)

inoculations with the pathogen. In key experiments,
deBary inoculated potato plants and compared them
under identical conditions with plants that had not been
inoculated (controls). When only the inoculated plants
became diseased, it was clear that infection by P. infes-
tans was the cause of late blight, and the germ theory
was validated. By the time deBary published his work in
1861, many other scientists had begun to support the germ
theory of disease on other plants, but deBary is credited
with providing the conclusive proof for this theory and is
often referred to as the founder of plant pathology.

The germ theory for other groups of plant pathogens
followed the pivotal work of deBary. Burrill and his student,
Arthur, developed the evidence for bacteria as pathogens of
plants in the late 1870s and early 1880s in their pioneering
work on the fire blight disease of pear (Figure 1.1b). It
would be almost 20 additional years before the writings
and studies of E.F. Smith helped to garner wide accep-
tance of the germ theory for bacteria. Acceptance of
the germ theory for viruses would soon follow from the
findings by three different scientists, Mayer, Ivanowski,
and Beijerink, who all worked on tobacco mosaic caused
by tobacco mosaic virus (Figure 1.1c). The extremely
small size of viruses and the fact that they could not be
cultured like fungi and bacteria introduced many prob-
lems in completing this work. Viruses were thought to
be toxins or fluids, and Beijerink referred to them as a
contagium vivum fluidum, a contagious living fluid. He
also used the term virus (Latin for poison) to describe
this type of pathogen. The physical nature of viruses was
not known until after the invention of the electron micro-
scope in 1931.

WHAT IS PLANT DISEASE?

Communication is based on the assumption that the
people who are communicating understand each other.
It is important to have a basic understanding of the terms
used in any branch of science so that you can communi-
cate effectively to others in the field. This is especially
true when there are multiple definitions for a given term,
such as disease. If asked to define disease, it is doubt-
ful that any two people in a group or a class will have
the exact same definition. However, there would be little
disagreement about several key components that ought to
be included in any definition of disease. Broadly speak-
ing, disease refers to some type of abnormal condition
or something that causes an organism to deviate from a
healthy condition. It is important to understand that there
is no clear line of demarcation between health and dis-
ease. Recognizing that a plant is diseased can be difficult
and often requires the artful knowledge of a trained diag-
nostician. Regardless, most definitions of disease imply
that the characteristics of a healthy, normally function-
ing plant are known. For example, the glossary of the
American Phytopathological Society defines disease sim-
ply as “the abnormal functioning of an organism,” and in
1968, the National Academy of Science defined plant dis-
ease as “a harmful alteration of the normal physiological
and biochemical development of a plant.” These are per-
fectly acceptable definitions of disease, but for the pur-
poses of this volume, additional components are needed
for our working definition. For this volume, we define
plant disease as a condition detrimental to the normal
development of a plant resulting from the continuous



interaction between the plant and a causal agent leading
to the production of symptoms. There are four key com-
ponents of this definition, with several separating disease
from other detrimental conditions affecting plants.

First, disease is detrimental to the development of
a plant. Disease may impact any stage of plant develop-
ment, vegetative or reproductive. Some diseases, known as
damping off, occur only on seedlings, others occur only on
mature or senescing plants, and still others occur through-
out the life of a plant. Many things can be detrimental to
plant health, so this component of our definition does not
separate disease from the negative effects of the physical
or chemical environment, nor from damage by organisms
such as insects, voles, and other plant-consuming pests.

Second, disease is the result of a continuous inter-
action between the plant and a pathogen. Disease is a
dynamic process and takes time to develop; it is not the
result of an instantaneous event. When you hear expres-
sions like “the disease happened over night,” beware.
Although visible symptoms may show up seemingly
overnight, the disease process is well underway by the
time symptoms become evident. The continuous and pro-
gressive nature of disease is one of the components of our
definition that separates disease from injury.

Third, disease results from the activities of a causal
agent. Most people would agree that diseases are caused
by something. Specifically, causal agent refers to a patho-
gen, an organism that can cause disease. Usually, a single
agent causes a disease, but some diseases are caused by
two or more pathogens acting together. As we have seen,
the germ theory of disease is a fundamental concept of
plant pathology. This is another component of our defini-
tion that separates disease from injury and implies that
disease is contagious; pathogens can be spread and infect
neighboring plants. Injury is not contagious; it is not
capable of being moved or spread.

Fourth, disease leads to the expression of symp-
toms. Symptoms are the evidence that something has
altered the normal development or appearance of a
plant (Figure 1.2). Plants respond to the presence of dis-
ease in multiple ways, but symptoms typically fall into
groups or categories based on the part or processes of
the plant affected, as we will see later. Symptoms may
be minor, barely detectable, or severe, up to plant death.
Some symptom types are unique to specific diseases, but
some are common to many different causes, just as fever
in humans can indicate anything from a slight cold to
bubonic plague. Furthermore, the presence of symptoms
is not unique to disease and thus does not separate disease
from injury. By keeping these four components in mind
when you think of disease, you can begin to develop a
conceptual framework to build upon as we introduce and
discuss the many complexities of diseases in plants.

In our narrow sense of disease, biotic organisms cause
all plant diseases. In a broader view of disease, abiotic
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FIGURE 1.2 Abnormal development in rose caused by a
viral infection. Note the proliferation of shoots typical of Rose
rosette disease in this shrub rose. (Courtesy of H.D. Shew.)

factors may also cause disease. Most authors consider
these abiotic diseases to be disorders, because typically
either they are not the product of a continuous interaction,
or they are not contagious (do not have a pathogen associ-
ated with the damage), or both. Disorders can result from
nutritional deficiencies or toxicities, exposure to harmful
levels of air pollutants, flooding, drought, and many other
causes. While this broad sense of disease is helpful to
understand and diagnose plant problems, plant pathology
is developed with a focus on the nature of diseases caused
by living pathogens.

SYMPTOMS AND SIGNS OF PLANT DISEASES

A symptom is the visible expression of a disease. Names
of symptoms are generally descriptive of the primary
abnormality that we see, such as leaf spot, wilting, or
stunting. However, some diseases produce a whole syn-
drome, a series of symptoms that are characteristic for
that disease. For example, yellowing, wilting, and death
of all the plant parts that are above ground typically indi-
cate that the real problem is in the roots, perhaps caused
by a root rot disease. Symptoms are often used in the
common name of a disease. For example, black root rot
is a common name that is used to describe a disease that
results in the development of black and rotted roots on a
plant. Common names can also be misleading, as many
diseases have more than one common name. For example,
the disease of peanut caused by the fungus Sclerotium
rolfsii may be called southern stem rot or white mold.
Plants have a limited ability to express the abnormal
or harmful effects of a disease or disorder. Symptoms thus
fall into discrete categories based on the type of damage
caused, the part of the plant affected, and when it occurs in
relation to the development of the plant. A disease may be
characterized by one or more symptoms that are diagnostic

[vww.ebook3000.con)



http://www.ebook3000.org

What Is Plant Pathology?

for that disease, but in other cases additional information is
needed to determine which disease (or diseases) is present.

The most common symptom of plant disease is necro-
sis. Necrosis is browning or blackening of host tissues
brought about by cell death. This is a very broad category
of symptom, and there are numerous necrotic symptom
types. A localized area of necrosis is a lesion. Perhaps the
most common and most easily observed necrotic symptom
or lesion is leaf spot. A leaf spot is a localized area of
necrosis on a leaf. Leaf spots may be very characteristic
in some cases, or nondescript in others (Figure 1.3a), and
typically have a defined size and shape. Another common
necrotic symptom is a canker, a sunken area on the main
stem or trunk of a plant, sometimes with raised margins
(Figure 1.3b). A different type of sunken lesion that occurs
on leaves, stems, and fruits is anthracnose (Figure 1.3¢).

Necrosis may also extend across tissue types. For
example, blight is a rapid blackening of host tissue and
may include leaves, stems, and flowers (Figure 1.1a and b).
A general (not localized) type of necrosis is called rot.
Another descriptive term is often used along with rot to
describe a disease, such as root rot, ear rot, stem rot, soft
rot, fruit rot, and so on. Finally, necrosis that begins at
the top of a plant and progresses downward is a dieback
(Figure 1.3d). This symptom is typical for root rot and
canker diseases, but also is common with abiotic factors
that impact root growth.

Symptoms of disease may include various types
of color changes. These symptoms may affect leaves,
flowers, and fruits. The most common color change is
chlorosis, which is yellowing due to lack of chlorophyll
in leaves. A specific type of chlorosis around a necrotic
spot is a halo (Figure 1.3a). Leaf spots may have borders
of distinct colors as well, such as red or purple. These
colors are distinctive symptoms for certain diseases.
Loss of color, or bleaching of tissue, is also character-
istic for some diseases. For example, diseases caused
by viruses (Chapter 4) result in many patterns of color
variation including mosaic (Figure 1.1c), mottle, and
ringspot. A color-breaking virus is famous for driving
“Tulipmania” in the seventeenth century. Tulips with
variegated flowers were highly prized for their unique
color patterns, and collecting them became an obses-
sion with the Dutch. The mania for tulips led specula-
tors to pay much higher prices for even a single blub.
Finally, the bubble burst and Tulipmania ended. Today,
color breaking in tulips and the variegated flowers and
foliage seen in many ornamental plants are the result of
selection for genetically inherited traits and not caused
by a virus.

A common response of plants to pathogens is the
production of overgrowths or galls. A gall is a localized
swelling or overgrowth of host tissue, which results from
cell enlargement (hypertrophy) and cell proliferation

(d)

FIGURE 1.3 Common symptoms of plant diseases. (a) Leaf spot with chlorosis surrounding the spots. (b) Canker with rings of
callous tissue around the infected area. (c) Sunken lesion of anthracnose on bell pepper. Note the abundant production of tan-colored
spores in the sunken area. (d) Dieback of elm caused by the Dutch elm disease. (Courtesy of H.D. Shew.)



(hyperplasia) (Figure 1.4a and b). Multiple pathogen
groups cause galls. Another common growth abnormal-
ity is distortion, or an abnormal formation or twisting of
tissues and organs, especially leaves and fruit.

Symptoms may affect either the entire plants or the
localized organs or tissues. Wilt is a general response
to loss of water brought about by diseases that impede
or degrade the vascular system. Wilts may occur as a
result of stem cankers and root rots but are most com-
monly associated with the infection of the vascular sys-
tem. Vascular wilt diseases are caused by pathogens that
infect the xylem (Figure 1.5). Wilting may affect all of
the plant or occur on one side of the plant or even one
side of a leaf as specific areas of the xylem are plugged.
One-sided wilting is called unilateral wilting. Another
common whole plant symptom is stunting. Stunting is a
reduction in plant size compared with an uninfected plant
growing under the same conditions (Figure 1.6). Stunting
is a common symptom in many virus-infected plants and
plants that have root rot diseases.

p -
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FIGURE 1.4 Examples of galls. (a) Small gall of corn smut,
with an infected and swollen single kernel. (b) Small elongated
gall (bottom) and a cross section through a large gall on pine
caused by Fusiform rust disease. Note the very large growth rings
in the galled tissue in the cross section. (Courtesy of H.D. Shew.)

FIGURE 1.5 Wilting of snapdragon caused by a plugging of
the xylem tissue. The disease is a vascular wilt caused by the
fungus Verticillium dahliae. (Courtesy of B.B. Shew.)
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A sign is a part of the pathogen on or in the plant that
is visible to the unaided eye. Signs may be very large or
barely visible without magnification (Figure 1.7). In the
broadest sense, a sign could include any visualization of
a pathogen on or in the diseased plant, even those patho-
gens that, like viruses, can only be seen under extremely
high magnification. However, we will confine our discus-
sion to signs that can be seen with the unaided eye.

Signs are most easily observed with diseases
caused by fungi. During periods of high humidity,
fungi often produce visible vegetative growth or spores
on infected plants. Some of our most important plant
diseases are named for the signs they produce. For
example, rust diseases (Chapter 14) are named for the
rust-colored spores produced in abundance on their hosts
(Figure 1.8a), powdery mildews (Chapter 12) are named
for the powdery appearance of the hyphae and spores
that the powdery mildew fungi produce on the surfaces
of their hosts (Figure 1.8b), smut diseases (Chapter 14)
are characterized by the black dusty spores produced in

FIGURE 1.6  Stunting of tomato in the production field due to
viral infection. (Courtesy of H.D. Shew.)

FIGURE 1.7 Cluster of basidiocarps (sign) of the root rot
pathogen Armillaria. (Courtesy of B.B. Shew.)
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(c)

(d

FIGURE 1.8 Examples of signs of plant pathogens. (a) Spores of the orange rust pathogen on blackberry. (b) Hyphae and conidia of
powdery mildew on cucumber. (c) Abundant conidial production by Botrytis cinerea, the cause of gray mold on pansy. (d) Bacterial
streaming (arrow) from the cut end of a tobacco stem infected by the vascular wilt bacterium Ralstonia solanacearum. (Courtesy of

H.D. Shew.)

their hosts (Figure 1.4a), and downy mildews (Chapter 8)
are named for the downy growth on the undersides of
leaves. Pathogens that produce fuzzy masses of spores, or
visible clumps or colonies of hyphae, are often referred
to as molds (Figure 1.8c). All of these diseases also pro-
duce symptoms, but they are named and diagnosed by the
signs they produced.

Bacteria (Chapter 5) are extremely small and single-
celled, so they are not visible except in mass. Signs of
bacteria include streaming and ooze, which is a com-
bination of bacterial cells, extracellular slime pro-
duced by bacteria as they cause disease, and host cells
(Figure 1.8d). Streaming is most frequently used to
diagnose vascular wilts caused by bacteria but can also
be used to diagnose leaf spots and other necrotic dis-
eases. The most obvious sign of a nematode disease is
the presence of adult females of a certain group of nem-
atodes called cyst nematodes (Chapter 6). The enlarged,
globose body of the female can be seen on the surface
of infected roots. It changes from white to dark brown
as she dies, forming a cyst that contains the nematode’s
eggs. Viral diseases do not have signs, as they are too
small to be seen.

THE DISEASE TRIANGLE

As you have seen, disease is a product of complex inter-
actions between host and pathogen. Clearly, if either host
or pathogen is absent, there will be no interaction and
disease cannot occur. However, host and pathogen will
coexist without interacting unless the environment is
favorable for infection and disease development. Thus,
disease occurs only when host, pathogen, and environ-
ment come together at the right time and in the right
place. The classic disease triangle (Figure 1.9) illustrates
this fundamental concept.

PATHOGENS

With few exceptions, plant diseases are caused by micro-
organisms that are also parasites on their host. That is,
they live in close association with the plant and derive
all or most of their nutrients from it. Not all parasites
are pathogens; in some cases, a parasite causes little
harm to its host. The parasite becomes a pathogen when
it impairs normal plant function through its activities,
causing disease. Each species of plant pathogen causes
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FIGURE 1.9 Disease triangle, illustrating the interaction of
host, pathogen, and a favorable environment leading to disease.
(Courtesy of Arlene Mendoza-Moran. With permission.)

disease on a limited number of plant species. The host
range of a pathogen consists of all the host species on
which it causes disease. Some plant pathogens have a host
range of only a single host species, whereas others can
attack hundreds of species across many plant families.
Pathogenicity is the ability of a particular plant patho-
gen species to cause disease on a particular plant spe-
cies. Pathogen species and individuals within a species
vary in aggressiveness, which is the relative ability of
the pathogen to inflict damage on its host: pathogens that
cause severe symptoms are highly aggressive, whereas
those that cause mild symptoms are nonaggressive.
Pathogenicity and aggressiveness in the pathogen are
inherited traits, but aggressiveness can also vary with the
age, life stage, nutrient reserves, or previous exposure to
adverse or favorable conditions of the pathogens.

PLANTS

Most plants are healthy during most of their lives. Just
as a given species of pathogen has only a limited number
of potential plant hosts, any plant species is host to only
a limited number of plant pathogens. The plant species
must be susceptible to the pathogen for disease to occur.
A susceptible host is one that is capable of being attacked
by a pathogen. Susceptibility (Latin: take up, sustain) is
a measure of how well a host can sustain a pathogen’s
development. Therefore, within a host plant species,
susceptibility exists along a continuum and can range
from extremely high to low. If the plant actively reduces,
delays, or prevents the development of a pathogen or dis-
ease, it has some form of disease resistance (Chapters 20
and 23). This resistance varies along the same continuum
as susceptibility from very low (susceptible) to very high
(Figure 1.10). In some cases, resistance is so high among
some members of a normally susceptible host species
that no disease is apparent at all. Often, however, resis-
tance or susceptibility within a host species is a matter of
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FIGURE 1.10 Range of resistance responses observed in pea-
nut to Cylindrocladium black rot disease. (Courtesy of Jerald
Pataky. With permission).

degree and is described relative to a standard or average
type. Like pathogenicity and aggressiveness, susceptibil-
ity and resistance are inherited traits. Susceptibility may
also vary with age, growth stage, or the condition of the
plant before infection. Injuries, nutrient excess or defi-
ciencies, and stresses like drought or cold can predispose
the plant to infection or make it more vulnerable to dis-
ease. Conversely, vigorous plants are usually less likely to
become infected or diseased than less healthy ones.

ENVIRONMENT

Often, we think of the environment in terms of physi-
cal (e.g., temperature and moisture) and chemical factors
(e.g., pH and nutrients). However, the biotic environment
also profoundly affects host, pathogen, and disease. The
biotic environment includes insects, nitrogen-fixing bac-
teria, beneficial and antagonistic microbes, competing
pathogens, weeds, earthworms, and many other organ-
isms. The physical characteristics and population density
of plants may also affect the environment. For example,
leaves shade the soil, transpiration increases humidity,
and dense plantings reduce wind circulation, creating
microclimates that can favor pathogen growth and dis-
ease development. Conversely, disease can change the
environment near the infected plant, sometimes making
that environment more or less favorable for further dis-
ease development. For example, defoliation may reduce
shading and result in increased air circulation, whereas
rotten fruits or vegetables may release moisture and
nutrients that promote further infection and decay. Since
disease develops over time, these processes may speed
up, slow down, or even stop as the environment changes.

Each species of plant and pathogen has a range of
environmental conditions that are optimal for growth.
Plants are adapted to nearly every environment on earth,
but all green plants require sunlight, oxygen, water, nitro-
gen, and an array of other essential elements. Likewise,
plant pathogens can be found wherever there are plants.
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In very general terms, plant pathogenic fungi and bacteria
tend to thrive in moist (but not necessarily wet) soil and
high humidity. The environment that favors a disease will
be found within the overlapping range of environments
that favor both the host and the pathogen. Sometimes,
an environment that is best for the plant is likewise very
favorable for the pathogen and thus disease. For example,
high soil moisture and fertility may promote rapid plant
growth, but at the same time encourage pathogen infec-
tion, growth, and reproduction. Conversely, the same
conditions may inhibit both plant and pathogen, so that
no disease develops. For example, plants usually suffer
little disease during dry periods because, like plants, most
pathogens need ample moisture to survive and infect.
Naturally, some pathogens have evolved to thrive in dry
conditions and can take advantage of a drought-stressed
host. Disease often develops when the environment is not
ideal for the pathogen, but is even more unfavorable for
host. For example, seed germination may slow down or
even stop in cold, wet soil. This makes seedlings vulner-
able to infection by a variety of soil-inhabiting pathogens,
even those that prefer or grow optimally at warmer soil
temperatures.

Understanding the dynamic balance between host,
pathogen, and environment is a key to developing sound
disease management strategies. Actions that promote
the general health and resistance of the host, remove or
impair the pathogen, and shift the physical, chemical, or
biotic environment help to reduce or prevent diseases and
the losses that they cause.

Infection

DjSperSaI

Reproduction
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DISEASE CYCLES

Disease develops when a host and a pathogen interact in
a sequential series of events. Because these events recur
over time, they can be envisioned as a cycle, paralleling
to varying degrees of life cycles of the two organisms.
Plant pathologists refer to the continual repeating steps
in the interactions between a host and a pathogen as a
disease cycle. Often, the major stages or steps in disease
development are depicted in a diagram that helps us to
visualize how a disease progresses from beginning to
end (Figure 1.11a and b). Disease cycle diagrams and the
concepts they represent provide an excellent framework
for understanding how disease develops and even how it
can be managed.

In most climatic regions, plants complete a single
cycle of growth, development, and reproduction per year.
Even in tropical regions, plants grow in cyclic patterns
that usually correspond to seasonal changes in the envi-
ronment. Crop plants are mostly cultivated as annuals,
with some notable exceptions, including fruit and tree
crops, so they have a single cycle of growth per year. The
majority of pathogens have the capacity to complete many
life cycles per year, but some are limited to a single cycle.
The number of cycles of disease that occur per year (or
host growth cycle) is one of the most important character-
istics of a particular disease. Monocyclic diseases com-
plete one disease cycle per year (Figure 1.11a). Polycyclic
diseases complete multiple cycles of disease per year
(Figure 1.11b). Disease cycles that repeat or extend over
more than one year are referred to as polyetic diseases.
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FIGURE 1.11  Graphical representation of the most common types of disease cycles. (a) Monocyclic disease, with only one cycle per
plant-growing season. (b) Polycyclic disease, with multiple cycles of disease per plant-growing season. (Courtesy of Arlene Mendoza-

Moran. With permission.)
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Although the specific features of each disease cycle
are unique, some general features are present in all cycles.
Plant growth begins from a dormant stage, for example,
germination of a seed, growth from tubers, bulbs, or vege-
tative cuttings, or bud break in perennial species. Similarly,
pathogens typically start new growth from a dormant stage.
The dormant stage or period of inactivity for a pathogen is
referred to as survival. Pathogens use a variety of strat-
egies and structures to survive periods when the host is
not present or when the environment is not favorable for
growth. Specific strategies for survival by specific types of
pathogens are discussed in Chapters 4 through 17.

Survival structures are a type of inoculum, the part
of the pathogen that can infect a plant. The inoculum that
begins a disease cycle is referred to as primary inoculum
(also known as initial inoculum, overseasoning or overwin-
tering inoculum). Germination or regrowth of the patho-
gen may be dependent on the presence of host exudates
or totally independent of the host. For example, soybean
cyst nematodes require a specific organic molecule exuded
from soybean roots to induce the emergence of juveniles
from the survival cysts. In contrast, production of asco-
spores, the primary inoculum of the Camellia petal blight
pathogen Ciborinia camelliae, is based solely on environ-
mental conditions. Likewise, the pathogen may actively
find the host by swimming or growing toward it or may be
carried passively in air, soil, water, or other agents to the
host. In all the cases, the success of the primary inoculum
in finding, contacting, and infecting a host will determine
whether disease will occur. If the primary inoculum is not
successful in finding a host, then disease will not develop
and no new inoculum will be produced in the next season.
Because monocyclic diseases complete only one cycle of
infection per year, they depend entirely on infections from
primary inoculum. While infection by primary inoculum
is also required for polycyclic diseases, it is less impor-
tant in determining the amount of disease that ultimately
develops, because even a few infections from primary
inoculum can give rise to many cycles of infections during
the year. The chances of finding an infection court, a site
on a host where the pathogen can infect, are very small
for the typical microscopic plant pathogen. Inoculation
of a host occurs when inoculum finds an infection court.
Pathogens compensate for the low chance of success by
any one unit of inoculum by producing very high number
of individuals. The likelihood that the pathogen will find
an infection court may be enhanced by its dispersal mech-
anisms. Pathogens disseminated by wind and rain may
have a very low chance of finding a host, whereas patho-
gens that are disseminated by a vector have a much higher
chance of success. A vector, an organism that transmits a
pathogen, finds the host for the pathogen. Unfortunately,
human activities also inadvertently move pathogens along
with host plants. As we will see, this is the case with many
of our most devastating epidemics, such as the chestnut
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blight that killed billions of chestnut trees in the eastern
United States during the early twentieth century.

If the environment is favorable following inoculation,
infection of the host occurs. Infection is the establishment
of a food relationship between the host and pathogen and
is the second stage of the disease cycle. Pathogens may
infect directly through host tissues, but most use natural
openings such as stomata or wounds in the plant that are
caused by various types of injury. Once infected, all sub-
sequent growth of a pathogen in a host is called coloni-
zation. Pathogens have specific patterns of colonization
within host tissue(s), primarily based on how the patho-
gen obtains nutrients from host cells during pathogen-
esis. Pathogenesis (meaning: origin of suffering) is the
sequence of events that occur during disease development.
As the pathogen colonizes the host, it accumulates nutri-
ents that it uses for growth and reproduction. The capture
of these nutrients from the host takes place over time. The
time between inoculation and reproduction is the latent
period. This period may be shorter or longer than the
incubation period, which is defined as the time between
inoculation and symptom development. For example, pow-
dery mildew fungi often produce new inoculum before any
symptoms are present. Organisms that reproduce on dead
tissue or after symptoms appear have latent periods longer
than the incubation period. Inoculum that is produced on
infected tissue and that is capable of infecting a new host
immediately is termed secondary inoculum. If the inocu-
lum is dispersed to and infects other plants within the same
growing season, it is a polycyclic disease (Figure 1.12a and
b). These secondary cycles of infection can result in dev-
astating epidemics such as the potato late blight epidemic
discussed earlier. Ultimately, the host will die or the envi-
ronment will become unfavorable, slowing and then halting
disease development on the infected plant. Late in disease
development, a pathogen may produce survival structures
that will allow it to remain dormant until the time when
new host plants are again available. The disease cycle is

FIGURE 1.12 Examples of splash dispersed pathogens.
(a) Black spot of rose, with lesions of various sizes; splashing
rain or water disperses spores to other leaves or to neighbor-
ing plants. (b) Leaf symptoms of black rot of grape, showing
multiple generations of infections on the leaf caused by spores
splashing from lesions with active sporulation. (Courtesy of
H.D. Shew.)

[vww.ebook3000.con)



http://www.ebook3000.org

What Is Plant Pathology?

now completed and will start again when all the factors
necessary for the disease occur in the same time and space.

TYPES OF PLANT PATHOGENS

TroPHIC LEVELS

Pathogens can be separated into groups based on their tro-
phic lifestyle; that is, how they obtain nutrients. With the
exception of some parasitic seed plants, all plant pathogens
are heterotrophic, which means they must capture their
nutrients from another organism. Organisms that use live
plant cells as their only source of nutrients are called bio-
trophs. Since they can exist only as parasites, they are also
referred to as obligate parasites. Parasites that obtain their
nutrients from cells that they kill through the production of
toxins and enzymes are called necrotrophs. Although they
feed and reproduce on dead cells, these organisms are not
saprotrophs since they killed the host cells prior to using
them as nutrients. Saprotrophs, on the other hand, have no
parasitic phase and derive nutrients from nonliving sources.
While some necrotrophs can live as saprotrophs when
a susceptible host is not available, others compete poorly
with true saprotrophs or even lack the ability to live inde-
pendently from their hosts. Hemibiotrophs are pathogens
that begin their relationship with their host as biotrophs,
but become necrotrophic in later stages of pathogenesis.
Biotrophic pathogens tend to have narrow host ranges, but
some hemibiotrophs and necrotrophs also have a limited
host range. Some necrotrophs, such as S. rolfsii, have a very
extensive host range, attacking hundreds of hosts across
many plant families. This fungus kills host cells and tissues
by producing a very potent toxin, oxalic acid, and copious
amounts of cell wall-degrading enzymes. This nonselective
strategy of interacting with plants leads to the very wide
host range. Not all pathogen groups fit well into these tro-
phic levels. For example, viruses and viroids do not directly
absorb and metabolize nutrients, so they do not have a true
trophic lifestyle. However, they are obligate parasites in the
sense that they replicate only inside living cells.

FuNnai

Fungi (singular: fungus) are the most abundant group
of plant pathogens. They cause many thousands of dif-
ferent plant diseases, producing a wide range of symp-
tom types, including spots, blights, rots, galls, and wilts.
Fungi belong to the Kingdom Fungi and the branch of
science that studies fungi is mycology. Fungi find and
explore new substrates by vegetative growth via micro-
scopic filamentous threads called hyphae (singular:
hypha). Hyphae are composed of individual fungal cells
laid end to end. Growth occurs at the tips of the hyphae,
or with branching followed by tip growth. When a poten-
tial food source is found, they secrete enzymes that break
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down complex molecules into simple compounds that are
readily absorbed and used for growth, reproduction, and
survival. In substrates rich in nutrients, the fungus can
produce masses of hyphae called a mycelium. Mycelium
may be visible to the unaided eye and sometimes is diag-
nostic. When grown in a sterile culture medium, the
mycelium that forms is called a colony.

Fungi reproduce by the production of spores. Spores
come in many sizes and shapes and play many roles in the
sometimes-complex life cycles of fungi. They allow the
fungus to find new sources of food as wind, rain, or vec-
tors disperse them. Spores are the primary survival struc-
ture for most fungi and give rise to new growth when
conditions become favorable for growth.

Classification of fungi is based on the type of sexual
spore produced. For example, the ascospore is the sexual
spore of the Ascomycota (Chapters 11 through 13) and the
basidiospore is the sexual spore of the Basidiomycota
(Chapters 14 and 15). A large group of fungal plant patho-
gens, the mitosporic fungi (formerly Deuteromycota)
or imperfect fungi, produce only asexual spores called
conidia. These imperfect or mitosporic (Chapter 13) fungi
may lack a sexual cycle entirely or they may reproduce
sexually only under very specific and rare conditions so
that the sexual stage is unknown. Finally, the sterile fungi
do not produce spores at all. These fungi propagate and
survive either as hyphae or in structures made of masses
of hyphae such as sclerotia (singular: sclerotium).

Many plant pathogenic fungi produce both sexual and
asexual spores. Historically, these different spore stages
were each given a distinct genus and species name known
as a Latin binomial. This dual naming system led to the
use of the terms teleomorph for the sexual stage, ana-
morph for the asexual stage, and holomorph for both the
stages. For example, one of the most common plant patho-
gens is known mostly by its anamorph name, Rhizoctonia
solani. The teleomorph and holomorph name for the
organism is Thanatephorus cucumeris, but this name is
rarely used because the organism is observed in its ana-
morph stage most of the time. The dual naming of organ-
isms contradicts the purpose of naming organisms with
a unique Latin binomial, which was to eliminate confus-
ing nonstandard common names, thus allowing people to
communicate more accurately. The confusion caused by
having two names for one organism has led to an effort
to establish one scientific name for all organisms (one
organism: one name), including plant pathogenic fungi.

Fungi are phylogenetically more closely related to
animals than plants. Like plants, fungi have cell walls,
but these walls are made primarily of chitin, which is
also the main component of the exoskeletons of insects
and crustaceans. Unlike animals and vascular plants,
fungi spend most of their life cycle as haploid organ-
isms, meaning they have only one set of chromosomes
in their nuclei. Cells may contain one or more nuclei,
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and cells are separated by the formation of septations.
These hyphae are thus called septate. The septate hyphae
may have characteristic features such as color, branching
pattern, or the presence of distinctive structures, but few
fungi can be identified by hyphal characteristics alone.
Fungi use multiple strategies to survive. As we
have seen, some fungi can survive as saprotrophs in the
absence of a host. Others survive as the same spores found
during pathogenesis and epidemic development, or they
may produce highly specialized survival spores. In some
cases, fungi survive in reproductive structures produced
on or inside living or dead host tissues. Other fungi sur-
vive by producing various kinds of thickened vegetative
cells or clumps of cells, including stromata (singular:
stroma), chlamydospores, and microsclerotia. Sclerotia
are very common vegetative survival structures that may
survive for years in the absence of a host. Under favor-
able conditions, they may germinate directly, producing
mycelium that acts as primary inoculum, or in some spe-
cies they may germinate indirectly to give rise to sexual
or asexual spores that are primary inoculum. Pathogenic
fungi may survive as hyphae in tissues of perennial hosts.
The pathogen begins growth as the host begins a new life
cycle. For example, in Fusiform rust of pine, the fungus
survives vegetatively in perennial galls and produces a
new set of spores on the galls each spring (Figure 1.4b).

OOMYCETES

A group of organisms very similar to fungi in appear-
ance and function are the Oomycota (Chapter 8). These
fungus-like organisms include many important pathogens,
including the late blight pathogen, P. infestans. Important
pathogens in this group include the downy mildews and
members of the genera Phytophthora and Pythium.
Appearance can be deceiving, because this group of patho-
gens may look like fungi, but they are more closely related
to plants than animals. Like plants, these organisms have
cellulose cell walls, but unlike plants, they are heterotro-
phic and obtain their nutrients by absorption. These organ-
isms belong to an entirely different kingdom of organisms,
the Stramenopila. Most organisms in this group produce
characteristic biflagellate swimming spores called zoo-
spores, so they are sometimes called water molds. The
sexual spore is the oospore. Also, unlike fungi, hyphae of
the Oomycota do not generally have septations; however,
septations are found at the base of reproductive structures.
Because the hyphae are mostly nonseptate, cells are multi-
nucleate (coenocytic), and streaming of the cytoplasm and
other cellular contents may be evident upon microscopic
examination. Individual nuclei are diploid (2N), with hap-
loid cells produced only inside sexual structures called
oogonia and antheridia. Oospores germinate to produce
mycelium or they may produce sporangia. These spo-
rangia may in turn bear zoospores or produce mycelium,
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depending on environmental conditions. Some species of
oomycetes produce sexual spores very rarely and some
species produce sporangia but never zoospores. These
pathogens survive using similar structures and strategies
as fungi. Survival structures include oospores, chlamydo-
spores, and hyphae in infected or infested plant debris.

BACTERIA

Plant pathogenic bacteria cause a wide range of symptoms
and diseases in plants (Chapter 5). Common symptoms of
bacterial infection include leaf and fruit spots, soft rots,
cankers, galls, and vascular wilt. Plant pathogenic bacteria
are unicellular prokaryotes; that is, they are organisms
that lack a nucleus and other membrane-bound organelles
such as mitochondria and chloroplasts. Plant pathogenic
bacteria are heterotrophic organisms that attain nutrients
by absorption. They secrete enzymes and toxins to kill cells
and break down potential sources of nutrients. Bacteria are
much smaller than fungi, typically less than 3 pm in length
(a human hair is about 75 um in diameter), and they have
relatively simple morphologies, especially compared with
fungi and nematodes. With few exceptions, plant patho-
genic bacteria have cell walls and are rod-shaped; many
also have one or more flagella arranged in various patterns
on the cell. A mass of bacteria is called a colony, with color,
shape, and morphology of the colony being important
characteristics. Cells are often coated with a slime layer,
and some bacteria produce colonies that appear distinctly
slimy in culture. However, bacteria are very difficult to
identify from their appearance under the microscope or in
culture. Typically, a range of laboratory tests are needed
to identify bacterial species based on their ability to break
down different types of carbohydrates and other nutrients
under different cultural conditions. Sequences of specific
genes are also useful for identification. In addition to the
bacteria that have cell walls, the phytoplasmas and spiro-
plasmas are wall-less bacteria that cause important plant
diseases. These wall-less forms are the only obligate para-
sites among the plant pathogenic bacteria. Most bacteria
are present on host surfaces and are intercellular when
inside the host. They do not penetrate host cells.

Bacteria multiply by binary fission (splitting into
two), with cells dividing rapidly when nutrients are avail-
able. Bacteria do not reproduce sexually, but bacterial
cells sometimes exchange genetic materials through con-
jugation and the transfer of plasmids, which are small
pieces of DNA found inside the bacterial cell. Bacteria
also obtain new DNA and new variability via absorption
of free DNA, transformation, or as a result of movement
from cell to cell via infection by viruses called bacterio-
phages, transduction.

Bacteria require wounds or natural openings to pen-
etrate their hosts. Once inside a host, they reside in the
intercellular spaces and produce many of the same types
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of weapons in pathogenesis as fungi. Unlike many other
types of bacteria, most plant pathogenic bacteria do not
produce survival spores that are highly resistant to heat and
other adverse environments. It is important to note, how-
ever, that spore-forming bacteria living on and in plants
are a major cause of contaminated produce and that their
control is critical for maintaining food safety. Because of
their small size and lack of specialized survival structures,
plant pathogenic bacteria have evolved somewhat different
survival strategies than eukaryotic plant pathogens. Plant
pathogenic bacteria typically survive in groups of cells in a
biofilm. The biofilm is secreted by the bacteria and protects
them from harmful external factors. It also allows the bac-
terial cells to communicate effectively and sense when it is
appropriate to initiate life cycle events such as attempting to
infect a host. Bacteria survive in vectors, or in biofilms as
epiphytes, in host plant debris, in and on seeds, or in soils.

NEMATODES

Symptoms caused by plant parasitic nematodes include
wilting, yellowing, stunting of entire plants or organs,
root or leaf lesions, and galling (Chapter 6). Nematodes
are unsegmented roundworms of the phylum Nematoda.
Most nematodes are free-living saprotrophs or predators,
but many are also important animal or plant parasites.
All plant parasitic nematodes are biotrophs; they must
feed on living plant cells in order to obtain nutrients.
Nematodes have specific feeding habits, feeding either
as ectoparasites, from outside the host, or as endopara-
sites, from inside the host. Ectoparasites and endopara-
sites may be either migratory, moving from cell to cell,
or sedentary, staying in one place once a feeding site is
established. Most plant parasitic nematodes feed on the
roots of plants, but there are some genera that feed on
leaves and at least one genus feeds in the xylem of trees.

Nematodes are identified based on their morphologi-
cal features, as they are readily observed with a low-power
microscope. They range in size from 300 um to almost
4000 ym (4 mm) in length. Many nematodes are long
and slender, but some are sausage-shaped and others take
on a globose appearance as they mature. Typically, male
and female nematodes mate to produce eggs, referred to
as amphimitic reproduction, but in some species females
can produce viable eggs without mating, a process known
as parthenogenesis. All nematodes produce eggs, and
the juveniles differentiate and undergo a molt before
hatching. The second-stage juvenile, which emerges
from the egg, is the first infective stage. Three additional
molts occur as the nematode grows and matures. All
plant parasitic nematodes have a hollow protrusible sty-
let that they use to penetrate host cells and obtain nutri-
ents. Various enzymes, toxins, and growth regulators
are injected into the host cell during feeding. Although
they are biotrophic, migratory nematodes may kill host
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cells during feeding. In contrast, sedentary feeders must
repeatedly feed from the same cells over extended peri-
ods without killing them.

Nematodes may have specialized survival structures
or stages. Nematodes may survive as eggs, as quiescent
or resting larvae, or as adults. Cyst nematodes survive as
eggs inside the hardened body of adult female. The wheat
seed gall nematode can survive for many years living in
a desiccated state inside a wheat seed.

VIRUSES

Viruses are noncellular entities that do not directly absorb
and metabolize nutrients (Chapter 4). However, they are
obligate parasites in the sense that they depend entirely
on living host cells for the basic materials and cellular
mechanisms necessary for their replication. Viruses can
replicate only inside living cells. Viruses cause some of
the most devastating diseases of plants. Many symptoms
caused by viruses, including wilting, yellowing, necrosis,
stunting, and lesions, are similar to those caused by other
pathogens. Viruses also cause symptoms that are distinc-
tive, including color breaking, mottles, ringspots, vein
clearing, and unusual patterns of plant growth.

Viruses are very small (measured in nanometers) in
comparison with other pathogens discussed earlier. Virus
particles are only visible by electron microscopy and may
be rod-shaped, filamentous, or bacteria-like, or have a
geometric three-dimensional form (isometric). Individual
virus particles are called virions and are composed of
either RNA or DNA surrounded by a protein coat (capsid).
Viruses are classified based on the organization of their
genome, the shape of the particle, and their natural means
of transmission and host range. Depending on the virus spe-
cies, the DNA or RNA can be single- or double-stranded
and the synthesis of new nucleic acid may proceed in either
a positive or negative direction. Single-stranded RNA spe-
cies are the most common viruses in plants. In addition,
the virus genome may be organized as a single strand or
it may be multipartite, that is, broken up into two to four
separate pieces. Virus species are given descriptive names
rather than Latin binomials. Species are named for the host
on which they are originally described, then by the most
common symptoms associated with the virus, and then the
word virus. For example, tomato spotted wilt virus was first
observed on tomato, the primary symptoms are spots and
wilt, and it is a virus. Virus names are commonly made
into acronyms, for example TSWV for tomato spotted wilt
virus. The host range of viruses varies greatly from a few
species to many hundreds, and the host for which the spe-
cies is named may not be the host most severely affected.
Dispersal of viruses, with the notable exception of tobacco
mosaic virus, is highly dependent on a specific relationship
with a vector. The types of vectors vary with the virus, but
insects are the most common vectors. Among insects, the
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most common vectors are aphids and whiteflies. Noninsect
vectors include mites and plant parasitic nematodes, fungi,
and plants. Viruses have very limited survival capacity
once outside of its host or vector, so survival is typically in
their host, in alternative perennial or annual hosts (includ-
ing weeds), or in their vectors. These alternative hosts or
vectors serve as primary sources of inoculum for epidemics
caused by viruses, as do propagative materials like tubers
and cuttings.

PArASITIC SEED PLANTS

The vast majority of plant species are autotrophs, that is,
they produce their own food by photosynthesis, but some
species have evolved as parasites of other plants (Chapter
17). In addition to the presence of the plant itself (signs),
symptoms of infection with parasitic seed plants include
yellowing, poor growth, stunting, wilting, swellings or
galls, and excessive branching known as witches’ brooms.
Parasitic plants either lack roots entirely or produce highly
modified roots that penetrate the host in order to obtain
its nutrients. The common true mistletoes infect the stems
of trees but produce their own chlorophyll. They rely on
the host plant only for mineral nutrition and water. On the
other hand, dwarf mistletoes absorb minerals, plant nutri-
ents, and water from the stems of their conifer hosts, greatly
reducing the tree’s productivity. They also stimulate the
formation of witches’ brooms and other growth abnormali-
ties. Species of the vine dodder are very common parasites
on stems of both herbaceous and woody plants. Most cause
little harm, but others can result in extensive overgrowths
and damage to plants. Dodders can also vector certain plant
viruses. Some parasitic plants, including witchweed and
broomrapes, attach to host roots and use the host’s nutri-
ents for their own development. These plants have wide
host ranges, which include important crop species such as
corn, sorghum, beans, cowpeas, and other legumes. These
parasites can be devastating to yield and productivity and
can be particularly difficult to control.

Parasitic seed plants reproduce by producing flow-
ers and seeds. As with other higher plant species, they
are separated into groups based on their morphology
and phylogeny. Parasitic seed plants generally survive as
seeds. The seeds are adapted to be dispersed by a vari-
ety of mechanisms, including forcible discharge in dwarf
mistletoes, and dispersal by birds and other animals in
the case of true mistletoes. Other species of parasitic
plants are very prolific producers of seeds that survive in
soil until a susceptible host is grown.

DISEASE DIAGNOSIS

Earlier in this chapter, we defined disease as a condition
detrimental to the normal development of a plant result-
ing from the continuous interaction between the plant
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and a causal agent leading to the production of symp-
toms. We can use this definition to look at how diseases
are diagnosed (Chapter 30).

Diagnosis begins with observation of the entire plant,
including the roots. The diagnostician must first identify
the plant and know the characteristics of a normal plant
of the same species and variety. This can be a daunting
task, considering the thousands of plant species and vari-
eties under cultivation around the world. As we saw with
color breaking in tulips, an unusual plant type may be
inherited genetically or may be the symptom of a dis-
ease. On the other hand, symptoms such as stunting can
be subtle and hard to distinguish without the knowledge
of normal plant appearance and development.

As the diagnostician examines the plant, they look for
symptoms and signs. Signs are usually highly diagnostic
of a particular disease because they immediately point to
the pathogen. Some symptoms are so diagnostic that no
further investigation is needed. More commonly, however,
individual symptoms are only clues. For example, wilting
is a symptom of many diseases, which can only be distin-
guished by checking for additional symptoms like root rot-
ting or vascular discoloration or by attempting to culture
the pathogen.

Observations or information about the location and his-
tory of the problem are equally important. This information
will help the diagnostician to separate diseases (resulting
from a continuous interaction) from injuries and disorders.
The diagnostician must consider the setting: where was
the plant growing and how was it cultivated? How quickly
did the symptoms appear and where are they distributed in
the field, greenhouse, or landscape? As diseases are conta-
gious, we expect them to increase over time and appear in
clusters or clumps. In contrast, disorders often develop very
quickly and tend to affect all of the plants in an area. Recent
weather, for example, rainfall, temperature, cloudy periods,
humidity, and frosts, must be considered. Warm, humid
periods are ideal for many blight diseases, but rapid death
of tender leaves could also indicate a recent frost. Taken
together, the recognizable associations of signs, symptoms,
timing, location, and history constitute a syndrome or sig-
nature that is typical of a particular disease.

Because any plant species is host to only a limited
number of pathogens, it is possible to narrow the range
of possible causal agents to a fairly manageable few once
the signs, symptoms, and history have been investigated.
A host index, such as the U.S. Department of Agriculture
Fungal Database (http:/nt.ars-grin.gov/fungaldatabases/),
lists all the hosts on which a pathogen has been identified,
and most are searchable by host or pathogen. The host
index can help to guide the diagnostician as they consider
whether additional culturing or diagnostic tests are nec-
essary to identify the causal agent.

When signs are not visible, the affected parts of the
plants may be checked microscopically for evidence of the
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pathogen. Often, the diagnostician can observe the myce-
lium of fungal or bacterial cells but cannot find spores or
other identifying characteristics. In those cases, the diag-
nostician can attempt to obtain pure cultures of the organ-
ism in order to identify it or perform additional diagnostic
tests.

Although signs and other direct evidence of a patho-
gen strongly indicate it as the causal agent, it is important
to consider whether the pathogen identified agrees with
all the other observations that have been made. The diag-
nostician should consult reliable references that describe
the disease and verify that the observations fit published
descriptions before making the final diagnosis.

Often, the exact cause of a disease cannot be deter-
mined with certainty. Sometimes, critical information is
lacking. It may not be possible to culture the pathogen,
either because it is an obligate parasite or because it has
died. In other cases, a potential pathogen can be identified,
but the symptoms or other observations do not match those
described as being caused by the organism in question.
Finally, an organism may be positively identified, but not
previously described as a pathogen on the host. In that case,
the diagnostician may decide to perform Koch’s postulates
in order to confirm the organism as the cause of the disease.

KocH’s PostuLAaTEs—How WE DETERMINE
THE CAUSE OF A DISEASE

In the 1870s, the scientist Robert Koch began a series
of experiments that would change the science of

Plant showing
symptoms

Infected leaves
are sampled

Symptoms develop and
match original
symptoms

Organism is
reisolated onto
growth medium

Cultures are compared to confirm
the causal agent of disease
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pathology. From the 1850s to the 1870s, many scientists
conducted scientifically sound experiments to prove the
germ theory of disease in plants. In the 1860s, Louis
Pasteur completed his famous experiments showing that
microbes developed on boiled substrates only if they
were exposed to air after boiling. This work conclu-
sively disproved the theory of spontaneous generation.
However, there was still no widely accepted standard of
proof that a specific microbe caused a specific disease.

Koch worked with anthrax, a lethal disease of sheep.
He was able to see the bacteria in the blood of infected
animals and not in healthy animals. He was also able to
initiate disease in healthy animals by injecting them with
blood from infected animals. But the question remained:
how could he prove that there was not something else in
the blood of the infected animals that caused anthrax?
He needed reliable methods to isolate the bacterium from
the blood of the infected animals by growing it in pure
culture, free of all other organisms. He could then intro-
duce the purified pathogen into healthy animals and see if
disease developed. As momentum increased for studying
the importance of the microbial world, Koch and others
developed improved techniques for isolating and grow-
ing organisms in pure culture. In 1876, Koch published
his results and developed the germ theory of disease for
anthrax. In the early 1880s, he developed a set of rules
known as Koch’s postulates (Chapter 31). These postu-
lates are now used as a guideline for establishing proof of
pathogenicity; that is, proof that a specific pathogen is the
cause of a specific disease (Figure 1.13).
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FIGURE 1.13 Diagram of the steps involved in Koch’s postulates. These four steps are used to demonstrate that a specific organism
causes a disease. Modifications of these steps are needed for pathogens that cannot be cultured. (Courtesy of Arlene Mendoza-Moran.

With permission.)
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The postulates are as follows:

1. There must be a constant association between
the presence of the pathogen and the disease.

2. The pathogen must be isolated into pure culture
from the symptomatic host.

3. The pathogen must be inoculated into a healthy
host of the same species or variety and the origi-
nal symptoms reproduced.

4. The pathogen must be reisolated from the
inoculated host and be identical to the original
pathogen.

It is important to note that Koch’s postulates are guide-
lines for the proof of pathogenicity and must be modified
somewhat when applied to those pathogens that can-
not be grown in pure culture. In those cases, the patho-
gen is grown on host plants and not in sterile medium.
Interestingly, this is the approach taken by deBary in con-
firming P. infestans, which is very difficult to culture, as
the cause of late blight of potato.

IMPACTS OF PLANT DISEASE

Plant diseases have wide-ranging impacts on plants and the
organisms that depend on them for their existence. There
are many examples of disease in natural and agroecosys-
tems that have had devastating consequences for humans.
In general, plant diseases matter to humans because they
(1) make food scarce, sometimes to the point of malnutri-
tion or even famine; (ii) increase the cost of food and other
products due to yield losses or increased production costs;
(iii) make products dangerous for consumption by pro-
ducing toxins; (iv) damage natural habitats; (v) reduce the
esthetic value of produce, flowers, trees, and other plants
and plant products; (vi) degrade environmental quality
due to loss of key species or some methods of disease
control; and (vii) inhibit trade in plant products due to the
threat of pathogen movement across geographic or politi-
cal boundaries. Although not all diseases are dramatic in
their effects on plants, most cultivated plants have impor-
tant diseases that must be managed each year to prevent
some of the problems described earlier.

Occasionally, plant diseases are beneficial to humans.
For example, corn smut produces edible galls that are
highly prized in Mexican cuisine, while certain fungi
produce beautiful grains and staining patterns in wood
products. In some cases, plants are deliberately inocu-
lated with plant pathogens or managed so that the desir-
able or beneficial product will be produced.

As we have already seen, plant diseases develop only
when all elements of the disease triangle, host, pathogen,
and environment, come together at the same time and
place. New diseases may occur when host or pathogen
is introduced in a new place for the first time. On the
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other hand, existing diseases can become important or
reemerge when one element of the existing disease trian-
gle changes or shifts. What factors lead to these changes
and subsequent impacts? Why do some diseases cause
extensive losses and others remain minor or unimport-
ant? If we focus on the disease triangle, it is clear that
some of our most important epidemics have come about
by a significant and often abrupt change in the balance
between pathogen, host, and environment.

Exotic PATHOGENS

Worldwide, many of the most devastating epidemics
come about after the introduction of an exotic pathogen.
An exotic pathogen is one that is introduced into a new
geographic area. Of course, the presence of this pathogen
becomes noticeable only when it finds a susceptible host,
growing in an environment also favorable for the patho-
gen. This new host is often a relative of one of the patho-
gen’s established hosts; likewise, the plant may already
be host to a closely related species of the pathogen. In
these cases, host and pathogen have coevolved through
a kind of trench warfare, in which each has developed
defensive and offensive strategies that keep each partner
partially at bay. However, the exotic pathogen may be
extremely aggressive on its new host and the host highly
susceptible to the exotic pathogen because these partners
have not evolved together. The list of epidemics caused
by exotic pathogens is a long one, with examples pres-
ent on all continents and across all pathogen types. In
most cases, people inadvertently introduce these patho-
gens. Well-known examples of epidemics caused by
exotic pathogens include late blight of potato, chestnut
blight, white pine blister rust, Dutch elm disease, Jarrah
dieback in eucalyptus and other species, downy mildew
of grape, fire blight of apple and pear, citrus canker, plum
pox virus, dogwood anthracnose, Camellia petal blight,
and many others. These exotic pathogens, along with
numerous insect pests, are the principal justification for
establishing regulations and plant quarantine laws by all
countries.

An excellent example of an exotic pathogen that
resulted in total devastation of a host is the chestnut blight
pathogen, Cryphonectria parasitica, which was brought
into the United States. The American chestnut was the
dominant tree in the eastern half of the country and was
very important in many aspects of the economy. It has
been said that the chestnut tree was used in rural moun-
tain areas from the cradle to the grave. The wood was
used not only for building houses and furniture but had
many other uses because of its resistance to decay. The
same tannins that made the wood resistant to decay were
extracted and used in leather tanning. Chestnut trees were
an abundant source of nuts for humans and wildlife. The
chestnut blight epidemic destroyed billions of chestnut
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trees from Georgia to Maine and changed Eastern forests
forever. What happened?

Cankers from chestnut blight were first observed
on trees in the New York Zoological Gardens in 1904.
Within just 4 years of the original observation, the dis-
ease was present in multiple states in the Northeast, and
within 10 years, it was widespread throughout the north-
eastern states and as far south as North Carolina. All
efforts to stop the spread were ineffective. Over 4 billion
trees were lost in less than 30 years, and the American
chestnut population was destroyed by the early 1950s.
The pathogen does not kill roots, so young trees that
develop from root sprouts can still be seen occasionally,
only to be killed by the pathogen that is now endemic in
eastern U.S. forests.

The pathogen was most likely introduced in many
locations in small cankers on Japanese and Chinese
chestnuts, which have coevolved with the pathogen and
are not severely damaged by it. The disease was not
reported on Chinese chestnuts until 1913, well after the
disease had become epidemic in the United States. In
contrast, C. parasitica found a highly susceptible host in
the fast-growing American chestnut, which had natural
growth cracks that served as ideal infection courts for
both wind- and rain-dispersed spores. Casual vectors,
such as birds that picked up spores on their feet, also
moved the pathogen. The pathogen thrived in a highly
favorable environment, uninhibited by host resistance or
natural antagonists.

Chestnut blight is one of three major diseases that
led to the passing of the Plant Quarantine Act of 1912,
which was intended to prevent further catastrophes like
chestnut blight. The disease changed the composition of
eastern hardwood forests and changed the way of life
for many people who depended on the tree. There are
extensive efforts to breed resistance to the blight patho-
gen into American chestnut, with seedlings now planted
in natural forests to determine whether they will be able
to survive.

Exotic Hosts

Sometimes new diseases result when a new host is intro-
duced into an area where it finds a pathogen in wait. This
exotic host completes the disease triangle, but its impact
is usually not as devastating as observed with exotic
pathogens. For example, when the Dutch introduced a
New World (Americas) crop, tobacco, into Indonesia in
the 1860s, the crop thrived until it was planted in an area
on the island of Sumatra where a new disease developed.
This root and crown rot disease, caused by the oomycete
Phytophthora nicotianae, was described in 1896 and
named black shank. The black shank pathogen was even-
tually spread on tobacco back to the Western Hemisphere
and then to most tobacco-producing areas of the world.
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If tobacco had never been introduced to Sumatra, it is
possible that millions of dollars of annual losses to black
shank would have been avoided. A change in the host
itself may result in a drastic change in its response to a
pathogen. An excellent example of this occurred in the
hybrid corn crop in the United States during the late 1960s
and early 1970s. Hybrid corn is grown because yields are
higher and hybrid plants are more vigorous than their
inbred parents, a phenomenon known as hybrid vigor.
Production of hybrid seed requires a male and female
parent, with the female inbred line being pollinated with
pollen from the desired male line. In corn, this meant that
the pollen-bearing tassels of female (seed-bearing) plants
had to be removed to prevent self-pollination. This was
accomplished by hand detasseling, a very labor-intensive
job. Plant breeders took advantage of the discovery of a
cytoplasmically inherited trait that caused male sterility.
A seed parent with male sterile cytoplasm did not have to
be detasseled. The Texas cytoplasmic male sterile (Tcms)
trait was soon used in almost all seed corn produced in
the United States. While the nuclear genes varied in the
corn varieties planted from Florida to Wisconsin, their
cytoplasm was identical. This genetic uniformity in the
cytoplasm was about to spell disaster for the corn crop in
1970. What happened?

Southern corn leaf blight, caused by Bipolaris may-
dis, was a minor disease of corn in the 1960s. Year-
to-year losses varied slightly, but the disease was not
considered to be a severe threat to corn. In the late 1960s,
localized areas of unusually severe disease caused by
this organism were observed. When an early season epi-
demic began in Florida in 1970, one of the worst epidem-
ics in the history of U.S. agriculture was afoot. All the
elements of the disease triangle came together to cause a
severe epidemic that year. The environment was highly
favorable for southern corn leaf blight throughout the
entire summer, and several hurricanes helped to spread
inoculum up from the South through the Corn Belt. The
epidemic spread throughout most of the U.S. corn crop,
with losses exceeding a billion dollars (about $6 bil-
lion in 2013 dollars). The epidemic sent the seed corn
industry into a crash program to breed inbred corn lines
without the Tems trait before the next season. Within 2
years, Tcms was gone from corn germplasm sold in the
United States.

The genetically uniform host had been selected for
a variant in the pathogen population that was highly
aggressive on corn that carried the Tcms trait. This
pathogen variant, race T, produced a toxin that specifi-
cally recognized and acted on a cytoplasmic trait asso-
ciated with Tcms. This type of recognition is common
with host-specific toxins produced by some fungi. The
southern corn leaf blight epidemic uncovered the genetic
vulnerability of a major food crop and forever changed
our perceptions of the hazards of genetic uniformity. The
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epidemic demonstrated the importance of cytoplasmic
inheritance of traits and clearly showed how a minor
pathogen could cause a devastating epidemic when a sus-
ceptible host selects for variants in the pathogen popula-
tion. As discussed in Chapters 23 and 26, strong selection
pressures such as host resistance genes and site-specific
fungicides result in significant shifts in pathogen popula-
tions and increased disease, but this epidemic illustrated
that host factors other than disease resistance genes could
also have significant impacts on the pathogen and thus
disease.

ENVIRONMENT

Even when a host and pathogen are well established in
the same place and time, disease will not develop with-
out a favorable environment. People have long recog-
nized that environment plays a role in disease outbreaks,
even attributing disease itself to bad air (miasmas) or
to excess rain in the days before the germ theory was
established. As already discussed, late blight of potato
became especially severe in the cloudy, wet summers of
the mid-1840s in Ireland and Northern Europe. Likewise,
the wet summer of 1970 contributed to the severity of the
southern corn leaf blight epidemic of that year. Because
of the importance of environment on disease, epidemics
of some diseases are very sporadic, with no or minimal
disease observed in a season following a severe epidemic.
Sclerotinia blight of rapeseed in the Northern Great
Plains provides an excellent example of how the envi-
ronment impacts host and pathogen in disease dynamics.
The fungal pathogen Sclerotinia sclerotiorum survives in
soil as sclerotia, and when soil is cold and saturated for
extended periods of time, the sclerotia germinate to pro-
duce tiny mushroom-like structures (apothecia) that pro-
duce millions of ascospores. Ascospores infect flowers,
so disease is severe when the environment favors simul-
taneous production of ascospores of the pathogen and
blooming of the host. Disease problems are minimal if
the environment is unfavorable, and the infection court is
not present when inoculum is produced. The reliance of
this and many other epidemics on specific environmental
conditions often allows plant pathologists to forecast or
advise growers of potential disease outbreaks based on
weather. Growers can then take steps to prevent disease
losses through spray programs and other management
strategies.

Although we often think of environment in terms
of weather, the cultural environment also plays a very
important role in disease development. Rotation, till-
age, fertility, irrigation, planting date, pruning, and
harvesting are examples of cultural practices that may
influence disease development. A change in cultural
practices can lead to unexpected changes in the balance
between host, pathogen, and environment, leading to
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serious outbreaks of diseases that were of lesser impor-
tance previously.

An excellent example of how favorable weather
in combination with a change in cultural practices led
to major epidemics is seen with Fusarium head blight
(FHB), or scab, of wheat and barley in the Upper Midwest
of the United States in the 1990s. Although epidemics of
this disease had been somewhat common earlier in the
twentieth century, scab was considered a minor disease
and attracted little interest in the years leading up to the
1990s. All of this changed with a devastating epidemic in
1993 and outbreaks that continued through 1997. Direct
losses of over a billion dollars (more than $1.6 billion in
2013 dollars) and additional indirect losses of $4.8 billion
were attributed to FHB in 1993, one of the greatest losses
caused by a plant disease in North America in a single
year. An estimated 70 million tons of barley were lost in
the 1993 epidemic alone, and an estimated 100 million
acres of wheat and barley were affected. In addition to
yield losses, FHB results in contamination of the grain
with a toxin called deoxynivalenol (DON). Contaminated
grain is hazardous to humans and animals and leads to
feed refusal, particularly in swine. Therefore, animal
feed, grain, and flour are monitored for DON contami-
nation, and rejection of contaminated products results
in losses in addition to gross yield losses. Infected grain
can continue to produce DON during malting, posing a
health hazard and causing excess foaming (gushing) in
beer. Epidemics were especially severe in the Red River
Valley of the Dakotas and Minnesota, and many farmers
faced foreclosure and bankruptcy.

FHB is commonly caused by the fungal patho-
gen Fusarium graminearum, although other species of
Fusarium can also cause head blight. The host range of
F. graminearum includes wheat, barley, corn, and other
grain and grass species. The fungus overwinters on the
debris of previous crops and produces asexual spores
(macroconidia) on the overwintered debris. These mac-
roconidia are one source of primary inoculum. Under
relatively warm, wet, humid conditions, the overwintered
fungus also produces sexual structures (perithecia) that
bear ascospores. The conditions that favor ascospore pro-
duction also favor infection and colonization of the host.
Both the splash-borne macroconidia and the wind-blown
ascospores can infect the grain head during flowering.
Under favorable conditions, colonization continues, and
depending on the time of infection, infected florets may
produce no seed at all, produce a shriveled grain called
a tombstone, or produce normal-looking seeds contami-
nated with DON.

The spring and summer of 1993 were extremely wet
in the Red River Valley. Rainfall was 250%—-600% of
normal in that year. In addition, in typical years, rainfall
accumulation is greatest in June, before plants produce
heads and florets, and July is fairly dry. In 1993, however,
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rain continued in July, during the entire period of flower-
ing and grain fill. Although less extreme, above normal
rainfall patterns continued during the mid-1900s along
with continued outbreaks of FHB. Cultural changes also
played a major role in the scab epidemics of the 1990s.
Traditionally, grains were produced with clean tillage,
meaning that weeds and crop debris were buried by use of
plowing, disking, and other tillage operations. However,
with the advent of better herbicides and soil conserva-
tion programs, growers began to adapt conservation or
minimum tillage practices. These practices are benefi-
cial to soil, but they also result in increased amounts of
debris on the soil surface, which may be colonized by the
pathogen. In addition, production of corn, which is also
a host of F. graminearum, began to expand into wheat
production areas. Corn debris is more resistant to break-
down than debris from wheat and other small grains, also
resulting in an increase in overwintering inoculum due to
a change in the cultural environment.

FHB continues to cause losses to grain crops in the
United States, Canada, China, and other countries. As
a result of the epidemics of the 1990s, a major effort to
develop management strategies and tactics was under-
taken in the United States. This scab initiative emphasizes
breeding for resistance to both FHB and DON accumu-
lation. In addition, risk assessment tools and weather-
based FHB alerts are available to growers throughout the
affected areas, so that they can identify periods when the
environment favors outbreaks of FHB.
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2 Laboratory Skills

Safety and Preparation of Culture
Media and Solutions

Robert N. Trigiano and Bonnie H. Ownley

CoNcEPT Box

e Laboratory safety is very important. Specific rules are in place to prevent most accidents and should be practiced
at all times.

* Preparation of culture media requires the following three steps: combining the ingredients, sterilizing the medium

(typically by autoclaving), and dispensing the media into suitable vessels such as Petri dishes or flasks.

* Heat-liable materials in solutions, such as antibiotics and amino acids, may be sterilized by filtration.

¢ Knowledge about how to make molar, normal, and buffer solutions are necessary for proper experimentation.

Laboratories are an integral part of any science-based
learning experience as they are wonderful opportunities
to reinforce the ideas presented in lectures and to develop
research and critical thinking skills. If done properly,
laboratory exercises can be used as occasions to improve
organizational, collaborative, and written skills as well.
The lessons learned by participating and completing lab-
oratory experiments provide great benefits to students as
the exercises help to prepare them to undertake advanced
undergraduate and graduate studies. Obviously, we strongly
believe that experiential learning is an important facet of
instruction in plant pathology as most of the chapters in this
book include laboratory exercises. Fortunately, for many
students, most introductory plant pathology courses have
incorporated some form of laboratory-based learning.

In this chapter, we will focus on three primary areas
in laboratory work, namely safety, preparation of culture
media, and preparation of solutions. We will not explore
all possibilities and specific research techniques as these
are adequately represented in the individual chapters of
this book and do not warrant additional explanations.
However, there are certain common elements to all
experiments that bear discussion. We have assumed that
most students have had limited exposure to laboratory
work, and hence, we will start from the beginning.

The first consideration to any laboratory experi-
ence is safety. Each experiment presents its own safety
concerns, but there are a few general precautions that

apply to all situations. By following these basic rules,
students may have a safe and productive experience.
We suggest that the safety officer of the unit be asked to
conduct a safety presentation for the class and/or that,
if available, students should be strongly encouraged to
take training in chemical and biological safety offered
by their institution.

Before the first laboratory exercise, students should
be instructed to

e Wear appropriate clothing and shoes. Open-
toed shoes are not permitted in the laboratory.
Long-sleeved shirts and long pants provide
some protection for your skin and should be
worn if working with chemical hazards. Lab
coats also provide protection and are strongly
recommended.

* Remove all jewelry before lab starts and store
them in a secure place.

» Eating and drinking are not permitted in the
laboratory. Food for human consumption should
never be brought into the laboratory.

* Do not apply cosmetics or handle contact lenses
while in the laboratory. Chewing gum or use
of any tobacco products is strictly prohibited.
Leave all books (except your laboratory note-
book), coats or jackets, and hats outside of the
laboratory.
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* Consider constraining long hair, so that it does
not get in your way.

* Never pipette anything, even distilled water, by
mouth. Mechanical pipetting devices must be
used.

* When leaving the lab for the day, wash hands
with soap and water.

The instructor should complete the following on the first
day of laboratory work:

* Give a tour and demonstrate the safety fea-
tures of the laboratory, including eye protec-
tion (against hazardous solutions and UV light),
emergency showers and eyewashes, fire extin-
guishers and alarms, and emergency phone
numbers. The instructor should also outline the
evacuation plan for the laboratory in case of an
emergency, such as a chemical spill.

* Provide the location of the emergency first
aid kit.

» Reinforce the idea that students should not work
alone in the laboratory.

* Explain and demonstrate the use of acetoni-
trile gloves and under which situations they are
needed. Never reuse gloves and never wear your
gloves outside of the laboratory.

* Explain and demonstrate how to safely dispose
of hazardous waste materials and sharp objects
(needles, scalpels, etc.).

* Show students how to prepare a label for sec-
ondary storage (not the original container) of
chemicals and solutions. The label should con-
tain the following information: name, date, con-
tents, and any specific hazard associated with
the contents of the bottle.

* Provide an explanation of the “Right to
Know” law in regard to any hazards associ-
ated with materials and procedures in the
laboratory.

* Provide an explanation of Material Safety Data
Sheets (MSDS) and how to use this informa-
tion, including how to read the hazard codes
on chemical bottles. A chemical hygiene plan
should also be available for the laboratory.

» Explain the purpose and demonstrate the proper
use of chemical fume hoods, biosafety cabinets,
and laminar flow hoods.

* Demonstrate how to clean up liquid and solid
chemical spills or contamination.

e Explain how to work with open flames
(alcohol lamps and Bunsen burners) in the
laboratory.

» Explain the hazards of handling items stored at
low temperatures (—20°C and —80°C).
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* Explain why it is necessary to report all acci-
dents immediately to the instructor and seek
medical attention if necessary.

We suggest that after completion of the safety presenta-
tion, each student sign and date a document that states
that they have completed safety training for the labora-
tory. This should be filed as part of the safety training of
students for the laboratory class.

Now that you are familiar with some basic safety mate-
rials and procedures, we will discuss preparation of culture
media for growing microorganisms. Most of the organ-
isms that will be used in the laboratory can be cultured on
various artificial solidified (agar) or liquid nutrient media.
There are generally four steps in the preparation of media:
(1) measuring and combining the constituents, (2) steriliza-
tion, (3) dispensing culture medium into suitable contain-
ers, and (4) short- or long-term storage of culture media.

PREPARATION OF CULTURE MEDIUM—
STEP 1: COMBINING INGREDIENTS

Many media are used in plant pathology, and several of
them are commercially available as dehydrated agar- (a
solidifying agent) or broth-based preparations. A com-
monly used base medium (notice that the singular form
uses “ium” instead of “ia”) for fungi is potato dextrose
(PD) (= glucose, a simple sugar). Potato dextrose agar
(PDA) is very simple to prepare from a purchased pow-
dered product and typically contains 4 g potato infusion
(primarily starch), 20 g dextrose, and 15 g agar.

MATERIALS

Each student or team of students will need the following
items:

e Commercially prepared PDA and PD broth

e Agar

» Top loading balance, spatula, and plastic weigh
boats

e 1-L graduated cylinder

e Several 1-L Pyrex bottles with caps

 Distilled or deionized water

 Stir plate with magnetic stir bars

* Autoclave tape

e Permanent marking pen

e 125 cc (mL) rice or oat grains

e 250-mL graduated cylinder

e Aluminum foil

Follow the instructions in Procedure 2.1 to prepare
media.
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Procedure 2.1
Preparation of Culture Media
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Step Instructions and Comments
A. Solid Culture Medium
1 Weigh 39 g of powdered PDA preparation into a large plastic weigh boat using a top loading balance. Clean

up any spilled materials and never return unused or spilled materials to the stock bottle.

2 Combine the powder with 1 L of distilled water in a glass Pyrex bottle and stir for few minutes to dissolve the
sugar and potato infusion—the agar will not dissolve.
3 Label the bottle with “PDA,” your name, and date, and place a small strip of autoclave tape on the bottle
(Figure 2.1). Lastly, place the cap on the bottle loosely—do NOT tighten the cap completely.
B. Liquid or PD Broth Medium
1 Weigh 24 g of PD broth (without agar) in a large weigh boat and dispense into 1 L of distilled water. Stir the
preparation until all of the powder is dissolved.
2 Label the bottle as before.
C. Dilute Formulation of PDA, Such as 0.1 PDA
1  Weigh 2.4 g of PD broth (without agar) in a small weigh boat, dissolve completely in 1 L of distilled water,
and then add 15 g of agar.
2 Clean up the balance and label the bottle with the same information as with the PDA.
D. Water Agar
1 Dispense 15 g of agar into 1 L of distilled water and label the bottle as before. Mix, but note that the agar will
not dissolve at room temperature.
E. Rice or Oat Grain Culture Medium
1  Dispense about 150 cc or mL of rice or oat grains into a wide-mouthed 1-L flask. Add 125 mL of distilled water.
Cap the flask with aluminum foil. Other grains can be used and the amount of water may need to be adjusted.
PREPARATION OF CULURE MEDIA—
STEP 2: STERILIZATION
The media are now ready to be sterilized. Water and other
ingredients that are used to prepare media always contain
living microbes in the form of either bacterial cells or
fungal hyphae and spores (bacteria or fungi), and these
will grow unabated in media if not destroyed. In plant
pathology, we need to have axenic (without a stranger) or
pure cultures of organisms used in our studies. In other
words, we only want our organism of interest to be pres-
ent. However, there are instances where there is a need to
have two or more organisms in the same culture, but that
will not be discussed here.

The most frequently used option for sterilizing agar
media, liquids, glassware, and instruments is by auto-
claving at high temperature and pressure. There are
times when certain heat-liable compounds (antibiotics,
amino acids, plant growth regulators, fungicides, etc.)

FIGURE 2.1 Label on medium bottle including type of will need to be sterilized using a filter with small pores

medium (PDA), name, and date. (Courtesy of R.N. Trigiano.)

(0.22- or 0.45-um diameter) that exclude contaminating
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organisms. Heat sterilization of instruments and glass- * Access to autoclave gloves

ware in an oven at 204.4°C (400°F) for 2 h can be used, ¢ 50-mL beakers covered with aluminum foil

but typically is not. This discussion will focus on auto- o Twenty-five 125-mL screw-top Erlenmeyer
claving and filtering for sterilization. flasks

» Large metal or “autoclave-safe” pan for holding
flasks and bottles

MaTERIALS * Empty 1-L storage bottles with screw tops
Each student or team should have the following items: * Access to an autoclave
* Agar, liquid, and grain media prepared from Follow the instructions in Procedure 2.2 to sterilize
Procedure 2.1 the media that was prepared using Procedure 2.1.
Procedure 2.2
Sterilization of Culture Medium
Step Instructions and Comments

1 Place the bottles of media into a large pan. You may choose to dispense 25 mL of liquid PB medium into the
125-mL Erlenmeyer flasks at this time. If you choose to dispense after autoclaving, then the Erlenmeyer flasks
must be autoclaved. First, add two drops of water to each flask and lightly tighten the cap.

2 Add a drop of water to each 50-mL beaker and cover with a square of aluminum foil. Add a few drops of
water to each empty 1000-mL bottle and loosely tighten the cap. Caution: Do not tighten the cap on any bottle
containing liquids to be autoclaved.

3 Securely tighten the door of the autoclave. Most recently purchased autoclaves have a selectable program. If
this is the type of autoclave in use, select “liquid cycle” that provides at least 121°C and 15 Ib. pressure per
square inch (psi) for a minimum of 20 min and engage. If the autoclave is older, close and tighten the door, and
open the valve that admits steam to the chamber. Begin timing (20 min) when the temperature reaches 121°C
and pressure 15 psi.

4 Most modern autoclaves will automatically time the heat/pressure duration. When “liquid cycle” is selected,
the autoclave is programmed to release the pressure in the chamber slowly to avoid super heating of the liquid
media. If an older autoclave is in use, select slow exhaust. This may take some time to exhaust the pressure
completely.

5  After the pressure in the chamber becomes “zero” and the temperature is below 90°C, it is safe to open the
autoclave door. Be careful, use autoclave gloves, and keep your face away from the door. Open the door slowly
and watch out for hot steam escaping from the chamber.

6  Remove the pans and place the bottles containing PDA on a magnetic stir plate and stir gently. Alternatively,
media may be placed in a 60°C water bath until the temperature of the media equilibrates with the tempera-
ture of the water. Hot agar medium cannot be dispensed into plastic Petri dishes immediately as the dishes
will warp and excess water will condense on the lids.

Sterilization of Rice and Oat Grains

1 Place the flask containing the water and grain in the autoclave and set for liquid cycle for 90 min. Remove
from the autoclave and place at room temperature overnight.

2 The first autoclave cycle will kill actively growing microorganisms, but not heat-resistant bacterial spores.
The heat will activate spores, and they will “germinate” and reproduce vegetatively. Reautoclave the grain
preparation with a liquid setting for 90 min the next day. “Double autoclaving” should produce sterile grain
suitable for growing pure cultures of many fungi. The sterile grains may be aseptically transferred to test
tubes or flasks and used to culture fungi.
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PREPARATION OF CULTURE MEDIA—
STEP 3: DISPENSING MEDIUM

Solidified and liquid media prepared in Procedures 2.1
and 2.2 may be stored for an extended time if desired
(see Step 4), but if needed soon, they may be dispensed
after the media has been “cooled.” A “rule of thumb” is if
the bottle containing the autoclaved medium can be held
with a “bare” hand without discomfort, it is sufficiently
cooled (50°C-55°C) to be poured and for any amend-
ments, such as antibiotics that would have been destroyed
or have diminished activity if autoclaved, to be added,
and then dispensed. Agar medium may be dispensed into
a number of containers, but Petri dishes of various sizes
are typically used in the laboratory. In this exercise, agar
medium (with and without augmentation) will be poured
into Petri dishes and liquid medium dispensed into flasks.

MATERIALS
Each team of students should have the following

materials:

e Two sleeves of 10-cm diameter Petri dishes
¢ Four sleeves of 6-cm diameter Petri dishes
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e 1000-uL pipette and sterile tips

e 10-mL syringe and 0.22-um syringe-driven fil-
ter unit (Millipore Corp., Billerica, MA)

» Lab supply vacuum source or vacuum pump with
rubber tubing and a bottle top filter (Millipore
Corp., Billerica, MA)

* 10 mL water-based food dye solution (sub-
stitute for antibiotic solution that needs to be
filter-sterilized)

» Disposable acetonitrile gloves

e 25-mL disposable pipettes and manual pipette
pump or battery-operated pipette pump

* Two 50-mL sterile beakers covered with alumi-
num foil

Follow the instructions in Procedure 2.3 to complete
this section.

After the medium in the Petri dishes has been solid-
ified, the dishes may be placed in the original plastic
sleeve for storage at 4°C. Be sure to write the name of
the medium, date, and your name on the sleeve. If you
have excess medium that was not poured, the bottle may
also be stored at 4°C with identification of the date, type
of medium, and who prepared it written on the bottle.

Procedure 2.3
Augmenting Autoclaved Media and Dispensing Medium into Vessels

Step Instructions and Comments

1 Wear acetonitrile gloves during this operation. Dissolve 100 mg of powdered dye in 10 mL of distilled water.

Depending on the size of the class, these solutions may be shared with different groups.
2 Load the 10-mL syringe with the colored dye solution (this is a substitute for water-soluble antibiotics for

demonstration purposes only) by drawing the solution into the barrel by pulling the plunger in the syringe

upward (Figure 2.2a). Unwrap the sterile 0.22-um filter and aseptically attach to the syringe—the tapered end
of the filter unit should face outward (Figure 2.2b). Remove the aluminum foil from the sterilized beaker and
express the dye solution through the filter into the beaker (Figure 2.2c). Adjust the 1000-puL pipette to “1000,”
place a tip on the end of the pipette and measure 1000 uL or 1 mL of the dye solution into the tip (Figure 2.2d).

Dispense into the liter of PDA and stir. The effective concentration of dye solution is 10 mg/L.

3 Steps 3-5 can be completed using a laminar flow hood or on the lab bench using proper aseptic technique. A

liter of medium is sufficient to pour 25 mL into each of forty 10-cm diameter Petri dishes or to pour about 15 mL

into each of sixty-five 6-cm diameter dishes. Most investigators do not actually measure 25 mL, but approximate

the volume poured into each dish. Lift the lid of the first dish, leaving an opening that allows you to pour the
medium into the bottom of the Petri dish while holding the bottle of the medium in your other hand. Do not place
the lid of the Petri dish on the lab bench. Immediately replace the Petri dish lid after pouring the medium (Figure
2.3a), then place an empty dish on top and repeat the process to pour medium into this dish. Do this in stacks of

10 dishes (Figure 2.3b). The bottle of medium should be swirled a number of times when pouring dishes because

agar will settle at the bottom of the bottle. By pouring the dishes in this fashion, water condensate on the lids of

the dishes is minimized. Save the original plastic sleeves that housed the sterile plastic dishes and slip the sleeves

over a stack of about 20 Petri dishes after the agar has been solidified.

(Continued)
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4 Typically, if the liquid medium does not require amendments, the medium is dispensed into the flasks and
then autoclaved. However, if heat-sensitive materials must be added, follow Procedure 2.3 Step 2 and mix
thoroughly. Aseptically remove a sterile 25-mL pipette (has a cotton plug in the barrel near the top) from
the wrapping and mount with the milliliter gradations, so that you can easily see them. Draw 25 mL into the
pipette and dispense into each 125-mL flask. The same pipette may be used to fill all of the flasks since all
flasks are filled with the same medium. Completely tighten the screw cap of the flask.

5 There may be occasions when large volumes of liquid medium may need to be filter-sterilized. For this, a
bottle-top filter and a sterile bottle are used. Unwrap the bottle top 0.22-pm filter unit and place the membrane
side of the filter on the opening of a sterile bottle (Figure 2.4a). Attach rubber tubing to the nipple on the
filter and the other end to a vacuum source. Pour the medium in the reservoir and gently apply vacuum. The
medium will be drawn through the membrane and into the sterile bottle (Figure 2.4b). The sterile medium
may be dispensed into vessels.

(2) (b)

FIGURE 2.3 Pouring agar medium into Petri dishes. (a) Be
sure that the medium has been cooled (50°C-55°C) before
pouring about 25 mL into each 10-cm diameter Petri dish. This
operation can be performed in a laminar flow hood or on the
lab bench using aseptic technique. (b) Stack dishes when pour-
ing the medium. This will prevent excess water condensation
on the inner surface of the Petri dishes. Fill the empty medium
bottle with hot water immediately after all of the medium is

FIGURE 2.2 Syringe and filter sterilization of heat-liable
compound. (a) Load solution into a 10-mL disposable plastic
syringe. (b) Attach a 0.22-um filter unit to the nipple of the
syringe without touching the filter. (c) Remove aluminum foil
cover from a small sterile glass beaker and express the fluid
through the filter into the beaker. (d) Using a sterile pipette tip,
transfer 1 mL of the sterile liquid into the medium, which has
been autoclaved and cooled to about 50°C-55°C. Dispose of
the filter and syringe according to the hazard level of the fil-
tered solution. (Courtesy of R.N. Trigiano.)

To use the medium, melt the agar in a hot water bath
or steamer. Agar remelts at 85°C. Do NOT autoclave
the medium again as this may “caramelize” (change the
structure of) the sugar component, which can alter the
growth of microorganisms. Liquid medium in either
bottles or flasks may also be stored at 4°C. Remember
to mark the identification of the medium with type of
medium, date, and name.

dispensed. After the agar has been solidified, the Petri dishes
may be stored in the original plastic sleeve. Label the sleeve
with the type of medium, date, and name. (Courtesy of R.N.
Trigiano.)

PREPARATION OF SOLUTIONS

Occasionally, protocols will require that chemical solu-
tions be made. The composition of most of the solutions
generally falls into the following two categories: weight
or volume/volume or percentage and molar and normal.

MATERIALS

* Magnesium chloride (easy to dissolve and safe)
(any suitable compound may be substituted)

» Disposable acetonitrile gloves

* Glacial acetic acid

e 100- and 1000-mL graduated cylinders
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FIGURE 2.4  Sterilizing a large volume of liquid medium using
a bottle top filter. (a) Mount the bottle top filter onto the sterile
storage bottle and fill the reservoir with the medium. Attach a
vacuum source to the unit. (b) Gently pull the medium through
the 0.22-um filter membrane into the sterile medium bottle with
the vacuum. Sterile medium may be either stored or dispensed to
other vessels. (Courtesy of R.N. Trigiano.)

» Several glass 1-L storage bottles

* Chemical fume hood

» Milligram balance and small plastic weigh boats

* Top loading balance and large plastic weigh
boats

* Magnetic stir bars and stir plate

* Succinic acid anhydrous (without associ-
ated water molecules); sodium succinate
dibasic-6H,0

* pH meter and electrode (recently calibrated with
pH 4.0 and pH 7.0 standards)

* Several 1-L beakers

* Concentrated sulfuric acid

A. Making weight/volume (w/v) solutions. For
this example, magnesium chloride will be
used to make a 1% (w/v) solution. One mil-
liliter [or 1 cubic centimeter (cc)] of water at
room temperature weighs 1 g or 1000 mg.
Follow the instructions in Procedure 2.4A to
complete this exercise.

B. Making volume/volume (v/v) solutions.
Complete this exercise using a fume hood
and protective eyewear. Follow the pro-
tocol in Procedure 2.4B to complete this
exercise.

C. Making molar solutions. A mole of a sub-
stance, either an element or a compound, is
its atomic weight (in grams) and contains
6.02 x 10% or Avogadro’s number of atoms
or molecules. A one molar (1 M) solution
is defined as this amount of the substance
dissolved in approximately 1 L of water.
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Follow the instructions in Procedure 2.4C
to complete this exercise.

D. Making normal solutions. Normality is
based on molar equivalence of either H* or
OH- ions and is most often used for strong
acids and bases. For example, hydrochloric
acid (HCl) completely disassociates into
H* and CI- ions. So, 1 mole of HCI (36.5 g)
will yield 1 mole of H*. In this case, 1 M
= 1 Normal (1 N). However, sulfuric acid,
another strong acid (H,SO,; 98 g/mole),
completely disassociates into 2 moles of H*
and 1 mole of SO,2. Therefore, if 98 g sul-
furic acid is dissolved in water, it yields 2 M
or 2 N of H*.

Known concentrations or normalities of acids (and bases)
may be purchased from manufacturers, but these can be
expensive. More typically, concentrated (almost pure) acid
is usually obtained from the same sources. However, some-
times the manufacturer does not print the normality of the
acid/base on the label. If this is the case, look for the specific
gravity (s.g. or g/mL) of the liquid. The s.g. of most con-
centrated sulfuric acid preparations is about 1.84 g/mL or
1840 g/L. Because the contents of the bottle are 96% acid
(see label), the amount of acid is 1840 g X 0.96 = 1766.4 g
of acid per liter. This translates into about 18 moles (1766.4
2/98 g/mole) of sulfuric acid. Remember that each mole of
sulfuric acid produces 2 moles of H*; therefore, the nor-
mality of the solution is 2 X 18 or 36 N. This is a very
caustic solution. Always wear protective clothing, eyewear,
and rubber gloves while working in a chemical fume hood.

Follow the protocol outlined in Procedure 2.4D to
make normal solutions.

E. Making buffer solutions—titration method.
Buffers are used to control changes in pH
and maintain the original pH of solutions
when acids and bases are added to the solu-
tion. They have various applications in stud-
ies of the growth, enzyme activity, histology
of tissues, and so on involving plant patho-
gens and their hosts. A simple definition of a
buffer is the combination of a weak organic
acid (e.g., succinic acid) with the salt of
that acid (e.g., sodium succinate dibasic). In
solution, the acid and salt of the acid are in
equilibrium, so that when an acid or base is
added, the equilibrium shifts to either the
acid or base and pH remains relatively sta-
ble. The highest buffering capacity (can add
the highest amount of acid or base without
appreciably changing the original pH) of the
solution is near the mid-range of the buffer-
ing system. Most physiological buffers are
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Procedure 2.4
Making Solutions and Buffers

Step

Instructions and Comments

A. Making Weight/Volume (w/v) Solutions

To make a 1% (w/v) magnesium chloride solution, weigh 100 mg of the compound and dissolve in 9900 mg
or 9.9 mL of water. Typically, this accuracy is not demanded, so 100 mg in 10 mL of water is sufficient. This
yields a 1% solution.

B. Making Volume/Volume (v/v) Solutions

While wearing acetonitrile gloves, measure 70 mL of glacial acetic acid in a graduated cylinder and pour into
a 1-L storage bottle.

Slowly add 930 mL of distilled water to the bottle; be sure that the mouth of the bottle is pointed to the interior
of the chemical fume hood. Cap the bottle, mix, and label with name, date, and contents. This makes a 7%
solution of glacial acetic acid.

C. Making Molar Solutions

In this example, 0.05 M solutions of succinic acid and sodium succinate dibasic will be made and used when
buffers are discussed (Procedure 2.4E). A 0.05 M solution of succinic acid requires 0.05 M x 118.1 g/L =
5.91 g dissolved in 800 mL of distilled water contained in a beaker.

Pour the contents of the beaker into a 1000-mL graduated cylinder and bring the volume up to 1000 mL using
distilled water. Label the bottle with contents, date, and name.

To make a 0.05 M solution of sodium succinate dibasic, weigh 0.05 M x 270.1 g/L = 13.51 g, dissolve as
before and bring to 1 L with distilled water. Label this bottle also.

D. Making Normal Solutions

To make a 1 N solution of sulfuric acid, dilute the concentrated acid with water. Use this simple formula to
determine how to dilute concentrated sulfuric acid to 1 N.

VI X NI =V2xN2
where V1 = the volume in milliliter of concentrated acid to use

N1 = the normality of concentrated acid (36 N) (mL)

V2 = the desired volume of 1 N acid (1000 mL)

N2 = the desired normality (1 N)
Solve the equation for V1: V1 = (V2 X N2)/N1 or V1 = (1000 mL X 1 N)/36 N

V1 = 27.77 mL of concentrated sulfuric acid

Add 27.77 mL of concentrated sulfuric acid to a 1000-mL graduated cylinder and bring to 1000 mL with
distilled water to make a 1 N solution of sulfuric acid. It is best to hold the graduated cylinder at a 30° angle
with the mouth pointed toward the interior of the chemical fume hold and slowly pour the water down the side
of the cylinder. Care should be exercised when adding the water as heat is liberated (exothermic). Label the
bottle with contents, date, and name.

E. Making Buffer Solutions—Titration Method

Make a pH 4.5, 0.05 M succinate buffer. Pour 300 mL of 0.05 M succinic acid solution (prepared in Procedure
2.4C) into a 1-L beaker containing a magnetic stir bar. Place on a stir plate and determine the pH of this solu-
tion, which should be below 4.5. Caution: stir slowly and be sure the pH electrode is not contacted by the stir bar.
Slowly add 0.05 M sodium succinate dibasic (made in Procedure 2.4C) to the succinic acid solution and moni-
tor the change in pH. When the pH meter reads 4.5, the buffer is ready for use.
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in the range of 0.05-0.10 M of both the acid
and the base. The Henderson—Hasselbalch
equation will predict how much of the acid
and the salt should be added to achieve a
buffer of a specific pH. However, this equa-
tion can be difficult to use. An alternative
to making a mathematical calculation is to
use a titration method to achieve the desired
initial pH of the buffer.
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Follow the protocol in Procedure 2.4E to make a suc-
cinate buffer.

Laboratory exercises are excellent learning expe-
riences, but like anything else, there are real dangers.
Follow and practice the safety guidelines presented in
the beginning of this chapter. However, emergencies and
accidents do occur in laboratories; try to prevent them,
but if they happen, be prepared to respond appropriately
to them.
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3 Proper Use of Compound
and Stereo Microscopes

David T. Webb

CoNceprT Box
Microscopes are used to magnify and examine small objects such as spores, hyphae, and fruiting bodies.
A compound microscope is used to examine very small objects and typically has 10X ocular (eyepiece) lenses
and 4X, 10X, 40X, and 100X (oil immersion) objective lenses. The total magnification can be approximated by

multiplying the power of the ocular lens by the power of the objective lens, e.g., 10X x 40X = 400X.

Stereo or dissecting microscopes are used to examine larger objects and typically have 10X ocular lenses and a
variable (0.5X — 4.0X) objective lens.

When using a compound microscope, begin with the lowest power objective lens (4X), focus, and then progress to
higher magnification objective lenses. Never begin your examination with higher magnification (40X or 100X)
objective lenses.

Only lens paper should be used to clean lenses. Do NOT use paper toweling or laboratory wipes as these will
scratch the lenses, which are very expensive.

Measurements of objects with a compound microscope can be made using an ocular micrometer that has been
calibrated with a stage micrometer. Dimensions are usually reported in micrometers.

Commercially prepared slides of plant host and plant pathogen are usually stained with fast green and safranin O,

whereas fresh sections of materials are typically stained with phloroglucinol, IKI, or toluidine blue O.

This chapter is written as if the reader is a microscope
novice. Experience has taught us that it is best to assume
that most students will know next to nothing about using
a microscope correctly and that it is best to start from
scratch. In some cases, you may have learned some bad
practices that need to be corrected. This chapter also cov-
ers compound microscopes that have a field diaphragm
and a condenser that can be centered and focused to
achieve Koehler illumination. Many student scopes do
not have these features as their condensers and field dia-
phragms are fixed or of limited flexibility. In the course
of your career, you will encounter microscopes that have
the ability to achieve Koehler illumination. At that point,
this tutorial will be even more useful.

Although the compound microscope is the most
commonly used biological instrument, it is often used

improperly. This may not matter with very thin commer-
cial slides at low to medium magnifications. However,
proper alignment of the illumination system is essential
for viewing thick sections, whole mounts, and highly mag-
nified samples of fungi and bacteria. It is also crucial for
studying unstained specimens and for photomicroscopy.

You will be using microscopes throughout your
career. If you learn the simple lessons contained within
this chapter, you will do much better work and see the
exciting world of microscopy in a new light. The modi-
fied procedure that we present was developed by the
German scientist August Kohler (1866—-1948) and bears
his name (Kohler, 1893). Recently, his ideas were used to
make the EM 910 Electron Microscope by Zeiss. Thus,
this procedure, which was introduced in 1893, has been
of lasting value.

33



34

MONOCULAR, BINOCULAR, AND
TRINOCULAR MICROSCOPES

Microscopes are partly categorized by the number of
oculars they contain. The first microscopes had one ocu-
lar and therefore were monocular. Binocular scopes have
two oculars, whereas trinocular scopes have three. The
third ocular is modified typically for the use of a camera.
This chapter explains the uses of binocular microscopes.
The same principles apply to all of the preceding types.
However, stereo or dissecting microscopes differ signifi-
cantly from the typical compound microscope.

THE COMPOUND MICROSCOPE

Because the optical systems in a microscope are composed
of many lenses, the term compound microscope is used.
This is applied specifically to microscopes that are used
to study thin sections with high-power objectives (also
known as objective lens; Figure 3.1). Dissecting or stereo
microscopes are used to examine larger, three-dimen-
sional specimens at lower magnifications (Figure 3.2).
They also have compound lenses, but they are not gen-
erally called compound microscopes. Both the types of
microscope use transillumination (illumination through)
in which light passes from the microscope base through
the specimen and travels to your eyes through oculars.
This requires a special transillumination base for stereo
microscopes. Epiillumination (illumination from above)
is typically used with stereo scopes but is not typically
used with compound scopes. This chapter illustrates Zeiss
and American Optical microscopes. Your microscopes
may be somewhat different, but you should be able to
transfer the terminology and procedures described herein
to your instrument. First, we will examine compound
microscopes and will discuss stereo scopes later.

MicroscopPe CARE AND HANDLING

Please treat these instruments with great care—they are
expensive and somewhat fragile.

* Value what they can do and handle them with
respect.

* Always use two hands to carry microscopes.
Place one hand on the arm, the curved area that
connects the body to the stage and base, and the
other hand under the base of the microscope
(Figures 3.1 and 3.2).

* Do NOT carry scopes sideways or upside down,
as the oculars and other parts will fall out.

» Use lens paper to clean all lenses on the compound
scope before each lab and especially after using
immersion oil. Do not use any other kind of paper
except lens paper to clean microscope lenses.

David T. Webb

Body/tube

Objective
focus knobs

w o< —at0o—o0

Condenser

Field diaphragm source

FIGURE 3.1 Zeiss Standard microscope showing major parts
of a typical compound microscope. (Courtesy of D.T. Webb.)

Focusing
knob

FIGURE 3.2 Typical stereo or dissecting microscope with
transillumination base. This is an American Optical Stereo
Zoom microscope. (Courtesy of D.T. Webb.)

* Do not use liquids (except where specified)
when cleaning the lenses.

* Always use the correct focusing technique to
avoid contact between any objective and your
slide.

* Turn off the light when not using microscopes
for long time periods.

» Carefully place the power cord or any other
cords out of the way at your workspace.
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* Always replace the cover on the microscope
when you put it away.

* Deal with any problems immediately. Do not
use the microscope if you cannot see your speci-
mens clearly.

THe PATHWAY OF LIGHT IN A TyricAL MICROSCOPE

The light in a typical microscope traverses the following
pathway:

Light Source — Mirror — Field Diaphragm —
Condenser — Stage — Specimen — Objective —

Body / Tube — Ocular — Eye or Camera

* Locate the major parts of your microscope by
referring to Figure 3.1.

Light is provided by a bulb and is reflected through the
field diaphragm, condenser, specimen, objective, tube,
and ocular. There are various control knobs on the
microscope that affect the light path. In addition, there
are knobs for coarse and fine focus, as well as knobs to
move the stage.

FOCUSING THE OBJECTIVES

The objectives are focused on the specimen by two sets of
knobs that are located on both the sides of your microscope
(Figure 3.1). The large outer knob is for coarse focusing.
This should be used at the lowest magnification when you
first place a specimen on the stage. It should be used with
caution at higher magnifications. The smaller, central knob
is for fine focusing and is used more at the higher magnifi-
cations, but is also used with low-magnification objectives.

* Locate the coarse and fine focusing knobs on
each side of your scope.

MOVING THE MECHANICAL STAGE

Light passes through the stage opening so that it can
illuminate the specimen. The knobs that control the
mechanical stage (stage transport knobs) are usually on
the left side of the microscope as it faces you. One of
these moves the stage from side to side (x-axis), whereas
the other moves the stage in and out (y-axis). Most stages
have x and y scales. These will allow you to record the
precise location of the objects that you may want to relo-
cate without searching the entire specimen. Slides are
held in place by a mechanical slide holder.

e Locate the stage transport knobs on your
microscope.
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* Locate the x and y scales on your stage.
* Locate the mechanical slide holder and explore
its mode of action.

USING THE CONDENSER

The condenser aligns and focuses light on the specimen.
It may be equipped with a high-power condenser lens
(HPCL) (Figure 3.3). This is used with 10x to 100x objec-
tives, but is removed from the light path with low-magni-
fication objectives that are typically 4x to 5x. The position
of the HPCL may be controlled by a rotating knob. In
some microscopes, it is moved in and out of the light path
by a push—pull plunger or a lever. Failure to use this lens
properly is the most common mistake that people make.
The lens is typically left out of the light path at low magni-
fication because it limits the field of illumination. A fully
illuminated field is achieved with the HPCL out of the light
path with low-power objectives. There may not be a large
penalty for examining commercial slides at higher mag-
nification with the HPCL out, but there is a severe visual
penalty at higher magnifications and with fresh mounts.

* Locate the HPCL on your microscope and
determine how to move it into and out of the
light path.

CONDENSER-CENTERING SCREWS

A pair of screws, set apart by a 45° angle, are used to
center the condenser. These are located along the back

High-power
condenser
lens

Condenser
centering
screw

Condenser
focusing
knob

FIGURE 3.3 Side view of a Zeiss Standard microscope
showing the high-power condenser lens, the condenser focus-
ing screws, the condenser focusing knob as well as the field
diaphragm. (Courtesy of D.T. Webb.)
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right and left sides of the condenser on the Zeiss Standard
(Figure 3.3). However, they may be found near the front
of the condenser with other scopes.

* Locate the condenser-centering screws on your
microscope.

The condenser is used to focus light onto the specimen
from below. This is an extremely important, but poorly
understood, function of the condenser. It is obvious that
you must focus the objectives onto the specimen to see
it clearly, but it is less obvious that you need to focus the
condenser on the specimen so that it is properly illumi-
nated. Imagine that the condenser is a magnifying glass
and you want to start a fire. You need to move the mag-
nifying glass to a position that produces the smallest
focused beam of sunlight in order to start fire. That is
exactly the same concept you need to keep in mind when
you focus the condenser. This is done by rotating the con-
denser-focusing knob that is found on the right side of the
condenser with the Zeiss Standard (Figure 3.3).

* Locate the condenser-focusing knob on your
microscope.

CONDENSER (APERTURE) DIAPHRAGM

Finally, there is a lever that controls the aperture of the
condenser or aperture diaphragm (Figure 3.4). I like to
refer to this as the condenser diaphragm to prevent confu-
sion with the field diaphragm. However, it has typically
been called the aperture diaphragm. Partially closing this
iris improves contrast (the difference between light and
dark) especially at intermediate and high magnifications.
It also increases the depth of field, which is very small at
high magnifications.

Do NOT use this to increase or decrease brightness!
This is the second most frequent mistake that people

FIGURE 3.4 Lever that controls the condenser (aperture) dia-
phragm. It is completely open in this position. Rotating the lever to
the right closes the iris diaphragm inside. (Courtesy of D.T. Webb.)

David T. Webb

make. It is best to leave this completely open (rotated to
the left on the Zeiss Standard) at the outset. Later, you
will experiment with this to see its effects.

e Locate the condenser (aperture) diaphragm
lever and manipulate it.
* Leave it in the open position for now.

USING THE FIELD DIAPHRAGM

The light source is usually housed in the base of the
microscope. It passes through the field diaphragm that
also contains an iris (Figure 3.5). The size of its iris dia-
phragm is controlled by rotating a knurled ring, which is
concentric with it. The field diaphragm controls the area
of illumination.

* Locate the field diaphragm on your microscope.

* Manipulate the knurled ring to open and close
the iris inside.

* Leave it in the fully open position for now.

UsING THE OBJECTIVE LENS

The magnification of an image is regulated by the objec-
tives that are housed in a rotating nosepiece (Figure 3.6).
To change objectives, rotate the nosepiece. Ensure that
the low-power objective is in place before you start using
your scope and when you are finished using it. This pre-
vents damage to the objectives and your specimen.

* Always start viewing with the low-power objec-
tive (4x or 5x).

* Do not start by swinging the 10x to 100x objec-
tives into position.

* Be sure that you rotate the nosepiece in the right
direction. You do not have to switch from 4x

Field diaphragm

Knurled ring

FIGURE 3.5 Field diaphragm that is almost completely
closed. The knurled ring is used to open and close the iris
inside. (Courtesy of D.T. Webb.)
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Rotating
nosepiece
with
objectives

FIGURE 3.6 Rotating nosepiece with objectives. In this case,
the nosepiece is rotated clockwise (left to right) to change
objectives to higher magnifications. (Courtesy of D.T. Webb.)

to 100x because objectives may be damaged if
they hit the specimen.

*  You should focus on the sample with each objec-
tive before switching to the next. Focus on the
sample using the low-power objective and rotate
to the next lens (10x), and refocus and repeat
this until you reach the magnification you plan
to use. It is vital to focus on your specimen with
the 40x objective before switching to 100x.

Higher quality microscopes have objectives that are par-
focal, the ability to focus with one objective and switch
to the next one and the one after that without refocus-
ing. However, this rarely occurs, especially with student
scopes. Special care must be used with fresh sections
and whole mounts, which can be thick and irregular.
Consequently, greater care must be taken when changing
objectives. When in doubt, play it safe.

A typical microscope will have a series of objec-
tives like the following 5%, 10x, 20x, 40x, and 100x.
The length of the objectives is a rough indication of their
relative magnification. However, their magnifications are
engraved on them.

* Check the magnification of your objectives.

Most oil immersion objectives have a black line near
their tip (Figure 3.7). However, this is not true for all
manufacturers. The words “Oil” or “Oel” indicate that
it is an oil immersion objective. Oil improves the image
because it unites the coverslip and the objective and
replaces air with oil. Immersion oil has the same refrac-
tive index as glass. Thus, less light scattering and refrac-
tion occur. The oil also protects the objective lens from
getting scratched.

The markings, homogenous immersion (HI) or mul-
tiple immersion (Imm), indicate oil or multiple medium
immersion objectives, respectively. Water immersion
objectives are marked with the words “water,” “waser,”
“water immersion,” or WI. Furthermore, an objective
with a numerical aperture greater than 1.0 (Figure
3.7) is probably an immersion objective. Oil is the most
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FIGURE 3.7 Oil immersion objectives from (a) Leitz,
(b) Zeiss, and (c) American Optical (AO). Note the black lines
(indicated by the white arrows) on (a) and (b), which indi-
cate that they are oil immersion objectives. The AO objective
(c) lacks this line. However, it has the word OIL inscribed on it
as indicated by the black arrow and box. The word Oel (oil) is
inscribed on the Leitz objective (a). (Courtesy of D.T. Webb.)

common immersion medium, but water and glycerin can
also be used with Imm objectives.

* Check your 100x objective to see its markings.

The instructions for properly using oil immersion objec-
tives can be found in Procedure 3.1.

For optimum results, oil should also be placed
between the uppermost condenser lens and the bottom of
the slide. However, the condenser needs to have a numeri-
cal aperture greater than 1.0 in order for the oil to have
a beneficial effect. This may be impractical for routine
studies, but should be used for critical examinations and
for the most detailed microphotography. However, most
oil immersion objectives require you to partially close
the condenser aperture. This alleviates the need to add
oil to the condenser lens because it effectively lowers the
numerical aperture of the condenser, such that adding oil
is no longer beneficial.

USING THE OCULARS

The oculars must be adjusted to suit both of your eyes.
You should be able to adjust the interpupillary distance
between the two objectives. This means that you can
move them to match the distance between your eyes.
Grasp the base of the ocular tubes or the plate at their
base and gently spread them apart or draw them together.
In some cases there is a dial that you can use to move
the oculars. Either one or both oculars may be mov-
able. There should be a scale and a reference line or dot
that allows you to record the best spacing for your eyes.
Thus, you can readily readjust the oculars to your per-
sonal setting if they have been moved. Follow the steps
in Procedure 3.2 to adjust the interpupillary distance of
your oculars.

Head position is very important. You need to find
a comfortable distance for your eyes from the oculars
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Procedure 3.1
Using an Oil Immersion Objective
Step Instructions and Comments

1 Locate the area of interest in the center of the field and focus on this with the 40x objective.

2 Raise the objective to its upper limit. Swing the oil immersion objective into viewing position.

3 Place a drop of oil on the 100x oil immersion objective and place a small drop of oil on the coverslip. Do NOT
look through the oculars.

4 While observing from the side of the stage with your eyes, focus on the objective and the specimen. Your eyes
must be at the same height as the stage. Lower the objective lens carefully (use the coarse-focusing knob) until
it just touches the oil on the coverslip. A light flash may be observed when the oil on the objective meets the
oil on the slide.

5 Now look through the oculars and use the coarse-focusing knob to bring the specimen into rough focus. Use
the fine-focusing knob to complete focusing on the sample.

6  Hereafter, avoid focusing down on the specimen with an oil immersion lens. Change the focus so that the
objective is traveling away from the slide. If the image does not come into focus readily, carefully reverse the
direction until it does. When in doubt, stop and ask for help. The lens might be dirty or there may be some
other problem.

7  Important! Wipe the oil from the objective with lens paper when you are finished. Clean the objective until no
more oil is visible on the lens paper. Wipe oil from the coverslip of the slide if it is to be saved.

Procedure 3.2
Adjusting the Interpupillary Distance of the Oculars
Step Instructions and Comments
1 Position your head so that you can see through the oculars while focusing on a sample. Focus on a specimen

using a 10x to 20x objective.

Grasp the base of the ocular tubes or use the dial located between the oculars.

3 Move the oculars so that they are as close together as possible. Carefully move the oculars apart until you see

only one image.

in order to see things properly. This depends on the
type and quality of your oculars and may require some
experimentation. Most oculars can be used without
eyeglasses that are corrected for nearsightedness or
farsightedness. However, they are not compensated
for astigmatism. If you have astigmatism, you need
to use your eyeglasses or contact lenses. Oculars with
eyeglasses engraved on them are suitable for use with
glasses (Figure 3.8), but you are not required to wear
glasses to use these.

It is important that each ocular is in focus for your
eyes when you examine samples. Oculars that are capable
of independent focusing will have a scale, a reference line,
and a knurled ring on them (Figure 3.8). These mark-
ings may be on the ocular tube rather than on the oculars
themselves. Follow the instructions in Procedure 3.3 to
focus your oculars.

KOEHLER ILLUMINATION

The best resolution occurs when all the elements of the
microscope are in perfect alignment and the iris dia-
phragms are properly adjusted to the best apertures for
the objectives you are using. On simple microscopes,
you may not be able to focus and align the condenser,
but on the Zeiss Standard and many other microscopes,
it is possible to do this and achieve “Koehler illumi-
nation.” This makes a significant difference for view-
ing unstained and lightly stained samples, especially at
high magnifications.

CENTERING THE LAMP FILAMENT

The first step in this process involves centering the lamp
filament. This may not be possible with your microscope.
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Procedure 3.3
Focusing Oculars for Your Eyes

Step Instructions and Comments

1 Before you make any adjustments, place a slide on the stage and focus on the central part of the specimen with

a 10x to 20x objective.

2 Block one of the oculars. Look through the other ocular with your matching eye (left eye — left ocular or right

eye — right ocular) and focus on a fine detail in the center of the specimen with the objective focusing knobs

at the rear of the scope.

3 Switch to the other ocular and look through it with the matching eye. Do NOT look through the other ocular

while you are doing this!

4 Rotate the knurled ring of the ocular to bring the fine detail into sharp focus. You will need to stabilize this

with one hand while you turn it with the other.

5  Check the first ocular to see that the image is still in focus with your other eye.

6  Both the oculars are now focused for your eyes.

L
Eyeglass
markmg
Fully Middle Fully
inserted position withdrawn

FIGURE 3.8 Zeiss oculars showing three focusing positions.
These are focused by grasping the knurled ring at the top of
the ocular and rotating it while holding onto the barrel below.
The one on the left has been adjusted so that the rotating part
of the ocular is fully inserted into the barrel. The one on the
right shows the extreme opposite rotation. The one in the center
is approximately in the middle. In this case the position of the
ocular is indicated by the length of the white lines. In other
cases there are numbers that can be used to designate the best
focusing position for the ocular. Note the eyeglasses engraved
on the middle objective. This indicates that this ocular was
designed to be used with your glasses. (Courtesy of D.T. Webb.)

Furthermore, it is best done by someone who is very
familiar with this process. Check the illuminator hous-
ing at the back of your microscope to see if there are any
adjustable screws. If not, you cannot do this. A generic
description of this is as follows:

* Turn on the microscope illuminator.

* Place a piece of paper over the field diaphragm.

e If the illumination is uneven, use the lamp-cen-
tering screws or rotate the lamp to get uniform
illumination, or do both.

FOCUSING ON THE SPECIMEN FOR KOEHLER ILLUMINATION

The recommended procedure for focusing on a speci-
men as part of achieving Koehler illumination is given
in Procedure 3.4. However, when you decide to proceed,
it is very important to focus on a specimen before doing
anything else. After you have focused on it, you may have
to move the specimen out of the light path the first few
times you do this.

FocusING AND CENTERING THE FIELD DIAPHRAGM

This is the heart of Koehler illumination. See Procedure 3.5
for the detailed steps in this process. Briefly, completely
close the field diaphragm and use the condenser focusing
knob to focus the field diaphragm until you see that it is
a small polygon of light (Figure 3.9a). Use the condenser
centering screws to center the image of the field diaphragm
(Figure 3.9b). Partially open the field diaphragm and cen-
ter it again (Figure 3.9c). Open the field diaphragm until
the field is completely illuminated and stop.

ADJUSTING THE CONDENSER (APERTURE) DIAPHRAGM

When working with 10x to 100x objectives, it is impor-
tant to adjust the condenser diaphragm (Figure 3.4).
This is especially true for translucent structures. Closing
this iris increases contrast. Thus, something indistinct
becomes sharp and something faint becomes dark. It also
improves the depth of field, which is critically small at
high magnifications. It is usually possible to close the iris
and judge its effects subjectively (Delly, 1988). However,
there is a “tried and true” procedure (Procedure 3.6) that
you should know.

In practice, you can experiment with this while view-
ing a specimen and adjust it without removing the ocular.
This is what I do when I want to take photos. I slowly close
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Procedure 3.4
Focusing on a Specimen as Part of Koehler Illumination

Step Instructions and Comments

1 Adjust the oculars so that they have the correct interpupillary position and are in focus for your eyes.

2 Use a commercial slide with obvious well-stained contents and move the specimen into the light path. Focus
on the specimen with your low-power objective. Now, rotate the 10x objective into viewing position.

3 Watching from the side of the stage (not looking through the oculars), lower the 10x objective so that it comes
closer to the coverslip.

4 Look through the oculars and rotate the objective focusing knobs so that the objective is retracted from the
slide. Make a note on which direction the objectives retract.

5  Stop when the sample comes into focus. Moving the mechanical stage during this process may help.

Procedure 3.5
Focusing and Centering the Condenser

Step Instructions and Comments

1 Use the 10x objective to focus on the center of a specimen. Reduce the illumination to a moderate level so that
you do not hurt your eyes.

2 Check to see that the condenser (aperture) diaphragm is open, and ensure that the HPCL is in the light path.

3 Close the field diaphragm so that the circle of light becomes smaller. Observe the field diaphragm through the
oculars when it is being closed (Figure 3.9). When the diaphragm is as small as possible, use the condenser
focusing knob (Figure 3.3) to make the “circle” of light as small as possible (Figure 3.9).

4 You should see that the field diaphragm is NOT circular in outline, but has a polygonal shape (Figure 3.9).
You may see a red or blue fringe as you bring the field diaphragm into focus. The best position is the one in
between the red and blue fringes.

5 Use the condenser-centering screws to center the field diaphragm. Open the field diaphragm by rotating its
knurled ring. It may not be perfectly centered. Perform final centering of the field diaphragm when it fills most
of the field (Figure 3.10). Expand the field diaphragm just beyond the field of view and stop!

6  Repeat this with the 20x and 40x objectives. For critical work, this should be done for each objective. This is
especially important for taking photographs and for examining minute, translucent specimens like fungi and
bacteria. This is difficult to do with the 100x objective. However, if you achieve proper alignment with the
40x objective, the 100x will be similar.

this iris until I first see a perceptible change in the speci-
men and take a photograph. I close it some more and take
another photo and repeat this for a third time. In reality,
each specimen is different, and strict rules like those in
Procedure 3.6 may not give the best results. Closing the
condenser diaphragm also increases the depth of field.
Thus, more regions of a three-dimensional specimen will
be in focus. However, if it is closed too much, a flat indis-

Field diaphragm Field diaphragm
PAF 3%

FIGURE 3.9 (a) Focused and uncentered field diaphragm, (b)
closed and centered field diaphragm, and (c) partly open and
centered field diaphragm. (Courtesy of D.T. Webb.)

tinct image results.
The examples in Figure 3.10 show how the con-
denser iris increases contrast and depth of field. It shows
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Procedure 3.6
Adjusting the Condenser (Aperture) Diaphragm

Step Instructions and Comments

1 Complete all of the preceding operations (Procedures 3.1 through 3.5).

2 Place a lightly stained specimen in the light path. Focus on the specimen using a 20x to 40x objective lens.

3 Remove one of the oculars and look directly down the tube at the light field. Close the condenser diaphragm
so that it occludes 1/4 to 1/3 of the area. This should give the best contrast.

4 Examine a specimen before and after adjusting this iris.

5  This should be done for each objective for critical viewing.

FIGURE 3.10 View of a diatom with condenser (aperture)
diaphragm (a) completely open, (b) completely closed, and
(c) partially closed. In (a), it is hard to see any detail and most
of the subject is out of focus due to the shallow depth of field.
In (b), more details are visible due to increased contrast, and
there is a greater depth of field in (b) compared with (a). In (c),
more details are visible, and there is a greater depth of field in
(c) compared with (a). In this case, (c) should have been the best.
However, (b) appears to be the best. (Courtesy of D.T. Webb.)

a diatom frustule that is very translucent. There is little
detail when the condenser diaphragm is wide open
(Figure 3.10a). When it is fully closed (Figure 3.10b), the
contrast and depth of field are greatly increased. When
the iris is closed 25%-30%, there is an improved contrast
and depth of field with less theoretical potential for aber-
rations (Figure 3.10c). In this case Figure 3.10c should
have been the best image, but Figure 3.10b appears to
be the best.

* Experiment with the condenser diaphragm
while viewing a lightly stained or unstained
slide.

* Once you have achieved what you think gives
the best image, remove one of the oculars and
see how much of the field is occluded.

Throughout your career, you will be using different stains
to study their effects on fresh specimens. Experiment
with the aperture diaphragm as you study these. The con-
denser diaphragm can be used to great effect with this
type of material. Although some of these procedures
seem to be tedious, they will become routine as you

progress in your work. Your results will be superior to
others who do not know how to do this.

SiMPLE MEASUREMENTS WITH A COMPOUND MICROSCOPE

In most cases, you cannot accurately determine the
magnification of a compound microscope by multi-
plying the magnifications of the ocular and the objec-
tive lenses. This is a very common misconception.
Microscope parts are not manufactured that precisely.
Furthermore, the length of the microscope tube/body
differs from one type of scope to another. This is espe-
cially true in photography because projection lenses
of different magnifications are used in place of ocu-
lars and the total distance of the light path is different
from that used with the oculars. We will work through
Procedure 3.7 for calibrating an ocular micrometer
that can be used to make direct measurements during
observations.

Before we proceed, a quick review of the metric sys-
tem will be helpful. A millimeter (mm) = 10 m, whereas
a micron (um) = 10~¢ m. Consequently, 1 mm = 1000 pm,
0.1 mm = 100 pm, and 0.01 mm = 10 pm. A stage microm-
eter (Figure 3.11) is used to precisely determine the
magnification.

CALIBRATING AN OCULAR MICROMETER

The stage micrometer is the “known” micrometer in
this process. It has finely etched distance calibrations on
its surface. The largest dimensions from one end to the
other are millimeters (Figure 3.11a and b). Each milli-
meter (1000 um) is divided into 0.1-mm (100-um) seg-
ments (Figure 3.11b). Each 0.1-mm segment is divided
into 0.01-mm (10-um) segments.

Ocular micrometers have precisely etched lines
engraved on them. However, because of the differ-
ences in the optics of individual microscopes, they
must be calibrated with a stage micrometer. Briefly,
the stage micrometer and the ocular micrometer are
brought together under the microscope at 10x so that
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Procedure 3.7
Calibrating an Ocular Micrometer
Step Instructions and Comments

1 Place the stage micrometer onto the stage of your microscope and move it into the light path. Focus on its scale

with the 4x objective. Switch to the 10x objective.

2 Move the stage micrometer so that some of the reference lines on it coincide with reference lines on the ocular

micrometer (Figure 3.12).

3 Because the distances between the lines of the stage micrometers are known, you divide this known distance

by the number of lines from the ocular micrometer. This gives you the distance measured by the intervals of

the ocular micrometer at that magnification.

4 Repeat this for each objective lens on your microscope.

Full Scale E 2 mm

" 2 MM into
Units of 0-01 MM [ Scale |
American
Dptical Company
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FIGURE 3.11 (a) Stage micrometer and (b) magnified scale
of the stage micrometer. The total length of the scale is 2 mm
(2000 pm). It is divided into 20 intervals of 0.1 mm or 100 pm
(b). Each of these is further divided into intervals of 0.01 mm
or 10 um. (Courtesy of D.T. Webb.)

the intervals of the optical micrometer (unknown) are
matched with the intervals of the stage micrometer
(known). The actual distance between the units of the
ocular micrometer is determined by dividing the known
distance (stage micrometer) by the unknown units
(ocular micrometer). This gives the actual distance
for each unit on the ocular micrometer (Figure 3.12).
In the example provided, two large units on the ocular
micrometer equal 270 um, consequently one large unit
on the ocular micrometer equals 135 um and each small
unit equals 13.5 um. Record this value and repeat it for
all of the objectives on your scope. If you transfer your
ocular micrometer to another microscope, you must
repeat this process for that scope. The ocular microm-
eter can now be used to precisely record the diameter of
fungal hyphae in microns.

TypicAL STAINS FOR COMMERCIAL SLIDES OF PLANTS

Commercial slides are typically stained with Safranin
O and Fast Green. Safranin O appears as brilliant red
in chromosomes, nuclei, and lignified, suberized, and/or
cutinized cell walls. Fast Green appears as brilliant green
in cytoplasm and nonlignified cellulosic cell walls. Fast

0 1 2

FIGURE 3.12 Diagram of a stage micrometer and ocular
micrometer. In this case 2 large units on the ocular micrometer =
270 pm. One small unit on the ocular micrometer = 13.5 um.
(Courtesy of D.T. Webb.)
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Green turns blue in basic solutions and may appear blue
to bluish-green in the stems and leaves of aquatic plants
and most gymnosperms (Johansen, 1940; Ruzin, 1999).

FresH SECTIONS OF PLANT ORGANS

There are several ways to generate fresh sections of plant
organs. These include hand sectioning, use of a hand
microtome, and use of an inexpensive sliding microtome
or a traditional sliding microtome. Freezing microtome sec-
tions are nearly equivalent to fresh sections in many cases.
This is a topic unto itself. However, I will review the pro-
cess of hand sectioning as this is a quick way to produce
useful sections. The details are given in Procedure 3.8.
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Step

Instructions and Comments

Place a Band-Aid or adhesive tape on the thumb of your left hand. Position the cotton portion at the bottom of your
thumb. The thumb is the backstop for this operation. Place another Band-Aid or adhesive tape at the end of your
index finger. The index finger will control the height of the specimen and thus its thickness. Grasp the plant struc-
ture between your thumb and forefinger so that the top of the specimen extends above the level of your forefinger.
Take a single-edge razor blade in your right hand. Ensure that it is wet. Rest the blade on your forefinger and
use a slicing motion to cut off the top of the specimen. This is a thick section that is designed to produce a flat
surface. Slice away from your thumb in order to avoid cutting your thumb with the blade.

Raise the specimen slightly by manipulating it with your fingers and repeat the slicing motion. It is best to
make a lot of quick slices rather than a few, slow and careful sections.

Thin sections can often be obtained by pressing the blade down with your forefinger and then slicing through
the specimen several times. After several sections have been accumulated on the blade, wash them off in a
Petri dish of water. Continue slicing until you have several thin sections. These will appear translucent when
seen against a dark background. In most cases, the sections will have thin and thick regions. As long as part
of the section is thin, you may be able to use it, and thick sections are frequently good for gross anatomy.
Sections can be picked up with a forceps or a wet artist’s brush. Place these in a drop of water or stain on a
microscope slide. Sections will be released from the brush if you rotate it in the water on the slide. The brush
is good for delicate specimens.

It is a good idea to view unstained sections prior to staining. Proper use of the condenser (aperture) diaphragm

is important for viewing unstained samples.

The most important element in this process is the
blade that you use. Teflon-coated, stainless steel, safety
razor blades or injector blades work fairly well. If you use
a double-edged blade, be sure to put tape over one edge
to prevent cutting your fingers. Use tape on your fingers
as well. Single-edge utility blades give reasonable results,
but they lose their edge quickly. Dip the blade in water
before you use it. Also, wet the surface of the specimen.
Water acts as a lubricant and helps the sections stay on
the blade. You should slice quickly rather than try and
make one perfect section by cutting slowly.

The ability to make fresh sections allows you to
quickly analyze plant organs without resorting to labori-
ous and hazardous procedures. A tremendous amount of
information can be derived from these. They have natural
colors because they have not been extracted with organic
or caustic chemicals. This can be very important in plant
pathology if you want to know the exact symptoms or
signs of a disease. Sections need not be extremely thin
to be of use. In addition, they do not need to be complete
or uniform. They provide three-dimensional information,
which is not available with extremely thin sections. Your
initial attempts at hand sectioning will be frustrating;
however, you will become proficient.

Procedures 3.8 through 3.10 work well for stems,
petioles, and roots. Leaves are more difficult to section
because they are very flexible. One way to overcome this

is to make a sandwich of three (5 x 10 mm) pieces of leaf
blade attached to the midrib. A reasonable cross-section
can be obtained by pressing the leaf pieces together and
cutting across the leaf pieces. Another way to do this is to
use artificial cork as a support medium. This is far superior
to real cork. Hold a 5 x 10 mm leaf piece between two lay-
ers of artificial cork to make cross sections. You may want
to trim the excess “cork’ away from the end so that you do
not need to cut through too much of it. Real cork works but
is more difficult to use. You can purchase commercial pith,
but it is expensive and delicate. Fresh carrot can be used,
but there is much debris from it, and it is rather slippery.

ADDING CoVERsLIPS TO WET MOUNTS

It is best to use 22 x 40 mm rather than 22 x 22 mm cov-
erslips with wet mounts. It is essential that air bubbles be
avoided when adding coverslips to wet mounts. These will
interfere with your observations. To avoid air bubbles, fol-
low the steps outlined in Procedure 3.9. Basically, use
forceps or a dissecting needle to support one end of the
coverslip while it is slowly lowered onto the wet mount.
This allows the specimen to be covered by any solution
without the formation of large air bubbles. Be sure to
wipe excess fluid from the bottom of the slide. Otherwise,
the slide will stick to the stage and prevent its transport.
Furthermore, excess fluids can damage the stage.
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Procedure 3.9
Proper Method for Adding a Coverslip to a Wet Mount
Step Instructions and Comments

1 Place your samples in 2-3 drops of water or stain in the center of the slide.

2 Usealarge (20 x 40 mm) coverslip. Place one end of the coverslip on the slide at a 45° angle without touching
the solution containing the specimens. Steady this end with your thumb and index finger.

3 Grasp the other end of the coverslip with fine forceps. Alternatively rest it on a dissecting needle. Slowly lower
the forceps or needle until the coverslip touches the solution. Continue until the forceps or needle touches the
slide. Release your grip on the forceps. Slowly remove the forceps or needle by sliding them along the slide.

4 Remove excess solution by touching the side of a Kimwipe or paper towel near one of the coverslip edges. Be
careful to not sponge out your samples with the excess solution. Slowly remove the Kimwipe so that you do
not drag the coverslip over the slide.

5 If you have been using a stain that must be removed, add water to one end of the coverslip. Withdraw the stain
at the opposite end by blotting with a Kimwipe or paper towel.

6

Wipe excess fluid from the bottom of the slide or else it will stick on the stage and make slide transport dif-

ficult. Excess fluids may damage the stage or other microscope parts.
7  Carefully place the slide into the slide holder on your stage.

STAINS FOR FRESH SECTIONS

It is important to examine unstained samples prior to
staining. Plant parts often have natural pigmentation
that may not be obvious. This may lead to a misinterpre-
tation of staining reactions. Furthermore, staining often
masks natural pigmentation. Consequently, you are los-
ing data if you do not examine the unstained sections.

SAFETY

All stains have some safety risk associated with them.
Wear nitrile gloves in the lab to prevent staining your
hands. Never touch your eyes and always wash your
hands as soon as possible after using these stains and
after any lab in which chemicals have been used.

STAINS

Phloroglucinol

Phloroglucinol dissolved in 20% HCI stains ligni-
fied, cutinized, and suberized walls a red to pink to an
orange color (O’Brien and McCully 1981; Berlyn and
Miksche 1976). It is good for staining lignified cells,
like sclereids, fibers, and xylem tracheary elements. It
also stains the epidermal cuticle. The stain is very easy
to use.

Place the sections in the stain, apply a coverslip,
and wait for few minutes to observe. You do not need
to remove the stain, but you can by applying water to
one edge of the coverslip and drawing the stain out the
other side with a Kimwipe or paper towel. Because it is

dissolved in 20% HCI, it can damage the microscope or
your clothes. Be careful to remove the excess stain from
your slides and work areas.

IKI

IKI stands for Iodide (I) and Potassium lodide (KI). It
stains starch a blue-black to brown color (O’Brien and
McCully, 1981; Berlyn and Miksche, 1976). It can be used
exactly as described for Phloroglucinol. It also imparts a
golden color to cell walls and nuclei, although this inci-
dental staining is not specific for any substance in them.

Toluidine Blue O

Toluidine Blue O stains lignified walls a blue to blue-
green color and pectin-rich walls pink (O’Brien and
McCully, 1981; see Procedure 3.10 for details). Some
walls, especially those of the phloem, may not stain at
all. It is a fast-acting stain, and hence, overstraining may
destroy its specificity. You need to act quickly with this
stain. It is good to compare results from Toluidine Blue O
with those from Phloroglucinol.

PoLARIZING FILTERS

A polarizing filter causes light to vibrate in one plane
and thus produces “plane-polarized light.” Light travel-
ing from a source vibrates in all possible planes. Imagine
many radii emanating from a common center. These
would represent the vibrational planes of the light beam.
A polarizer cuts out all but one of these. One can think
of polarizers as combs. A comb straightens tangled hair
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Procedure 3.10
Staining with Toluidine Blue O

Step Instructions and Comments

1 Use nitrile gloves to protect your hands from the stain. Add several sections to a drop of water on a slide. Now

add 2-3 drops of toluidine blue O to the water. Quickly add a coverslip as in Procedure 3.9. Remove the excess

stain by blotting with a Kimwipe. Wipe excess fluid from the bottom of the slide (Procedure 3.9). View right

away because this stain fades over the time span of the lab.

2 Caution: 1t is difficult to remove toluidine blue O from clothing; therefore, use it carefully and clean any spills

with water. In addition, it is mildly poisonous, so avoid getting it on your skin as much as possible. Be sure to

wash your hands well after using the stain.

so that the strands are parallel to one another. Polarizing
filters “comb” light so that only one plane passes through.

If two polarizers are parallel to each other, light will
pass through because the plane-polarized light that passes
through the first filter is parallel to the “teeth” in the sec-
ond comb. However, if two polarizers are crossed at a
90° angle, no light passes through the second polarizer
because the first polarizer eliminates all light that vibrates
parallel to the “teeth” in the second polarizer. You can
verify this by holding one polarizer while looking at a
light source. Take a second polarizer in your other hand
and superimpose it on the first. Turn either one until the
light is completely blocked. You can do this with polar-
ized sunglasses.

If a crystalline object is placed between crossed
polarizers, it will depolarize the light that passes through
the first polarizer (Berlyn and Miksche, 1976). This prop-
erty is known as birefringence. The birefringent mate-
rial will create light that vibrates in the same plane as the
second polarizer, and it will be visible while all else will
be dark. Cell walls, crystals, and starch grains are bire-
fringent and become apparent using crossed polarizers.
This works with unstained and some stained sections.
However, staining with IKI may destroy the birefringent
properties of starch grains.

Inexpensive polarizing filters can be purchased
from ScientificsOnline.com, and also polarizing filters
designed for cameras can be used. Use neutral gray
polarizing filters. Circular polarizers work better than
linear polarizers for microscopy.

* Place one polarizer over the field diaphragm.

* Place another over your ocular or wear polar-
ized sunglasses.

* Focus on your sample.

* Rotate the polarizer over the field diaphragm.

Thick cell walls, starch grains, or crystals will become
bright while the background becomes dark. Intermediate
effects are also possible and can reveal subtle features

that are not visible otherwise. If you want to photograph
your results, you will need to place one polarizer between
the specimen and your camera lens.

DISSECTING OR STEREO MICROSCOPES

Dissecting microscopes are also called stereo micro-
scopes because they contain two separate light paths that
travel to separate oculars. The specimen is seen from
two different angles. This results in three-dimensional
images. This is a vital feature for viewing and dissect-
ing three-dimensional subjects. Early dissecting scopes
consisted of two monocular scopes bound together.
Compound scopes visualize only one light path that goes
to both of the oculars. This produces a two-dimensional
image. Dissecting scopes have many similarities to com-
pound microscopes (Figures 3.1 and 3.2). The basic parts
of a dissecting scope are as follows: base, stage, arm,
focus knob, body, magnification knob, and oculars.

* Locate the major parts of the dissecting scope
by referring to Figure 3.2.

Some dissecting scopes have a transillumination base.
There is a mirror in the base that can direct light through
the specimen. This is used to examine translucent speci-
mens. It can provide an overview of a large translucent
sample that cannot be seen with a compound scope. The
mirror can be rotated using a knob in the base. This
yields various angles of illumination. The mirror usu-
ally has a white opaque back that can provide diffuse
reflected light.

In most cases, epiillumination is used. There may be
a “built-in” illuminator or a slot for placing an epiillu-
mination light source above and behind the microscope
body (Figure 3.13). This avoids creating shadows as the
sample is manipulated on the stage. There may be a way
to vary the illumination angle. The American Optical
Stereo Zoom scope has two contiguous slots at different
angles. In many cases, you will use a separate epiillumi-
nator or a pair of them that can be positioned around the
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Fixed epiilluminator

Mirror control knob

FIGURE 3.13 American Optical stereo zoom microscope
with transillumination base showing the mirror and its con-
trol knob plus an illuminator placed in one of the twin ports
that are designed to provide two angles for epiillumination
from behind the body of the microscope. (Courtesy of D.T.
Webb.)

scope on your lab bench. There is an adjustable arm that
can be used to vary the direction of light. This provides
considerable flexibility. Fiber optic illuminators may
have one or two flexible light guides that can be bent to
provide many angles of illumination (Figure 3.14).

» Identify the types of illuminators available for
your scopes.
» Explore their utility with various types of samples.

Uniform, shadow-free illumination can be obtained
from ring illuminators mounted just below the objectives
(Figure 3.14). Fluorescent ring illuminators are inexpen-
sive and do not produce damaging heat. Light-emitting
diode (LED) ring illuminators can produce more light
than fluorescent illuminators and are relatively ‘“heat-
free.” Fiber optic ring illuminators are available, but are
significantly more expensive than other light sources.
They also produce “cool” light because the heat is dis-
sipated by the transformer box. Shadow-free illuminators
are extremely useful for most situations, but the ability to
produce shadows in a controlled fashion can be helpful in
obtaining three-dimensional relief from your specimen.
The stage has either a removable plate that is trans-
lucent or a plate that is white on one side and black on
the other. This allows you to vary the background. Stage
clips can usually be attached to the base. These are used

David T. Webb

Fiber optic light pipe

FIGURE 3.14 Zeiss stereo microscope with two types of illu-
minators. One is a ring illuminator, which provides shadow-
free light. The other is a fiber optic illuminator that has two
flexible light pipes. These can be adjusted to provide light from
various angles. This scope also has an iris diaphragm, which
increases the depth of field. This is especially useful for pho-
tography. (Courtesy of D.T. Webb.)

for samples mounted on glass slides, but can secure some
other large samples. There are mechanical stages for
stereo scopes. These work like the same devices on com-
pound scopes and are useful when fine adjustments are
necessary. There are also clever devices that allow you to
tilt your samples. Modeling clay or plasticine can be used
to stabilize small samples.

There is typically one focusing knob on each side
of the arm, but generally there is no fine-focusing knob.
Rotating the focusing knob moves the microscope body
up and down. Objectives are located near the base of the
body. Magnification is controlled by a knob that is located
either on the side or at the top of the body. Older and less
expensive microscopes (Figure 3.14) contain a set of fixed
objectives that are rotated into the light path by turning
the knob. Most modern dissecting scopes have zoom
objectives that can achieve continuous magnification over
a range, which is typically 1x to 3x. Auxiliary objective
lenses can be fitted over the “built in” objectives much
like camera filters. These can increase or decrease the
magnification.

Some stereo scopes have an iris diaphragm inside the
body (Figure 3.14). There is a dial or knurled ring that
is used to control the opening of the iris. Closing this
increases the depth of field and is useful for photography.
It will diminish the amount of light that gets through but
can be useful during some dissections. This is usually not
present on inexpensive microscopes.
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The oculars are inserted into tubes that are attached
to the body. These are similar to oculars used on a com-
pound microscope. They must be adjustable for your eyes
by following the steps in Procedures 3.2. and 3.3.

There may be an ocular micrometer in one of the
oculars. To calibrate this, you may be able to use the
same stage micrometer that is used to calibrate a com-
pound scope. Otherwise, use an extremely accurate ruler
like the one that can be obtained from Ted Pella Inc.
(Product # 54480). Similar calibration aids may be avail-
able, but when in doubt, use the best ruler you can obtain.

SUMMARY

In this chapter, we documented the proper way to use
compound and stereo microscopes. We emphasized the
compound microscope that is more complex in design
and more complicated to use. The process of achieving
Koehler illumination is presented along with the proper
use of the condenser and oculars. Instructions for the cal-
ibration of an ocular micrometer with a stage micrometer
are provided. The production of fresh sections and the
interpretation of various plant stains and polarizing fil-
ters are discussed. Various ways to illuminate specimens
for stereo microscopes are reviewed.
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A-Z Microscope Glossary of Microscope Terms (http:/
www.az-microscope.on.ca/glossary-of-terms.html).
Microscopy Primer (http://www.microscopy-uk.org.uk/index.
html).

Molecular Expressions Optical Microscopy Primer (http:/
micro.magnet.fsu.edu/primer/index.html).

Nikon Microscopy U (http://www.microscopyu.com/).
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4 Plant Pathogenic Viruses

Marie A.C. Langham and Judith K. Brown

CoNCEPT Box

e Viruses are unique, submicroscopic, and obligate pathogens.

e Viruses are composed of RNA or DNA genomes surrounded by a protein coat (capsid).

* Plant viruses replicate through the assembly of previously formed components, and replication is not separated

from the cellular contents by a membrane.

e Plant virus species are named for the host from which they are originally associated and the major symptom that
they cause. Virus species are grouped into genera and families.

* Plant viruses are vectored by insects, mites, nematodes, parasitic seed plants, fungi, seed, and pollen.

* Plant viruses can be detected and identified by biological, physical, protein, and nucleic acid properties.

Plant viruses are deceptively simple in their structure
and incredibly small. However, this simplicity leads to
an intensely interactive relationship and dependency
between virus, host, and vector. Comprehending the
mechanisms unique to this relationship is vital to under-
stand plant viral diseases. During the past 30 years, our
understanding of plant viruses, how they function, and
why they cause disease has exceeded the limits imagined
by early virologists. Today, new plant viruses are identi-
fied rapidly and our awareness of the pathological impact
caused by known and newly emerging viruses continues
to increase. This impact affects producers and consum-
ers most clearly through economic losses caused by the
reduction of yield or quality, adversely affecting plant
growth and reproduction, death of host tissues and plants,
sterility, crop failure, increased susceptibility to other
stresses, loss of aesthetic value, quarantine or eradication
of infected plants, and the cost of control and detection
programs (Waterworth and Hadidi, 1998).

There is a growing evidence that many viruses exist
in the ecosystem that aid in balancing the biodiversity
and nutrient recycling, as well as providing protection
against invasion of the host by an exotic, possibly more
damaging virus. This concept, when applied to most
viruses, including plant virology, is still poorly under-
stood, but present and future research that incorporates
deep sequencing and community ecological consider-
ations to advance our understanding is expected to create

many new and perhaps even surprising principles about
virus pathogenicity, virus evolution, and host—parasite
interactions. The intricate relationship of virus, vector,
and plant host complicates strategies for virus control in
cultivated plants and for decreasing the losses that plant
viruses cause. Plant viral disease management programs
depend on our understanding of the virus—host relation-
ship, and viral disease control remains one of the greatest
challenges for the future of plant virology.

WHAT IS A PLANT VIRUS?

Plant viruses are a unique kind of organism that con-
tains, minimally, a nucleic acid genome and a coat pro-
tein. They rely on living cellular organisms to contribute
diverse biochemical resources (nucleic acids and pro-
teins, and possibly lipids, sugars, and energy) that are
needed for multiplication, systemic infection of the host,
and departure from that host to infect a new one, deriv-
ing from the host for nearly all of their “life-sustaining”
functions. The word virus is taken from a Latin word
meaning “poison.” They are parasitic on their hosts for
energy because they cannot produce or store energy in
the form of adenosine triphosphate (ATP).

Plant viruses are a diverse group among viruses
that infect hosts from unicellular plants to trees. Despite
this diversity, plant viruses share a number of charac-
teristics. A good definition of plant viruses focuses on
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characteristics that all plant viruses have in common.
Some plant viruses also infect hosts other than plants,
including fungi, insects, and possibly mites and nema-
todes. These cross-kingdom affiliations are thought to
come about through virus “host shifts” in which the virus
evolves the ability to enter and/or multiply and systemi-
cally infect previously immune species. It is much more
difficult to decipher the exact origin of viruses before
they specialized in plants.

GENOMES AND GENOME DIVERSITY

Viruses have nucleic acid genomes, which may be either
ribonucleic acid (RNA) or deoxyribonucleic acid (DNA).
No plant virus has been discovered that includes both the
types of nucleic acids. However, there are many varia-
tions in the structures of the viral genomes. The nucleic
acid may be single-stranded (ss) or double-stranded (ds),
and it may be linear or circular. The genome may be on
a single piece of nucleic acid (unipartite genome) or on
multiple pieces (multipartite genome). These pieces
may be encapsidated in a single particle or in multiple
particles.

There is more biological diversity within viruses than
in all the rest of the bacterial, plant, and animal kingdoms
combined. This is due to the ability to coevolve with all
kinds of living organisms. There are examples of viruses
that parasitize all known groups of living organisms.

Higher
eukaryotes

Genome size

Prokaryotes

10 T T T
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Understanding the ways in which viruses are diverse and
the extent of the diversity within and between different
viruses are key to comprehend the interactions of viruses
with their hosts. Diversification in viruses occurs through
multiple mechanisms, including mutation, recombination,
and reassortment. The mutation rate is not the same for
all kinds of viruses (Figure 4.1), presumably because they
coevolve with the host, which also differs with respect to
diversification. In addition, each kind of virus has an effec-
tive genome size that influences the rates of change that are
allowable to maintain genomic stability.

CAPSIDS

Viruses have one or more protein coats or capsids sur-
rounding their perimeter. These capsid layers are com-
posed of protein subunits. The subunits may be composed
of the same or different types of protein. For example,
Tobamoviruses have one type of protein subunit in their
capsids, whereas Comoviruses have two types of protein
subunits, and Phytoreoviruses have six to seven types of
structural protein subunits in their capsids (International
Committee on Taxonomy of Viruses [ICTV], 2014).
Some viruses may also have a lipoprotein layer associ-
ated with them. Viruses that have lipid membranes or lay-
ers are expected to interact with cell membranes, and if it
is a plant virus, it is likely to infect an insect or other kind
of animal host also.

RNA virus
Viroid

|
107 107 10® 107

| | | | | |
10° 107 10

Mutation rate

FIGURE 4.1 Relationship between size and mutation rate per nucleotide size of different genomes, with major groups of viruses.
(http://viralzone.expasy.org/all_by_species/4136.html [accessed July 1, 2016].
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Si1ze AND CELLULAR ASSOCIATION

Viruses are ultramicroscopic; that is, they cannot be
observed using a light microscope. Their visualization
requires an electron microscope, which uses a beam of
electrons instead of visible light. The narrower wave-
length of the electron beam allows the resolution of
smaller objects such as cell organelles and viruses. The
relative size comparisons of viruses with other organisms,
cells, diverse small molecules, and atoms are illustrated
in Figure 4.2. Viruses are measured in units called nano-
meters (10-° m). More information about viral structure
can be learned by applying atomic-level instrumentation,
such as x-ray crystallography to reconstruct interactions
between molecules and atoms comprising them. Most
plant viruses vary in diameter from 20 nm to 250—400 nm
(I nm = 0.0000008 in.); the largest, however, measure
about 500 nm in diameter and is about 700—1000 nm
in length. Plant viruses are quite small compared with
some newly discovered viruses found in the ocean, the
mimiviruses and pandoraviruses, which are some of the
largest known viruses and whose genomes contain 1-2.5
megabases (Mb) (1 Mb = 1,000,000 base pairs of DNA).
Viruses and their hosts have a more basic relationship
than other pathogen systems. Viruses are not separated
from their host by a membrane during replication (Hull,
2009). Viruses infect the cellular structure of the host
and control a part of the subcellular plant systems. Their
dependency on their host for all the basic metabolic sys-
tems that are needed to replicate the virus enhances the
need for this. You can visualize it as the virus moving into
the cell and starting to reprogram some of its functions.
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OBLIGATE PARASITES

Viruses are obligate parasites. The simplicity of the virus
leads to its dependence on the host for many functions.
Viruses have no systems for the accumulation of meta-
bolic materials. They have no systems for energy gen-
eration (mitochondria), protein synthesis (ribosomes), or
capturing light energy (chloroplasts). Thus, viruses are
dependent on their host for these functions plus nucleic
acid and amino acid synthesis.

REPLICATION BY ASSEMBLY

Viral replication is dependent on the assembly of new
particles from pools of required components (Hull,
2009). These components are synthesized as separate
proteins or nucleic acids using the host enzyme systems
and the infecting viral genome. New particles are then
assembled using these materials. This type of replica-
tion contrasts strongly with binary fission or other meth-
ods of replication found in prokaryotic and eukaryotic
organisms.

HOW ARE VIRUSES NAMED?

Plant viruses are typically named for the host that they
are infecting when originally described and for the prin-
cipal symptom that they cause in this host. The word
virus follows these two terms. For example, a virus
causing a mosaic symptom in tobacco would be tobacco
mosaic virus (TMV). This is the species name for the
virus.

[o8)
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X-ray
NMR

FIGURE 4.2 Relative size comparisons of viruses and types of instrument required to observe them. (Adapted from Levine, A.J.,
Viruses, Scientific American Library, New York, NY, 1991. With permission of Henry Holt and Company, LLC.)
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HOW ARE VIRUSES CLASSIFIED?

TaxoNomMy AND CLASSIFICATION

Viruses occupy a special taxonomic position: they are
not plants, animals, or prokaryotic bacteria (single-cell
organisms without defined nuclei), and they are gener-
ally placed in their own kingdom. In fact, viruses should
not even be considered organisms, in the strictest sense,
because they are not free-living in the classical sense;
that is, they cannot reproduce and carry on metabolic
processes without a host cell.

The first universally accepted classification system
applied to viruses in general was the Baltimore classifi-
cation system, devised by David Baltimore (1971), which
grouped viruses into seven groups (then, families) by the
type of genome, strandedness (ss or ds) of the RNA or
DNA (nucleic acids), and method of replication. Later, it
was observed that viruses classified together in this way
could be further separated into groups that shared a simi-
lar particle shape and size (Figure 4.3).

The use of the species concept in plant virology began
in the recent years following much debate concerning what
constitutes a virus species (van Regenmortel et al., 2000).
Following the first use of the species name, the virus is
referred to by the abbreviation that is given in parenthesis
after the first use of the species name. Two levels of taxo-
nomic structure for grouping species are the genus, which is
a collection of viruses with similar properties, and the fam-
ily, which is a collection of related virus genera (Figure 4.4).
Cowpea mosaic virus (CPMV) is a member of the genus
Comovirus and the family Secoviridae (ICTV, 2014). Virus
species may also be subdivided into strains and isolates.
Strains are named when a virus isolate proves to differ from
the type of isolate of the species in a definable character, but
it does not differ enough to be a new species (Hull, 2002).
For example, a virus strain may have altered reactions in an

Marie A.C. Langham and Judith K. Brown

important host, such as producing a systemic reaction in a
host that previously had a local lesion reaction or the strain
might had an important serological difference. Strains rep-
resent mutations or adaptations in the type of virus. Isolates
are any propagated culture of a virus with a unique origin
or history. Typically, they do not differ sufficiently from the
type of isolate of a virus to be a strain.

The International Union of Microbiological Societies
(IUMS) has charged the ICTV, a committee of the
Virology Division, with the task of developing, refining,
and maintaining universal virus taxonomy (Figure 4.5).
The goal is to categorize all known viruses using a sin-
gle classification scheme that reflects their evolutionary
relationships through individual phylogenies, similar to
a “family tree” that is based on viral genome or gene
sequences. Based on the groupings, the ICTV develops
an internationally agreed upon taxonomic structure, and
the classification and nomenclature follow rules that are
established in an “International Code.” The universal
scheme is applied to all viruses and uses the hierarchi-
cal levels of order, family, subfamily, genus, and spe-
cies. The primary classification, as in all of biology, is
the species. The taxonomy and names for all of the dif-
ferent groups of known viruses, and the taxonomic rules
and nomenclature, are posted at the ICTV website (http://
www.ictvonline.org/index.asp). The purpose of nam-
ing a virus (taxon) is to have a way to refer to it, not to
indicate its characteristics or the history. If a new kind
of virus is found that does not yet adhere to an existing,
ratified group, then it is considered “unclassified” until
sufficient information becomes available to classify it.
The ICTV is not responsible for classifying or naming
virus taxa below the species level. This is the responsibil-
ity of the international specialist groups, referred to as
Study Groups that represent each virus family. The clas-
sification and naming of serotypes, genotypes, strains,

1.1 Group L: Double-stranded DNA viruses
1.2 Group II: Single-stranded DNA viruses
1.3 Group III: Double-stranded RNA viruses

1.4 Group IV & V: Single-stranded RNA viruses

Classifications

1.4.1 Group IV: Single-stranded RNA viruses—Positive sense
1.4.2 Group V: Single-stranded RNA viruses—Negative sense
1.5 Group VI: Positive-sense single-stranded RNA viruses that replicate through a DNA intermediate

1.6 Group VII: Double-stranded DNA viruses that replicate through a single-stranded RNA intermediate

FIGURE 4.3 Baltimore virus classification system. (From Baltimore, D., Bacteriol Rev., 35, 235-241, 1971.)
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FIGURE 4.4 Examples of recognized plant virus families showing different viral particle morphologies with genome type.
(From Van Regenmortel et al., Seventh Report of the International Committee on Taxonomy of Viruses, Academic Press,
San Diego, CA, 2000. Available from: https://www.researchgate.net/figure/278704382 _fig5_Figure-1-1-Families-and-Genera-
of-viruses-infecting-plants-Courtesy-MHV-van-Regenmortel [accessed July 1, 2016].)

variants, and isolates of virus species is the responsibility
of acknowledged international specialist groups.

WHAT ARE THE IMPORTANT HISTORICAL
DEVELOPMENTS IN PLANT VIROLOGY?

One of the first references to a disease caused by a plant
virus occurred during Tulipomania in seventeenth-century
Holland (1600-1660; Hull, 2009). This is an unusual case
of a virus that increased the value of infected plants. It
began with the importation of tulips into Holland from
Persia. The beautiful flowers quickly became popular and
were grown throughout Holland. People began noticing
that some flowers were developing streaks and broken color
patterns. These tulips were called “bizarres,” and people
quickly learned that they could produce more bizarres by
planting a bizarre tulip in a bed or by rubbing the bizarres
bulb onto plain tulip plants. They did not realize that they
were transmitting a pathogen. Bizarres became so popular

that a single bulb was worth large sums of money, thou-
sands of pounds of cheese, or acres of land. One case is
recorded where a man offered his daughter in marriage in
exchange for a single bizarre tulip bulb.

In 1886, Adolf Mayer scientifically confirmed a pri-
mary principle of plant virology when he transmitted
TMYV to healthy tobacco plants by rubbing them with
sap from infected plants. The newly rubbed plants dis-
played the same symptoms as the original infected plants
(Scholthof et al., 1999). Mayer’s research established the
contagious nature of plant viruses and the first procedure
for mechanical transmission of a virus. Today, mechani-
cal transmission enables virologists to transmit some
viruses for experimental purposes and to evaluate plants
for resistance and tolerance to viral diseases.

The independent experiments of a Russian scientist,
Dmitri Ivanowski, in 1892, and a Dutch scientist, M.W.
Beijerinck, in 1898, first indicated the unique nature of viral
pathogens. Both scientists extracted plant sap from tobacco
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FIGURE 4.5 Organizational chart of the International Committee on Taxonomy of Viruses (ICTV). http:/www.ictvonline.org/

organization.asp [accessed July 1, 2016].)

plants infected with TMV. The sap was then passed through
a porcelain bacterial filter that retained bacteria and larger
pathogens. If bacteria or other organisms were the cause of
the disease, the filter would have retained the pathogen, and
the sap that had been passed through the filter would not
transmit the disease. When Ivanowski or Beijerinck filtered
sap from TM V-infected plants and inoculated the filtered
sap onto healthy tobacco plants, the plants became dis-
eased. Beijerinck recognized that this indicated the unique
nature of this disease. Beijerinck declared that TMV was a
new type of pathogen that he called a contagium fluidium
vivium (a contagious living fluid; Scholthof et al., 1999).
Later scientists discovered that the ultramicroscopic parti-
cle nature of viruses was not truly fluid. However, this was
the first indication that viral pathogens represented a new
and unique type of pathogen.

Clues to this unique nature would wait until the research
of WM. Stanley in 1935. Working with TMV, Stanley
extracted gallons of plant sap and used the newly developed
technique of protein fractionation by precipitation with salts
and other chemicals. Each fraction was tested by inocula-
tion on susceptible hosts to determine where the infectivity
remained. Gradually, Stanley isolated the infective fraction

into a pure form in which he crystallized TMV. Stanley was
the first person to purify a virus, and in 1946, he was awarded
the Nobel Prize for this accomplishment (Scholthof, 2001).

In Stanley’s first analyses of purified TMV solu-
tion, he found only protein. In 1936, Bawden and Pirie
found the presence of phosphorous, which indicated
that the solution contained nucleic acid (Bawden et al.,
1936). Fraenkel-Conrat was able to isolate the RNA from
TMYV in 1956 and used it to infect healthy tobacco plants,
proving that the RNA was the source of infectivity and
establishing that RNA contained the genome of TMV
(Fraenkel-Conrat, 1956; Creager et al., 1999).

In this section, we have discussed only a few of
the most important historical principles in plant virol-
ogy. However, the brevity of this section should not be
used to judge the importance of historical research. The
theory and accomplishments of today’s research in plant
virology is built upon the accomplishments of many
researchers who preceded today’s researchers, and their
contributions are the foundation for tomorrow’s research.
A comprehensive history of virology, including animal,
human, bacterial, and plant virus examples, is available
as an eBook, Foundations of Virology (2014).
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WHAT ARE THE SYMPTOMS FOUND
IN PLANTS INFECTED WITH VIRUS?

Symptoms are the host’s response to infection and typi-
cally the first signal that attracts the attention of the
pathologist, producer, or homeowner. However, viruses
are sometimes referred to as great imposters because viral
symptoms are often mistaken for other diseases or condi-
tions. Viral diseases may be misidentified as nutritional
deficiencies, toxins, genetic abnormalities, mineral tox-
icities, pesticide damage, environmental stresses, insect
feeding, or infection by other plant pathogen groups.
Symptomatology can provide a strong first indication of
a possible viral infection, but it cannot be utilized as the
sole basis for diagnosis, due to possible confusion with
other conditions. Classic symptoms of viral infections
can be grouped by their similarities. The two primary
categories are symptoms caused by localized infection
and symptoms caused by systemic infections.

SYMPTOMS CAUSED BY
LOCALIZED INFECTION

LocAL LEsiONS

Local lesions (Figure 4.6) are often the initial symp-
tom that develops on an inoculated plant and are usu-
ally observed within 3-4 days of viral inoculation.
They occur when viral infection moves from cell to cell.
This symptom can be generated by the host’s defense
responses triggering cell death in a hypersensitive reac-
tion to the presence of the infecting virus, or by the
virus’s lack of compatible systemic movement mecha-
nisms. Plant viruses may overcome this initial defensive
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reaction to spread systemically, or they may never
spread beyond the initial infection site. Local lesions
may be either necrotic or chlorotic. In virus and host
combinations that produce local lesions, they can be uti-
lized to quantify viral infectivity levels by inoculating
a host with a specific volume of a solution containing
extracted virus and counting the number of local lesions
that are produced in the inoculated area.

SYMPTOMS CAUSED BY
SYSTEMIC INFECTION

SympToMs BASED ON CHANGES IN
CHLOROPHYLL OR OTHER PIGMENTS

Patterns of lighter and darker pigmentation are usually
referred to as mosaics or mottles (Figure 4.7). Areas of
lighter pigmentation may be pale green, yellow, or white
and are caused by decrease in chlorophyll, decrease or
destruction of chloroplasts, or other damage to the plant’s
chlorophyll system. Other theories suggest that mosaics and
mottles may also be due to increased pigmentation in the
areas of darker green. TMYV is a classic example of a virus
that can produce mosaic in systemically infected hosts (see
Case Study 4.1). When mosaics develop in a floral part,
this can be referred to as a color break. Other types of
patterning that can be formed from changes in chlorophyll
or other pigments include stripes, streaks (Figure 4.8),
ringspots, line patterns, vein banding (Figure 4.9), vein
clearing, and yellows (Figure 4.10). Necrosis or death of
cells, tissues, or organs often follows the development of
one more symptom types associated with changes in host
plant pigments (Figure 4.11; Verbeek et al., 2007).

FIGURE 4.6 Local lesions on Chenopodium amaranticolor.
A number of plant viruses cause symptoms like these when
inoculated to this indicator species. (From Hull, R., Matthews’
Plant Virology (4th ed.), Academic Press, New York, NY, 2002.)

FIGURE 4.7 Mosaic and distortion are prominent on the
leaf of this plant infected with Squash mosaic virus (SqQMV).
(Courtesy of M. Langham.)
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CASE STUDY 4.1
Tosacco mosaic virus (TMV)—A “StaBLE” PrRoOBLEM IN ToMATO PRODUCTION

e TMV is a serious problem to commercial and home tomato production.

e TMV causes a light to dark green mosaic when infecting tomato. Some TMV strains may also produce a
bright yellow mosaic in tomato.

* Deformation of the leaves includes curling, size reduction, and malformed shapes.

» Tomato fruits ripen unevenly, and they are reduced in both size and number. At times, tomato fruits may
develop internal browning, particularly in the earliest clusters.

e TMV is a highly stable virus and has high rates of mechanical transmission.

e TMYV adheres to the drying tomato seed and survives the desiccation during drying due to its stable nature.
Thus, it is borne on the exterior of these seed as a contaminant. As the seedling emerges from the germinat-
ing seed, any minor wound allows TMV to infect the seedling.

e Workers, who handle infected plants during transplanting, pruning, or other normal greenhouse activities,
contaminate their hands with TMV during these processes.

e After contaminating their hands, workers may infect any healthy plants they contact and injure. Even a tiny
injury can be enough for TMV to infect the plant.

* Additionally, workers who use tobacco products, such as cigarettes or smokeless tobacco, may contaminate
their hands with TM'V while handling these products and transmit TMV through mechanical transmission
while handling the tomato plants.

» Identification and detection to establish the identity of the virus infecting the crop is an important foundation
for viral disease management. Knowing the correct identity aids in selecting appropriate resistance sources,
developing vector control plans, and selecting other appropriate tools such as planting dates, sanitation plans,
and eradication protocols.

* Host plant resistance provides the first line of defense against viral diseases.

» Resistance is a management tool that should be utilized whenever possible.

* In tomatoes, several single dominant genes have been identified for resistance to TMV and are available
in a variety of tomato cultivars. However, utilizing host plant resistance depends on careful consideration
when purchasing seed and cannot help the current tomato crop if it is susceptible to TMV.

e Exclusion of primary inoculum is another basic step in TM'V control.

e Since TMV is often introduced on contaminated seeds, purchasing seed that have been treated to eliminate
TMYV is a good option.

e If virus-free seeds are not available in the variety that you desire, disinfesting the seeds by seed treatment
with 10% Na;PO, for 15 min or by other established disinfestation protocols is recommended.

e Sanitation is a major control for TMV, especially in greenhouse production.

e The stability of TMV is difficult to conceive in comparison with the fragility of other viruses. TMV can
persist in contaminated soil; on benches, pots, gravel, and farm machinery; and even in Arctic ice cores.

* Due to TMV’s high stability, all equipment and surfaces in the production area should be cleaned with soap
and water, rinsed, and treated with a 10% bleach solution. Some decontamination methods include rinses
with 20% (weight to volume) powdered nonfat skim milk solution with 1% Tween 20 as addition of skim
milk has been shown to lessen TMV contamination.

* Workers in tomato production need to clean their hands and tools frequently. Tobacco users can become
contaminated with TMV by handling tobacco products and should take special care to disinfest when
entering tomato production areas.

» Eradication is also a vital step to TM'V control.

e In greenhouse tomato production, any plant or weed that is a potential host for TMV should be removed
from the production area. This includes plants surrounding the exterior of the greenhouse. Even in field
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production where complete removal is impossible, limiting these secondary hosts can improve TMV

control.

¢ Remove infected debris from the production area.

* Rogue infected plants. When removing infected plants, it is not enough to simply remove the plant show-

ing symptoms. Whether this plant is touching or rubbing another plant should be checked. TMV is highly

mechanically transmissible so that all plants surrounding the symptomatic tomato plant should also be

removed.

e Yield losses occur in both field and greenhouse tomato production. However, due to the confined nature and

labor-intense processes of greenhouse production, TMV is particularly devastating in greenhouse tomato

production, and it remains a constant problem.

FIGURE 4.8 Streaks and stripes in three wheat lines infected
with Wheat streak mosaic virus (WSMV). (Courtesy of M.
Langham.)

SympToMs CAUSED BY GROWTH ABNORMALITIES

Symptoms that are due to growth abnormalities can
affect any part of the host plant. The most common
growth abnormalities are stunting and dwarfing, which
are caused by a reduction in the size of the infected host
plant (Figure 4.12). Some viruses may stunt the plant only
slightly, whereas others affect the host plant dramatically.
Stunting may include changes in the size of all plant
parts such as leaves in addition to height. Stunting that
includes shortening of the internodes is often referred to
as a bushy stunt or a rosette. Growth abnormalities can
also result from tissue overgrowth. Tumors, galls, and
enations are examples of symptoms produced by hyper-
plasia and hypertrophy. Other growth abnormalities are
caused by a combination of overgrowth and undergrowth.
Distortions, epinasty, shoe stringing, and leaf rolling
are additional examples of abnormalities that are also
produced by viruses.

SYMPTOMS AFFECTING REPRODUCTION

If you question any producer about what is his greatest
concern about his crop, one of the most common answers
is “How much will my crop produce this year?” Viral

FIGURE 4.9 Vein banding in tobacco infected with a TMV
strain. (Courtesy of B. Ruden and M. Langham.)

symptoms that affect reproduction have some of the most
direct effects on the answer to this question. Sterility
directly affects the infected host plant’s ability to produce
viable seed. These effects may be through floral abnor-
malities, decreases in flowering, reduced viability of pol-
len or ovaries, inhibited seed development, or reduced
seed set. The production of sterility is also linked with
changes in the plant’s metabolism and changes in its
biochemical signaling that triggers flowering and seed
set. Yield losses (Figure 4.13) can take many forms in
addition to sterility. It may be a reduction in the total
reproduction of the plant. Seed or fruit produced may
be shriveled, reduced in size, and distorted or inferior in
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FIGURE 4.10 Foliar chlorosis and green vein banding of
melon plants infected with a Crinivirus (Closteroviridae).
(Courtesy of J.K. Brown.)

FIGURE 4.11 Veinal necrosis and interveinal chlorosis of
bean plant infected with virus.

quality. Wheat streak mosaic virus (WSMV) is a good
example of a virus that causes yield loss due to under-
sized and shriveled grain in addition to reducing the total
number of seeds set (see Case Study 4.2). Plum pox virus
(PPV) is an example of a virus that not only disfigures the
fruit but also reduces the carbohydrate level in the fruit of
the infected trees.

OTHER SyMPTOMS CAUSED BY PLANT VIRUSES

Some plant viruses cause their hosts to produce symp-
toms that are not often associated with viral diseases.

Marie A.C. Langham and Judith K. Brown

FIGURE 4.12 Symptoms in pepper infected with a
whitefly-transmitted Begmovirus (Geminiviridae), showing
shortened internodes, stunting, and reduced leaf size. (Courtesy
of J.K. Brown.)

FIGURE 4.13 Mature soybean plants (C, uninoculated; I,
inoculated) demonstrating the effect of Bean pod mottle virus
(BPMV) on soybean yield and productivity. (Courtesy of
M. Langham.)

Necrosis is the death of cells, tissues, organs, or the
whole plant. Although it seems to be a disadvantage for
a virus to kill its host, necrosis is a prominent symptom
produced in some infected host plants and may indicate
a basic incompatibility between the virus and the host.
Wilting is another unique symptom produced during
some viral infections (Figure 4.14).
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CASE STUDY 4.2
WHEAT sTREAK MOSAIC VIRUS (WSMV) IN WINTER WHEAT—FoLLOWING THE VECTOR

e WSMV is the most severe viral disease affecting winter wheat produced in the Great Plains region of the
United States. In addition to winter wheat, WSMV can infect spring wheat, oats, barley, rye, corn, sorghum,
millet, and many introduced and native grasses.

e WSMYV symptoms:

* Mosaic and streaking—WSMYV symptoms begin as mosaic patterns that develop in the leaf lamina between
parallel veins of the wheat leaf (Figure 4.8). As the mosaic intensifies, it spreads as streaks along the leaf
following the parallel vein pattern. Depending on the cultivar, environment, and stage of infection, the
streaks may be light green or yellow. Typically, the yellowing intensifies as the wheat develops. Leaves may
be predominately yellow in severe mosaic infections.

* Stunting—WSMYV also has a significant effect on plant height. Stunting in WSMYV can range from less than
5% to more than 75%.

* Growth and yield effects—WSMYV affects the number of secondary tillers developed by the wheat plant.
Wheat plants may also tend to flatten and spread toward the ground in a symptom called prostrating.
It may cause sterility in the grain, but more commonly, the grain is poorly filled. WSMV delays wheat
maturity. This adds to the yield loss in wheat-growing areas when drought conditions begin early in the
summer.

* Vector and disease cycle:

* The wheat curl mite, Aceria. tosichella Keifer, is an eriophyid mite that is approximately 0.2 mm. It serves
as the vector to transmit WSMV and continues its movement through the disease cycle. In the spring, the
mites move WSMYV from winter wheat to other hosts (spring wheat, corn, or annual and perennial grasses),
and in the fall, the mites infect the emerging winter wheat with WSMV.

* Host plant resistance is a primary management strategy for WSMV.

» In susceptible cultivars, yield losses of up to 70% can be observed depending on the cultivar and the envi-
ronmental conditions.

* No truly resistant cultivar is widely available, but cultivars with improved levels of resistance or tolerance
are available and should be selected whenever possible.

* Can controlling a vector always control the virus?

* In field situations, WSMV can often be identified beginning at the field margin and progressing inward
into the field with the prevailing wind. In this situation, producers often think about applying a miticide to
the plants that are showing symptoms. However, this typically does not control the virus spread or lessen
the WSMYV infection rate.

* How long does it take a plant to display symptoms once it is infected? It is often several days depending on
the environment. When the producer sprays only the symptomatic plants, the miticide does not cover the
plants that are infected but have no visible symptoms. Thus, the virus has already spread prior to applying
the miticide.

* Additionally, the plants displaying symptoms represent where the wheat curl mites were feeding 10-14
days ago. While it is true that this indicates that mite populations are established in this area, it does not
show the current advancing margin of the mite population, which has still been spreading for the 10-14
days those symptoms took to develop.

¢ Other controls for WSMV:

» FEradication—Eradicating all green plant materials, particularly volunteer wheat or grasses, for 2-3 weeks
before planting will decrease the primary inoculum sources that are present within the field and will lessen
the WSMYV incidence.

(Continued)
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e Cultural control—Delay in winter wheat planting until grass species around the field have died back for the

winter will also decrease the incidence of WSMV. As these grass species brown during the fall, wheat curl

mites move from dying host plants to plants that are green. Timing planting to miss the peak of this mite

movement avoids the emerging winter wheat being infected at its most susceptible stage.
e Eradication and delayed planting are good tools that producers do not always use due to other urgent needs

in fall scheduling or difficulty in judging peak mite movement.

FIGURE 4.14 Foliar necrosis and wilting symptoms in
tomato plant infected with “apex necrosis” disease transmitted
by whitefly (genus, Torradovirus; tamily, Sesquiviridae).

Recovery or symptom suppression is found with
some virus and host combinations. However, environ-
ment and plant stage may also affect this reaction. Other
viruses have the primary symptom of being symptom-
less. The cryptoviruses were not found for many years
due to remaining symptomless, although they are trans-
mitted in pollen and seed. Finally, some viruses, such as
Barley stripe mosaic virus (BSMV), cause abnormalities
in the segregation of phenotypic traits (aberrant ratio) or
may cause an increase in the mutation rate in the infected
host plants.

WHAT DO VIRUSES LOOK LIKE?

Virion shape is one of the most fundamental properties
of viruses. Plant viruses are based on four types of archi-
tecture or morphology. Icosahedral (isometric) viruses
are basically spherical in shape. However, on closer
examination, they are not simply smooth but are faceted.
These viral structures are suggestive of the geodesic
domes designed by Buckminster Fuller (Morgan, 2006).
Icosahedral viruses have 20 facets or faces. Second, rigid
rod viruses are all based on protein coats surrounding a
helical nucleic acid strand. Rigid rod viruses are typically
shorter and have a greater diameter than flexuous rods. In
addition, the central canal, an open region in the center of

the viral helix, is more apparent in rigid rod viruses. Third,
flexuous rods are typically very flexible and may bend
into many formations. They are narrow in diameter and
are longer than rigid rods. Lastly, bacilliform viruses are
short, thick particles (rods) that are rounded on both ends.
When particles are found with only one rounded end, they
are referred to as bullet-shaped. Electron micrographic
and computer models generated from crystallography
can be found at http://www.virology.wisc.edu/virusworld
/viruslist.php and http:/www.virology.net/Big_Virology
/BVHomePage.html.

HOW ARE VIRUSES TRANSMITTED?

Plant viruses are not capable of penetrating the plant
cuticle, epidermis, and cell wall. Thus, they cannot
disperse from plant to plant without the assistance of
a vector. Plant viruses are dependent on vectors to
breach the epidermal layer of the plant and to place
them within a living host cell. This dependency on
vectors is so great that sometimes it can be considered
to add an additional component to the classic disease
pyramid (Figure 4.15). Virus vectors include insects,
mites, nematodes, fungi, seed, and dodder (Chapter 17).
It also includes humans, animals, and other organisms
that transfer viruses through mechanical transmission.
For experimental transmission, viruses are often trans-
ferred using mechanical methods. This is discussed in

Favorable
. emg'{onment
Virulent = Susceptible
pathogen - host

‘@
Viriliferous
vector

FIGURE 4.15 The dependency of plant viruses on their
vectors can be visualized by the addition of a vertex to the
disease pyramid to illustrate this vital factor in viral disease
development.
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¢ Mechanical transmission allows the transmission of plant
viruses without a vector.

¢ An abrasive is used to make wounds that penetrate the
epidermal layers, cell wall, and cell membrane. Silica carbide is
the most widely used abrasive, but sand, bentonite, and celite
have also been utilized.

¢ These wounds must not cause the cell to die, because the viruses
are obligate parasites and require a living cell. This type of
wounding is described as nonlethal.

* Mechanical transmission is effective for viruses that infect
epidermal cells. Other viruses that are limited to other tissues
such as phloem are not mechanically transmissible.

e Some viruses that are highly stable such as TMV may be
mechanically transmitted through accidental contact between
healthy and infected plants, wounding the plants to allow
infected plant sap to be transmitted to the healthy plants. In
addition, contacting healthy plants after handling plants infected
with stable viruses may allow you to become the vector by
transmitting infected plant sap to the healthy plants.

¢ Mechanical transmission allows scientists to study the effects of
plant viruses without using the vector. It is also used in the
evaluation of new plant cultivars for viral disease resistance.

FIGURE 4.16 Mechanical Transmission of Plant Viruses

more detail in Figure 4.16 and diagrammatically shown
in Figure 4.17 and Experiments 1 (Procedure 4.1) and 2
(Procedure 4.2). Each virus evolves a unique and spe-
cific relationship with its vector. Viruses are dependent
on this complex interaction and have developed many
methods for capitalizing on the biology of their vectors.
Thus, understanding the relationship between virus and
vector is vital in developing control programs.

INSECT VECTORS

Approximately 90% of all known plant viruses are trans-
mitted by insects classified in the suborder, Homoptera
(order: Hemiptera) (see references in Hogenhout et al.,
2008). These insects feed in the vascular system of
the plant, either the xylem or the phloem, using small
slender stylets that penetrate the cells causing minimal
damage. During feeding on phloem or xylem contents,
feeding behaviors are utilized to ingest sap, dur-
ing which virus particles are taken up, “ingested,” or
delivered to the site with insect saliva when it is deliv-
ered during feeding, egested. Most of these viruses do
not replicate in their insect vector, but have evolved a
relationship by which they either adhere to particular
locations in the mouthparts or stylets, the foregut, or
circulate in the body and enter the salivary glands. In
these instances, the virus—vector relationship ranges
from relatively virus—vector specific for nonpersistently
transmitted viruses, which may have more than one vec-
tor species, to moderately to highly specific as occurs
with semipersistently or persistently transmitted viruses
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Mechanical inoculation
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FIGURE 4.17 Mechanical inoculation of plant viruses
requires wounding of the plant cell by an abrasive. Silica car-
bide particles rupture the cell wall (CW) and cell membrane
(CM) and allow viruses to enter the cell. Other structures
shown in the cell include nucleus (N), chloroplasts (CH), and
central vacuole (V). (Courtesy of M. Langham.)

that have one, several, or a single vector species, respec-
tively. Viruses that circulate and multiply in their vector
are thought to have evolved first as viruses of the insect
host and then to have adapted to the plant host, thereby
making a “host-shift.”

APHIDS

Aphids transmit more viruses than any other vector
group. Viruses have developed four types of interac-
tions with aphids. These interactions are dependent on
the infected plant tissue, the association of the virus with
the vector, and virus replication (or lack of replication) in
the vector (Table 4.1).

Nonpersistent Transmission

Viruses that are transmitted in a nonpersistent manner
infect the epidermal cells of the host plant. This type of
transmission is dependent on the sampling behavior of the
aphid that quickly probes in and out of the epidermal cells
in order to determine host suitability. The virus forms a
brief association with two sites. The first site is at the tip of
the stylet, and the second is found just before the cibarial
pump at the top of the stylet. This association lasts only
until the next probe of the aphid when it is flushed from
the stylet during the process of egestion. Nonpersistent



64

Marie A.C. Langham and Judith K. Brown

Procedure 4.1
Mechanical Transmission of Tobacco mosaic virus (TMV)

Step

Instructions and Comments

Control plants. Collect 0.1 g of healthy plant tissue. Grind the tissue thoroughly in a mortar and pestle. Add
9.9 mL of phosphate buffer. Grind the mixture again. Remove any plant material that has not been thoroughly
macerated. Add 1% silica carbide to the sap extract (silica carbide can also be dusted on the leaves with a
sprayer; however, adding it to the sap mixture decreases the amount that may be accidentally inhaled). Stir the
mixture well and thoroughly wet the inoculation pad. Silica carbide settles to the bottom of the sap extract and
must be stirred each time the inoculation pad is soaked. With the soaked inoculation pad, firmly, but gently,
rub the upper surface of the leaves on two tobacco plants. Excessive pressure will result in lethal damage to
the epidermal cells from the silica carbide; however, too little pressure will not wound the cells for viral entry.
Use paper tags to mark the leaves that are being inoculated. Note: For best results, complete the control plants
before you handle any infected plant material and thoroughly wash your hands between each step. In addition,
if your virus has a lower or higher concentration in the source plants than usual, the tissue and buffer ratio may
need to be adjusted for best lesion development.

Experimental plants. Repeat Step 1 utilizing infected plant tissue.

Observe plants for the next 2—4 weeks for symptom development.

Procedure 4.2
Mechanical Transmission of Plants for Host Ranges

Step

Instructions and Comments

Select a test virus and a compatible set of hosts.

Utilize five plants per species (for each student or group) for the experimental group and another group of five
plants per species for the control group. If you do not have the greenhouse space for every group of students
to do all of the host plants, assign different hosts to each group. An advantage of this format is that students
need to compare the symptoms that develop in the different species.

Prepare the sap extract from the control plants and inoculate the leaves as detailed in Procedure 4.1.

Prepare the sap extract from the infected plants and inoculate the leaves as detailed in Procedure 4-.1.
Changing inoculation pads between species is a good procedure in case one species is contaminated with a
seed-borne virus. Plants with viscous sap, such as Chenopodium, should be inoculated last as the sap may
contaminate the extract and cause inhibition of the virus.

Plants should be observed daily. Record the date of symptom appearance, symptom type, and changes in
symptoms as plants mature.

aphid transmission requires only seconds for acquisi-
tion and transmission and is increased by preaquisition
starvation or by any other condition that increases sam-
pling behavior of the aphid (Table 4.1). Evidence suggests
that in some nonpersistently transmitted viruses, such as
cucumoviruses, the ability to bind to the aphid is depen-
dent on a property of the coat protein, such as conforma-
tion or the binding of metal ions (Ng and Falk, 2006).
Nonpersistent transmission in other viruses requires the
presence of an additional protein called helper compo-
nent, helper factor, or aphid transmission factor to assist

in the binding of the virus to specific regions in the aphid
stylet. This binding is referred to as the bridge hypothesis
(Ng and Falk, 2006; Hull, 2009). Potyviruses are among
the most important group of viruses transmitted in a non-
persistent manner.

Semipersistent Transmission

Semipersistent viruses form an association with the lin-
ing of the aphid foregut. “Semipersistent” emphasizes
that these viruses are retained longer than nonpersis-
tent viruses. However, the phrase, “nonpersistently
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TABLE 4.1
Comparison of Aphid Transmission Characteristics
Types of Transmission
Persistent, Persistent,
Circulative, Circulative,
Characteristic Nonpersistent Semipersistent Nonpropagative Propagative
Tissue infected by Epidermis Mesophyll and phloem Phloem Phloem
transmitted virus
Virus interaction sites Stylet tip and preciberium  Foregut Hindgut and salivary Hindgut and salivary
glands glands; also infects many
tissues of the host
Type of feeding behavior Sampling Phloem probing Phloem probing Phloem probing
associated with
transmission
Acquisition time Seconds Minutes to hours 20 minutes to hours 20 minutes to hours
Inoculation time Seconds Minutes to hours 20 minutes to hours 20 minutes to hours

Retention time Minutes to hours

Latent period No No
Retained through molt No No
Found in the hemolymph No No
Replicates and infects the No No

host tissues
Transovarial passage— No No
infects offspring

Hours to days

Days to life Days to life

Yes (hours) Yes (days to weeks)
Yes Yes

Yes Yes

No Yes

No Yes

transmitted foregut-borne virus” is also used to describe
this group (Hull, 2009). Acquisition of these viruses
requires phloem-feeding leading to longer acquisition
times than nonpersistently transmitted viruses, transmis-
sion requires minutes, and retention of the virus typi-
cally lasts for hours (Table 4.1). Virus retention does not
last through the aphids’ developmental molts as the lin-
ing of the foregut is shed with the rest of the cuticular
exoskeleton. Semipersistent transmission may require the
presence of a helper component or a helper virus (Hull,
2002). Cauliflower mosaic virus (CaMV) is semipersis-
tently transmitted by aphids and depends on coat protein
and two nonvirion proteins in transmission (Ng and Falk,
2000).

Persistent, Circulative, Nonpropagative
Transmission

All viruses transmitted in this manner must be taken
from the phloem of an infected plant and placed in the
phloem of a healthy plant. Thus, they are dependent on
the phloem-probing behavior of aphids. Approximately
20 min is required for aphids to establish phloem probes,
which is considered the minimum time needed for acqui-
sition and this type of transmission. Viruses transmitted
in a persistent, circulative, nonpropagative manner form
a close association with their aphid vectors. The virus
moves through the intestinal tract to the hindgut where

it passes into the aphid’s hemolymph by endocytosis
into coated pits and vesicles (Hull, 2009). The virus then
circulates throughout the hemocoel and moves from the
hemocoel into the salivary glands by passing through
the basal membrane of the salivary gland. The virus is
then injected into the healthy plant with the saliva during
egestion. Viruses transmitted in this manner are retained
for days to weeks. Retention time is correlated with the
amount of virus in the hemocoel and the level of virus in
the hemolymph is related to the acquisition time that the
vector feeds on the infected host. Barley yellow dwarf
virus (BYDV) and Cereal yellow dwarf virus (CYDV),
two of the most widely distributed viruses in the world,
are transmitted in this manner.

Persistent, Circulative, Propagative Transmission

Persistent circulative propagative transmission has
many characteristics in common with persistent non-
propagative viruses. Viruses transmitted in this manner
are phloem-limited viruses. Transmission is dependent
on phloem probes and passage of the virus into the
hemolymph. However, after entering the hemolymph,
the virus infects and replicates in the aphid. Many tis-
sues of the aphid such as brain and ganglions, salivary
glands, ovaries, fat body, and muscle can be infected.
The virus can also pass through the ovaries into the
offspring, which are viruliferous when they are born.
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This is termed transovarial passage of the virus. Some
viruses in the Rhabdoviridiae, such as Sowthistle yel-
low vein virus (SYVV), can multiply in their aphid vec-
tor (Hull, 2009).

BEETLES

Beetle transmission is unique among all other types of
virus transmission in that the specificity of virus trans-
mission is not in the ability of the beetle to acquire the
virus, but in the interaction of the virus and host after
transmission. Beetles can acquire both transmissible and
nontransmissible viruses. Both types of viruses may be
found in the hemolymph of some beetles. Other viruses
are found only in the gut lumen and mid-gut epithelial
cells (Wang et al., 1994). However, the specificity of
transmission does not depend on these factors. Beetles
spread a layer of predigestive material known as regur-
gitate on the leaves as they feed. This layer contains
high concentrations of deoxyribonucleases, ribonucle-
ases, and proteases. When viruliferous beetles spread
this layer, they also deposit virus particles in the wound
at the feeding site. Beetle transmissible viruses are able
to move through the vascular system to an area away
from the wound site with its high level of ribonuclease
in order to establish infection (Gergerich et al., 1984;
Gergerich and Scott, 1988a; Gergerich and Scott, 1988b).
Nontransmissible viruses are retained at the wound site
where the ribonuclease levels inhibit their ability to infect
the plant (Field et al., 1994). These unique movement sys-
tems of beetle-transmitted viruses within the plant are
an important area of current research. Comovirus and
Sobemovirus are among the most important viral genera
transmitted by beetles.

LEAFHOPPERS

Leafhopper transmission of viruses highly parallels aphid
transmission with one exception, that is, nonpersistent
transmission does not occur in leafthoppers. Leathoppers
transmit viruses by semipersistent transmission, per-
sistent circulative nonpropagative transmission, or per-
sistent circulative propagative transmission. Important
examples of viruses transmitted by leafhoppers include
Beet curly top virus (BCTV), Potato yellow dwarf virus
(PYDV), and Maize stripe virus (MSV).

MEALYBUGS

Mealybug transmission of plant viruses is not very com-
mon. However, several ampeloviruses (genus, Ampelovirus
and Closterovirus; family, Closteroviridae) transmitted by
mealybugs are known to infect cherry trees, grapevines,
and pineapple plants worldwide (http://viralzone.expasy
.org/all_by_species/285.html), causing yellowing and
necrosis of phloem. In West Africa, over 10 species of
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mealybugs have been reported to transmit cacao swollen
shoot virus to Theobroma cacao (L.). At least 11 mem-
bers of the genus Badnavirus (family, Caulimoviridae)
are transmitted by mealybug vectors, including Banana
streak virus, and viruses of Citrus, Dioscorea (water
yam), and black pepper (Piper nigrum). Evidence sug-
gests that mealybug transmission is either nonpersistent
or semipersistent, but the mode of transmission is poorly
studied for these viruses.

THRIPS

Virus transmission by thrips has been a dynamic area
of research in the recent years. The rapid increase in
the importance of Tospovirus and the diseases that
they cause in both greenhouses and fields has stimu-
lated much of this research. Members of the genus
Tospovirus are persistently and propagatively trans-
mitted by thrips. Thrip larvae acquire the virus while
feeding on virus-infected tissue and the virus crosses
through the midgut barrier and enters the salivary
glands. The virus must be acquired by immature thrips
(adult thrips cannot acquire the virus) because the virus
passes from larvae to adult thrip as it undergoes pupa-
tion and the changes associated with maturity. After
a thrip acquires the virus, infection is established in
the midgut. It first replicates in the midgut epithelium
before spreading to the circular and longitudinal mus-
cles. By the time the thrip has matured to an adult, the
virus has spread to the visceral muscles. As the virus
is not found in the hemolymph, it is hypothesized that
it reaches the salivary glands through ligaments that
stretch from the salivary gland to the muscle (Hull,
2009; Whitfield et al., 2005). Thrips transmit three
additional viral genera, Illarvirus, Sobemovirus, and
Carmovirus through the movement of virus-infected
pollen. The virus from the infected pollen is then trans-
mitted to the host plant through wounds caused by thrip
feeding (Hull, 2009).

WHITEFLIES

The mode of transmission of viruses in whiteflies var-
ies with the genus of virus. Members of the genus
Begomovirus are transmitted in a persistent circulative
manner (Brown, 2001), resembling somewhat, aphid
transmission of Luteovirus. However, this relationship
may be more complex than it appears due to the extended
retention lengths and the transovarial passage of some
species of this viral genus (Hull, 2002). In contrast,
members of the genera Closterovirus and Crinivirus are
transmitted in a foregut-borne, semipersistent manner
(Hull, 2002). Activities of more than one different coat
protein or other viral encoded proteins (like heat shock
proteins) may also be necessary for transmission. Lettuce
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infectious yellows virus (LIYV), a closterovirus (genus,
Crinivirus; family, Closteroviridae), has a minor coat
protein (CPm) that is necessary for transmission (Ng and
Falk, 2006). Regardless of which virus is transmitted or
what components are required for transmission, white-
flies present constant challenges as virus vectors due to
their dynamic increase in population, resistance to con-
trol, and changes in their biotype.

NONINSECT VECTORS

Mites

Eriophyid mites are tiny arthropods (0.2 mm length) that
are known to transmit several plant viruses, including
WSMV. Mites acquire the virus during larval stages. As
in thrips, adult mites cannot acquire the virus, but both
the larvae and adults transmit the virus (Slykhuis, 1955).
Mites remain infective for over 2 months (Hull, 2002).
WSMYV particles have been found in the midgut, body
cavity, and salivary glands of the mite (Paliwal, 1980).
However, there has been no evidence to conclude the
replication of virus in the mite. WSMYV has been shown
to require the potyvirus helper component-proteinase
(HC-Pro) for transmission by the wheat curl mite (Aceria
tosichella [Keifer]). This was the first demonstration of
the requirement for HC-Pro in any vector except an aphid
(Stenger et al., 2005).

Nematodes

Nematodes that transmit plant viruses are all migratory
ectoparasites. Three genera of nematodes, Longidorus,
Xiphinema, and Trichodorus, are primarily associated
with the transmission of viruses. Nematodes feeding on
virus-infected plants retain virus on the stylet, buccal
cavity, or esophagus. When the nematodes are feeding on
healthy host plants, the retained virus is released into the
feeding site to infect the new host. Change in pH asso-
ciated with saliva movement when the nematode begins
to feed is hypothesized to cause release of the absorbed
virus particles (Hull, 2009). Viruses in the Tobravirus
and the Nepovirus genera are transmitted by nematodes.

Fungi and Fungus-Like Organisms

The chytridiomycete, Olpidium, and the plasmodiopho-
romycete, fungus-like Polymyxa and Spongospora, trans-
mit viruses as they infect the root systems of their hosts.
Zoospores released from the infected plants may carry
virus either externally or internally. Viruses absorbed to
the external surface of the zoospore, such as some mem-
bers of the Tombusviridae, are released to infect the new
plant. Virus absorbed to the zoospore flagellum can enter
the zoospore when its flagellum is retracted to encyst.
The process through which viruses are carried internally
is undefined, but the coat protein appears to be the basis
of the interaction between virus and zoospore. Bymovirus
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and Furovirus are examples of viral genera that are
transmitted in this manner (Hull, 2009). Rhizomania
of sugarbeets, caused by Beet necrotic yellow vein virus
(BNYVYV) transmitted by Polymyxa, is a good example
of a viral disease transmitted in this manner that is a
major economic problem.

Seed and Pollen

Viruses may be transmitted into seed by two methods.
In the first method, the virus infects the embryo within
the seed, and when the seedling emerges, it is already
infected. This is often referred to as true seed transmis-
sion. The second transmission method is through con-
tamination of the seed, especially the seed coat. As the
germinating seedling emerges from the seed, the virus
infects the plant through wounds or through microfis-
sures caused during cell maturation. TMV is transmitted
to tomato seedlings by contamination of the seed coat.
Pollen may also transmit viruses. In addition to infect-
ing the ovule during pollination, infected pollen may be
moved to uninfected plants and infect them during pollina-
tion (Hull, 2009). Pollen may also carry virus into wounds.
BSMV is an example of a virus transmitted by pollen.

Dodder

The parasitic seed plant, dodder (Cuscuta sp.), sinks haus-
toria into the phloem of the plants that it parasitizes. This
connection allows carbohydrates and other compounds
to move into the dodder’s phloem. When a dodder plant
connects a healthy and virus-infected host plant, viruses
can be transmitted from the infected plant through the
dodder to the phloem of the noninfected plant.

Vegetative Propagation and Grafting

Viruses that systemically infect plants can be trans-
mitted by vegetative propagation of a portion of the
infected plant. This portion can range from leaves, stems,
branches, and roots to bulbs, corms, and tubers. Grafting
is a form of vegetative transmission, and transmission
occurs through the newly established vascular system
linking the graft and the scion (Hull, 2002).

HOW ARE PLANT VIRUSES
DETECTED AND IDENTIFIED?

Detection and identification of plant viruses are two of
the most important procedures in plant virology. Correct
identification of viruses is critical to establish control tac-
tics for the disease. Procedures for the identification of
plant viruses can be divided into the following categories.

BioLocicaL AcTiviTy

Infectivity assays, indicator hosts, and host range studies
are all types of bioassays that are based on defining the
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interaction of the viral pathogen and its hosts. Infectivity
assays measure the range of viral infectivity by deter-
mining the number of host plants infected at different
dilutions. Indicator hosts are certain species of plants
that have known reactions to a wide range of viruses.
Chenopodium quinoa and different species and culti-
vars of Nicotiana are widely used as indicator hosts.
Host range studies test the ability of the virus to infect
different plant species. Some types of viruses have very
narrow host range and infect only closely related plants.
For example, Maize dwarf mosaic virus (MDMYV) infects
only monocots. TMV infects a wide range of host plants,
including plants from Solanaceae, Chenopodiaceae, and
Compositae. Although indicator plants and bioassays
were once used as the principle method of virus iden-
tification, they are currently employed only for primary
characterization of new viruses. Another type of biologi-
cal activity that is an important identification character-
istic is the mode of transmission. Identification of the
vector association helps indicate the relationship of the
unknown virus to characterized groups.

PHYsICAL PROPERTIES

The most important physical property used in detec-
tion and identification is morphology or particle size and
shape, which are usually determined by electron micros-
copy. Viruses can be visualized by negative stains of sap
extracts or as purified virus solutions, thin sections of
infected tissue to localize the virus within the cellular
structure, and immunospecific electron microscopy that
combines electron microscopy and serology to capture
virus particles on coated electron microscope grids.
Visualization of the virus provides the virion shape and
size. It can also determine the presence of features such
as spikes or other features of the capsid surface.

Other physical properties that have been classically
utilized for the identification of viruses measure the sta-
bility of the particle outside the host. These properties
include the following: thermal inactivation point, the tem-
perature at which a virus loses all infectivity; longevity in
vivo, the length of time a virus can be held in sap before
it loses its infectivity; and dilution endpoint, the greatest
dilution of sap at which the virus titer is capable of caus-
ing infection in a susceptible host. Many of these charac-
teristics take several weeks to obtain and are no longer
used for routine diagnostics. However, they continue to
be utilized as part of the official virus description.

SEROLOGY

Serology is based on the ability of the viral capsid pro-
tein to elicit an antigenic response and stimulate the pro-
duction of antibodies (Figure 4.18) against the antigen
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Antibody Antigen

A different antibody will
be made for this antigen

Pathogen

FIGURE 4.18 Cartoon drawing of an antibody and the epit-
ope that it specifically recognizes on the antigen, to which it has
been raised. (Retrieved from https//www.leavingbio.net/The%20
Human%20 Defense%20 System-web-2_files/image003.gif
[accessed July 1, 2016].)

in an animal, usually a rabbit, goat, or mouse. Areas of
the capsid with unique shape and amino acid composi-
tion are capable of inducing immune responses in avians
and mammals. These uniquely shaped areas are referred
to as epitopes and are only a few amino acids in length.
Animals injected with plant viruses produce antibod-
ies (immunoglobulins) that can recognize and attach
to the epitopes. These antibodies can be isolated from
the serum or utilized as the serum fraction (antiserum).
The antibodies are termed polyclonal due to the presence
of many antibody types in the serum. Antisera can be
exchanged between researchers around the world in order
to compare plant viruses from many countries. Antisera
can also be frozen and utilized to compare viruses over
many years. This allows researchers to make compari-
sons over time to follow the evolution and epidemiology
of the viral disease.

Monoclonal antibodies are produced by the fusion
of an isolated spleen cell from a mouse immunized to
the plant virus and a murine myeloma cell. The resulting
hybridoma cell line produces only one type of antibody.
Advantages to monoclonal antibodies include a single
antibody that can be well characterized, identification
of the eliciting epitope, production of large amounts of
antibody, and the ability of the producing cell line to be
multiplied and frozen.

Antisera have allowed the development of many
rapid and widely utilized detection assays. The most
commonly utilized serological assay is enzyme-linked
immunosorbent assay (ELISA). Many variations exist in
the ELISA procedure, but the most widely adopted pro-
tocol is the double antibody sandwich (Figure 4.19). This
procedure starts by trapping a layer of antibodies on the
well surfaces of a polystyrene microtiter plate. Attaching
the antibodies to a solid surface is important since it
allows all reactants that do not attach to the antibody
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FIGURE 4.19 The principal steps in a double-antibody
sandwich (DAS). (a) Antibodies (isolated immunoglobulin-
G) of a virus are attached to a polystyrene microtiter plate
well by incubation with an alkaline pH 9.0 carbonate buffer.
Unattached antibodies are removed from the well by washing
with phosphate-buffered saline with Tween 20 added. (b) Sap
extracted from plant samples is diluted and added to the well.
Virus contained in infected samples binds to the matching
antibody. Washing removes unbound materials from the well.
(c) A second layer of antibodies that have been conjugated
to an enzyme (typically alkaline phosphatase) is added to
the well and attached to the virus. If the virus has not been
trapped by the primary layer of the antibody, these detecting
antibodies are removed by the wash and thus are not pres-
ent to react in the remaining steps. (d) A substrate solution is
added to the wells. (e) The enzyme attached to the detecting
antibody causes a color change in the substrate. The intensity
of the color is proportional to the amount of enzyme pres-
ent and can be quantified by spectrophotometry. (Courtesy of
M. Langham.)

and well surface to be washed away between steps. The
attached antibodies are used to trap virus particles from
sap solutions. A second layer of antibodies conjugated
to an enzyme is then used to label the virus. Alkaline
phosphatase is the most widely utilized enzyme, but
other enzymes such as horseradish peroxidase may also
be used. After the final washing, a substrate solution is
added to the wells. Substrates are chosen because they
change color after being acted on by the conjugated
enzyme. The color change can be quantified by read-
ing the absorbance of a known wavelength of light when
passed through each well. The amount of virus in the test

69

solution is proportional to the light absorbance. ELISA is
the basis for the development of many of the rapid diag-
nostic tests used by growers, producers, and agricultural
consultants (Procedure 4.3).

MOLECULAR PROPERTIES

The molecular weight and number of proteins forming
the capsid layer are important characteristics of plant
viruses. These characteristics can be determined by stan-
dard gel electrophoresis procedures. Determination of
the amino acid content and sequence are also important
in understanding particle structure and function.

NucLeic Acip

The ability to compare nucleic acid characteristics rap-
idly opened a new dimension in the identification of
plant viruses. Identification based on the nucleic acid
genome has enhanced the ability to identify strains and
new viruses with similar characteristics. Comparisons
of viral genomes have facilitated organization of plant
viruses into the current taxonomic system and have had
important implications for concepts of viral evolution.
Nucleic acid tests provide some of the best tools for viral
identification. The most powerful of these new tools is
polymerase chain reaction (PCR).

PoLYMERASE CHAIN REACTION

PCR is an enzymatically driven chemical reaction by
which complete genes or selected fragments can be
amplified (to make more), from a portion of a nucleic
acid genome. The targeted region is defined by the
use of short sequences of matching nucleotides, called
“primers” that anneal or “bind” to the denatured, tem-
plate of choice, or “target” dsDNA strands (forward and
reverse) in solution (Figure 4.20). Amplification occurs
by sequential round of copying the target enzymatically
(Figure 4.21) using a DNA polymerase that catalyzes
the synthesis of the DNA strands between the primer
annealing sites, using dNTPs and magnesium, also
present in the buffer mix. The particular DNA poly-
merase used in PCR must be stable at high temperatures
(up to 95°C) to withstand sequential rounds of denatur-
ation (heating to separate the dsDNA strands), “anneal-
ing” or hybridization of primers (55°C) to “known”
sequence, followed by enzymatic extension (72°C) of
the DNA strand (see Palumbi et al., 1991, for details).
Initially, the use of PCR was limited to DNA viruses;
however, the use of reverse transcriptase to generate
DNA strands (cDNA) from RNA viral genomes has
expanded our ability to utilize this technology with
RNA viruses.
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Procedure 4.3
Serological Detection of Plant Viruses

Step

Instructions and Comments

W B~ W N

Complete any preliminary step that is required for the assay that has been selected according to the directions
that come with the assay.

Macerate healthy tissue in the recommended extraction buffer.

Macerate series of unknown samples in the recommended extraction buffer.

Macerate infected tissue in the recommended extraction buffer.

ELISA—Iload the recommended sample amount into each test well. Be sure to include positive and negative
controls as well as buffer for standardized checks. Allow to incubate as directed by the kit.

Immunostrip assays—Place the wicking end of the strip into the sap extracts to the depth indicated by the
manufacturer. Allow to incubate as directed by the kit.

ELISA—After incubation and washing, ELISA plates must be incubated with the secondary antibody, washed,
and developed as directed by the instructions in the kit. The intensity of the color in the test wells is dependent
on the amount of virus captured on the plate.

Immunostrip assays—Immunostrips are ready as soon as their incubation time is completed. Most strips will
have one line for a positive control and one for the sample. Be sure and follow the instructions on the interpre-

tation of the kit that you have as these can vary with different virus combinations.

9 Record and compare results.

HOW ARE PLANT VIRUSES CONTROLLED?

Control of plant viruses has a different primary focus
than many other pathogens because there are no practical
therapeutic or curative treatments for plant viruses. Thus,
plant virus control focuses on preventative measures.

Host PLANT RESISTANCE

Host plant resistance is the major approach to control
viral diseases, but has not been identified in many crop
species. It is typically the most economical control mea-
sure because it requires low input from the producer. In
addition, resistant plants eliminate the need for control-
ling the vector and are selective against the primary patho-
gen (Khetarpal et al., 1998). Resistance to plant viruses
can be due to the inability to establish infection; inhibited
or delayed viral multiplication; blockage of movement;
and resistance to the vector and viral transmission from
it (Jones, 1998). Development of plant cultivars with viral
resistance is the primary goal of many plant virology and
breeding projects. The three lines of wheat infected by
WSMV in Figure 4.8 are from the evaluation of wheat
lines for breeding selection.

In some crops where strong resistance to viral dis-
eases is not available, tolerance may be an alternative
goal for plant breeding (Hull, 2009). Tolerant plants
become infected with the virus, but they do not develop
severe reactions or yield losses. One disadvantage to the

use of tolerance is that it does not reduce the inoculum
available in the environment, as the virus is able to repli-
cate in the tolerant plants.

In addition to traditional breeding, two other meth-
ods are available for increasing the resistance of the host
plant. In cross protection, a viral strain that produces
only mild or no symptoms is inoculated as a protecting
strain. When a second, more severe strain is used as a
challenge inoculation, the presence or effects of the first
virus block its infection. This effect was first observed
by McKinney (1929), and it has been used successfully
in the control of some viruses, such as citrus tristeza
virus (CTV) in Brazil and South Africa (Lecoq, 1998).
Limitations to the usefulness of cross protection include
the inability of viruses to cross protect, the yield reduc-
tions caused by mild strains, and the possible mutation of
the mild strain to a more virulent form.

Genetic engineering provides a second method for
enhancing host plant resistance. It is particularly valuable
in situations where no natural source of resistance has
been identified. Gene coding for coat protein and repli-
case (Kaniewski and Lawson, 1998), antisense RNA,
and ribozymes (Tabler et al., 1998) have been used to
confer resistance to different viruses. This technology
holds much promise for the future. However, problems
with stability of the inserts, expression of the inserted
genes, unanticipated effects on the host plant, and public
acceptance of genetic engineering remain as challenges
to this technique.
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FIGURE 4.20 Polymerase chain reaction (PCR) machine (a)
for PCR amplification of nucleic acids targeted by sequence
specific primers, and a typical agarose gel electrophoresis
apparatus with power supply (b) used to separate PCR prod-
ucts by size in an electrical field. PCR products are loaded
into wells made in an agarose (0.7%-2.0%) gel matrix. The
sample is first mixed with loading buffer and a blue dye, the
latter, to allow for tracking of the sample DNA as it is pushed
in the electrical field from the negatively charged (cathode,
black) pole, while also being pulled toward the positively
charged (anode, red) pole. When the dye reaches the bottom
of the gel, the electricity is turned off. The gel is then stained
with a fluorescent dye and viewed under ultraviolet light to
visualize the PCR products (d). The gel photo (c) shows the
“amplicons” or PCR products that have migrated in the buf-
fer, in relation to one another, with the largest fragments
running most slowly, and the smallest running the fastest.
The size of the dsDNA can be estimated using the bands of
known size, referred to as a “ladder,” which are loaded onto
the gel alongside the samples. ([a] Retrieved from https:/
commons.wikimedia.org/wiki/File:Pcr_machine.jpg. Author:
Magnus Manske, public domain [accessed July 1, 2016].
[b] Retrieved from https://commons.wikimedia.org/wiki/
File:Gel_electrophoresis_apparatus.JPG. Author: Jeffrey M.
Vinocur. [accessed July 1, 2016]. [c] Retrieved from https://
commons.wikimedia.org/wiki/File:Load_DNA_Gel.jpg.
Author: Maggie Bartlett, NHGRI, public domain [accessed
July 1, 2016]. [d] Retrieved from http://missinglink.ucsf.edu/
Im/molecularmethods/images/clip_image004.gif. iROCKET
Learning Module: Molecular Methods. Authors: Doris Wang,
Arif Hussain, and Nili Sommovilla [accessed July 1, 2016].)

VEcTOR CONTROL

Controlling insect or other vectors to minimize viral
transmission differs from simply controlling pests.
While controlling pests, the principal goal is to reduce
the levels of pests below the levels that cause economic
damage. However, low levels of pests may still be sig-
nificant in the transmission of viral diseases (Satapathy,
1998). To determine the suitability of vector control, it
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is necessary to determine the vector and virus affecting
the host (Hull, 2009). This information establishes the
type of relationship involved in transmission. For exam-
ple, aphids transmitting MDMV require only seconds
to accomplish this because the virus is transmitted in a
nonpersistent manner. Oat blue dwarf virus (OBDV), in
contrast, is transmitted by leafthoppers in a persistent,
circulative, and propagative manner that requires the
leafhopper to feed on the plant for over 20 min. Thus,
chemical treatments may be more effective on the leaf-
hoppers transmitting OBDV than on the aphids trans-
mitting MDMV. In addition, effects of the controls on
the feeding behaviors of the hosts should be considered.
Vectors moving into the field from the surrounding
hosts or due to seasonal migration may affect control
measures. Each of these affects the probability for suc-
cessful control of the virus. In the future, understanding
the biological interactions between viruses and vectors
may allow development of unique controls based on
these intricate molecular mechanisms (Andret-Link and
Fuchs, 2005)

QUARANTINE AND ERADICATION

Control of viral movement between fields, states, coun-
tries, and continents is often difficult and time consum-
ing. Quarantine acts as the first line of defense against
the introduction of many foreign viruses. However, the
ability to detect viruses and other submicroscopic patho-
gens for exclusion is limited in comparison with other
pathogens (Foster and Hadidi, 1998). Viruses may enter
into new areas through importation of seeds, nursery
stock, viruliferous vectors, plants, or experimental mate-
rial (Foster and Hadidi, 1998). When exclusion of these
pathogens fails, the cost of control and eradication of
the virus (if possible) is often overwhelming. A current
example of this is the PPV outbreak in the Northeastern
United States. Costs for this outbreak included loss of
hundreds of nursery trees, cost of the quarantine (detec-
tion, identification, and tree removal), and loss of income
to the growers.

CurturaL CONTROLS

Cultural controls for viruses can be referred to as “wise
production practices.” These include any production prac-
tice or method that eliminates or significantly reduces the
threat of viruses. Virus control is based on breaking the
bridge of living hosts that is necessary to complete the
seasonal movement of a virus. Any cultural practice that
modifies the time or spatial interaction of virus and host
can be an effective control. One common cultural control
is modifying the date of planting. In South Dakota, delay-
ing the planting of winter wheat until the seasonal end of
wheat curl mite movement is one of the most effective
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FIGURE 4.21 TIllustration of the exponential amplification of the template or “target” dsDNA due to repeated cycles (usually 30—40)

of amplification. PCR products can be cloned and the DNA sequence determined, an outcome not possible without prior amplifica-
tion. This makes PCR such a powerful technique. (Retrieved from http://stratfeed.cra.wallonie.be/img/page/PCR_web_pageS5.jpg

[accessed July 1, 2016].)

controls available. However, other concerns such as early
planting of winter wheat to increase the amount of resi-
due cover for the winter conflict with virus control. Thus,
producers must decide the wise balance point between
these goals for their farm. Other common cultural con-
trols include production of virus-free seeds and plants
through indexing and seed certification programs, elim-
ination of volunteer plants, elimination of alternate host
plants, elimination of overlap between the planting of two
crops, and sanitation of equipment.

Plant virology is a diverse area of plant pathology.
Research with plant viruses includes determining the
basic molecular structure and mechanisms of viruses,
studying the cellular interaction, understanding vector
relationships, or working with farmers and producers in
the field. However, the ultimate goal of assisting farm-
ers and producers across the world in the control of plant
viruses remains the same.

SATELLITE AGENTS THAT DEPEND
ON PLANT VIRUSES

A satellite is a subviral agent that cannot function
independently without the assistance of a helper virus.
Helper viruses are capable of independent replication
and can cause infections independently. However, sat-
ellites are as dependent on the virus as the virus is on
its plant host, and they are sometimes referred to as
small molecular parasites. The most common of the
satellites are satellite viruses and satellite RNAs; how-
ever, small satellite DNAs have been associated with
the begomoviruses.

SATELLITE VIRUSES

Satellite viruses are viruses that form complete intact
virus particles, but they are not capable of independent
replication. Satellite viruses possess the genetic code for
their own coat proteins, which are used to encapsidate
their genome. Thus, they are serologically distinct from
their helper virus. However, the RNA genome of the satel-
lite virus is dependent on the RNA replication enzymes of
the helper virus for replication. Typically, satellite viruses
are smaller than their helper virus. Satellite tobacco necro-
sis virus (STNV) is 17 nm in diameter, whereas Tobacco
necrosis virus (TNV) is 26 nm in diameter. Panicum
mosaic virus (PMV) measures approximately 25-30 nm
in diameter, and its satellite, satellite panicum mosaic
virus (SPMV) is approximately 15-18 nm in diameter.
The effects of satellite viruses on the diseases caused by
their helper viruses can vary, but satellite viruses have
been associated with increased cellular and long-distance
transport in the host and in translational stimulation.

SATELLITE RNAS

Satellite RNAs have been identified in association with
several helper viruses. They are distinct from the helper
virus because satellite RNAs do not contain any sequence
homology with the helper virus. They are dependent on
the helper virus for replication. In addition, they do not
produce their own coat protein and are encapsidated in
the helper virus coat protein. Satellite RNAs are divided
into the following three basic groups: (1) large satel-
lite RNAs that are 0.7 kb or larger and contain a single
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open reading frame (ORF) that can be translated into a
protein; (2) small linear RNAs that are less than 0.7 kb
and have no ORFs; and (3) small circular satellite RNAs
that are about 350—450 nucleotides and occur in circular
and linear forms. The first satellite RNA was described
in 1972 when a lethal necrotic reaction of tomato plants
infected with Cucumber mosaic virus (CMV) occurred
in France. A fifth segment of RNA (CRNAS5) that was
not part of the CMV genome was discovered in CMV
isolated from the infected plants. This new satellite RNA
was responsible for intensifying the symptoms caused by
CMYV. Many more satellite RNAs have been discovered
since this initial discovery, and there are satellite RNAs
that lessen or do not change the effects of the helper
virus as well as those that intensify them (Hu et al.,
2009; Hull, 2009).

VIROIDS—ANOTHER
SUBCELLULAR PATHOGEN

Are viruses the only subcellular pathogen in plants?
Viruses are the most commonly described subcellular
pathogen group in plants, but they are not the only one.
Viroids are subcellular pathogens simply composed of
small “naked” RNA genomes. These genomes are cir-
cular pieces of sSRNA ranging from approximately 200
to 400 nucleotides. Viroids differ from viruses, because
they do not have a protein coat to surround their RNA
nor do they produce proteins as part of their infection or
replication. Viroids replicate using the host’s RNA repli-
cation enzymes with an asymmetric or symmetric rolling
circle mechanism.

How can a naked RNA strand survive to pass from
host to host? Viroid RNA has a number of sequences that
are self-complimentary and align to form internal base
pairing. These internal “double-stranded areas” trans-
form the viroid RNA from an open circle to a rod-like
shape with unpaired areas forming loops. This rod-like
shape is very resistant to destruction by enzymes, heat,
and ultraviolet light. With this resistance and stability,
viroids can be transmitted mechanically at a high rate.
In field situations, this high rate of mechanical transmis-
sion allows viroids to be readily spread by contaminated
farm machinery, hand tools, or people (Figure 4.22).
Foliar contact by infected plants is an important trans-
mission pathway with viroids. Viroids are also transmit-
ted by vegetative propagation and grafting, especially
in horticultural crops. Seed transmission has also been
demonstrated for many viroids. Within the plant cell,
viroids utilize the cell’s internal movement pathways to
translocate rapidly from the entry point to desired loca-
tions in the cells throughout the plant. Viroids classified
in the Pospiviroidae accumulate and replicate in the cell’s
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FIGURE 4.22 Symptoms in tomato plants of tomato chlo-
rotic dwarf viroid, which is readily transmitted through contact
in greenhouses. (Courtesy of J.K. Brown.)

nucleus, and those classified in Avsunviroidae accumu-
late and replicate in the chloroplasts (Hammond and
Owens, 2006).

Viroids are pathogenic and cause striking disease
symptoms in their plant hosts. The first viroid disease
described was potato spindle tuber caused by potato
spindle tuber viroid (PSTVd). PSTVd was first described
in the early 1920s, but it was assumed to be a virus until
its identity as a new pathogen which was described by
Theodore O. Diener in 1971 (Owens and Verhoeven,
2009). Today, more than 30 viroid diseases are known to
infect a diverse number of agronomic and horticultural
crops (ICTV, 2014).

LABORATORY EXERCISES

The ultramicroscopic nature of plant viruses causes
many students and producers to wonder about working
with plant viruses. “How can something that you cannot
see or feel cause a disease?,” “How can you determine
if a plant is infected by a virus when you cannot even
see it with a microscope?,” and “How can something so
small even exist?” are questions often asked about plant
viruses. Masses of mycelial growth and sclerotia pro-
duced during the fungal disease and white mold or the
erumpent pustules produced by rust fungi are quickly
recognizable as pathogenic agents. However, identifying
ultramicroscopic pathogens such as viruses requires dif-
ferent concepts than pathogens that are quickly visual-
ized with the naked eye or with a hand lens. In general,
plant viruses are most commonly tracked by the effects
that they produce in host plants or by assays that detect
these ultramicroscopic pathogens.
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EXPERIMENT 1. MECHANICAL TRANSMISSION
OF PLANT VIRuSEs (TMYV)

Mechanical transmission or inoculation is a widely used
technique in plant viral experiments and is effective for
most viruses that infect the epidermal tissue layers of
their host plants. It is utilized for the propagation of plant
viruses, infectivity comparisons, host range determina-
tions, and host plant resistance evaluations. Successful
mechanical inoculation is dependent on the condition
of the virus-infected tissue source, condition of the host
plants to be inoculated, inoculum preparation, use of abra-
sive, and environment where the plants are maintained
during symptom development. The “ideal” propagation
host for inoculum preparation is a young, systemically
infected plant with a high virus concentration (titer) in the
tissue. The propagation host should not develop necrotic
symptoms. It should contain neither high concentrations
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of inhibitors that interfere with infection establishment
nor tannins or other phenolic compounds that can precip-
itate virus particles. Unfortunately, it is not always pos-
sible to utilize an “ideal” propagation host. Propagation
hosts with less desirable characteristics may require
modifying inoculation protocols. For example, utilizing a
host with a low virus concentration or one that produces
local lesions may require modification of buffer to tissue
ratios. Additionally, growing an ideal propagation host in
poor conditions may cause changes in the virus concen-
tration or in compounds present in the tissue.

Virus release from the propagation host’s cellu-
lar structure necessitates maceration of infected tis-
sue (Figure 4.23a). Tissue may be ground in a mortar
and pestle for small volumes. Large inoculum volumes
that require macerating large quantity of infected tissue
are typically prepared using blenders. Disrupting plant
cells not only releases virus particles but also breaks

(b)

(d)

FIGURE 4.23 Mechanical inoculation of plant viruses is commonly utilized to inoculate new host plants. (a) Infected plant material is
ground in a mortar and pestle to macerate the tissue as the beginning step in the preparation of sap extracts for inoculation. (b) Sap extract
is prepared by adding buffer to macerated leaf tissue and grinding. (c) Mechanical inoculation of Phaseolus vulgaris cv. provider is accom-
plished by gently rubbing the surface of the plant leaves with a mixture of sap extract and silica carbide. (d) Mechanical inoculation of
tobacco demonstrating the technique for supporting the leaf and coating it with inoculum during inoculation. (Courtesy of M. Langham.)

[vww.ebook3000.con)



http://www.ebook3000.org

Plant Pathogenic Viruses

the central vacuole and other smaller vacuoles releasing
their contents into the extracted sap. The first effect of
releasing the vacuole contents is to increase the acidity
(lowering the pH) of the plant sap extract. As the sap pH
decreases, proteins (including viruses with their protein
capsid) precipitate out of solution. Thus, buffers (Figure
4.23b) are added to the tissue during grinding to stabilize
the extract at a pH favorable to virus infectivity, integrity,
and suspension. Although the majority of viruses can be
transmitted in the pH 7 (neutral) range, the desired pH
varies with the virus being used for inoculation. This is
not the only role that buffers serve in preparing inocu-
lum. The ionic composition of the buffer contributes to
inoculation success. Addition of phosphate to an inocu-
lation buffer increases the infection rate during inocu-
lation. Thus, phosphate is one of the most commonly
utilized buffer components (Hull, 2002). Other ions may
be added to the inoculation buffer if required for virus
stability. For example, some viruses require the presence
of calcium or magnesium to maintain their structure, and
these ions must be added to the inoculation buffer.

Reducing agents, chelating agents, and competi-
tors are other chemicals that may be added to inoculation
buffers for viruses with specific requirements. Sodium
sulfite, 2-mercaptoethanol, sodium thioglycolate, and
cysteine hydrochloride are examples of frequently uti-
lized reducing agents. For example, sodium sulfite is
often used in inoculation buffers for Tomato spotted wilt
virus. Quinones, tannins, and other phenolic compounds
in plant sap can cause precipitation of plant viruses. This
activity is countered by chelating agents and competi-
tors. Chelating agents such as diethyldithiocarbamate are
added to bind the copper ions found in polyphenoloxi-
dase, the enzyme that oxidizes phenolic compounds in the
plant. Competitors, such as hide powder, have been used
to dilute the effects of phenolic compounds by serving
as alternate sites for phenolic activity. Finally, mechani-
cal inoculation is based on our ability to create nonlethal
wounds in plant cells for virus entry (Figure 4.23c and d).
Wounds in the cell wall and membrane are created by the
use of an abrasive and allow the plant virus to enter the
host plant. The most commonly used abrasive is silica
carbide; however, celite, bentonite, and acid-washed sand
have also been utilized (Hull, 2002).

Materials

Each student or team of students will require the follow-
ing items:

e TMV-infected host plant tissue (Nicotiana
tabacum is a good systemic host for providing
inoculum)

* Healthy host plant tissue (N. tabacum)

* Mortars and pestles
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* Inoculation pads (sterile cheesecloth rectangles
[approximately 2-3 cm X 10-15 cm])

¢ Silica carbide (600 mesh)

* 0.02 M phosphate buffer, pH 6.8-7.2 (add 3.48 g
of K,HPO, and 2.72 g of KH,PO, to 1 L of dis-
tilled water to prepare this buffer)

* N. tabacum plants with three to four well-
expanded leaves (four plants per student or group);
C. quinoa, Nicotiana glutinosa, and N. tabacum
cv. Samsun N may also be used if desired

e 10-mL pipettes

* Top loading balance

e Markers, paper tags, and string

Follow the protocol outlined in Procedure 4.1 to com-
plete this part of the experiment.

Anticipated Results

Plants should be observed closely for 2-3 weeks.
Mechanical damage due to excessive pressure dur-
ing inoculation (sometimes referred to as “inoculation
burns”) appears first and can be observed as necrotic
damage to the epidermis. It appears on both the plants
inoculated with virus and those inoculated with healthy
tissue. Local lesion hosts begin to display lesions in 3-5
days on the leaves that were inoculated. Development of
local lesions from pinpoint to larger size can be observed.
Systemic symptoms become apparent from 10 days to
2 weeks depending on the growth conditions. Systemic
symptoms first appear in newly expanding leaves.

Questions

* Why is a propagation host needed that does not
have necrotic reactions to the virus?

 If an abrasive was not included in the inoculum
or dusted on the plants, would the inoculated
plants become infected?

*  Why should plants inoculated with healthy plant
sap be included in all mechanical inoculation
studies?

* How many virus particles are required to initi-
ate an infection in a plant?

* How do local lesion infections differ from sys-
temic infections?

* How can you prevent people from becoming plant
virus vectors in field or greenhouse situations?

* How can mechanical inoculation be utilized in
developing host plant resistance in crop plants?

* Does a virus whose genome is in multiple par-
ticles require a higher concentration of virus in
the inoculum than a virus whose genome is in a
single particle?

e What is a viral inhibitor, and why does it cause
problems when you are inoculating plants?
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» Is mechanical transmission of diseases a concern

when you are using farm machinery for normal TABLE 4.2
operations such as plowing or spraying in a field? Examples of Plant Species Utilized in a Host Range
Experiment
EXPERIMENT 2. MECHANICAL TRANSMISSION Virus Plant Species Reaction?
OF PLANT Viruses FOR HOsT RANGEs T™V
Experiments to study host range can be done by utilizing Chenopodium amaranticolor Susceptible
the inoculation procedure in the transmission exercise to C. quinoa Susceptible
inoculate a number of different host plants, including sus- Cucumis sativus Susceptible
ceptible and nonsusceptible plant species. Cucurbita pepo Susceptible
Lactuca sativa Susceptible
Materials N. glutinosa Susceptible
* Select a test virus and a compatible host set. N. tabacum Susceptible

Table 4.2 provides some examples of plants and
compatible viruses. Other combinations can be
found in the VIDE database (Brunt et al., 1996).
* The remaining materials are the same as in
Experiment 1.
* Follow the protocol outlined in Procedure 4.2 to
complete this part of the experiment. BPMV

Anticipated Results

A variety of symptoms should be formed. Within 3-5
days, local lesions should be visible. Students should
observe the number of lesions and whether or not they are
necrotic or chlorotic. Systemic symptoms will form later
(approximately 10—14 days). Some hosts may not be sus-
ceptible and will not have any symptoms. Control plants
should be carefully observed for inoculation damage and
compared with the experimental plants.

Questions TRSV

* Why would the environment where an inocu-
lated plant is being grown have an effect on the
rate and type of symptom expression?

*  Why does it require 10 days to 2 weeks for a plant
to develop systemic symptoms when it only takes
3—4 days for a plant to develop local lesions?

* Can a plant with a local lesion reaction develop
a systemic reaction also?

* How can knowing the host range of a virus assist
in predicting the susceptibility of an untested
plant species?

* Can a host range help identify plants that might
be alternate hosts of the virus and enable it to
survive when the affected crop is not in season?

* Would a virus only infect hosts that are closely conditions

Avena sativa
Pisum sativum
Spinacia oleracea
Triticum aestivum
Zea mays

Zinnia elegans

Glycine max

Lens culinaris

Phaseolus vulgaris cvs. Black
Valentine, Tendergreen, or Pinto

P. sativum

Vigna unguiculata
C. sativus

N. glutinosa

N. tabacum

Petunia X hybrida

Beta vulgaris

C. amaranticolor
C. sativus

C. pepo

N. tabacum
Petunia X hybrida

P vulgaris

Brassica campestris ssp. rapa

Helianthus annuus
Secale cereale
Trifolium hybridum

T. aestivum

Not susceptible
Not susceptible
Not susceptible
Not susceptible
Not susceptible
Not susceptible

Susceptible
Susceptible
Susceptible

Susceptible
Susceptible
Not susceptible
Not susceptible
Not susceptible
Not susceptible

Susceptible
Susceptible
Susceptible
Susceptible
Susceptible
Susceptible
Susceptible
Not susceptible
Not susceptible
Not susceptible
Not susceptible
Not susceptible

¢ Variation in reaction is possible due to virus isolate and inoculation

related to each other?

EXPERIMENT 3. DETECTION OF PLANT VIRUSES

and to determine its identity. Detection assays are rapid
and do not require the amount of greenhouse space or
host plants that mechanical transmission and host range

Assays that detect plant viruses are a quick and effi-
cient way to confirm the presence of a viral pathogen

[vww.ebook3000.con)



http://www.ebook3000.org

Plant Pathogenic Viruses

assays do. However, detection assays (depending on the
type and the virus being identified) may be unavailable,
limited in sample number, or costly. They may also lack
the ability to differentiate between closely related virus
strains. When developing detection assays, a unique
identifier for the virus in question is needed. Viruses
are composed only of the capsid (protein coat) and the
nucleic acid genome. Thus, the unique identifier for the
assay must detect characteristics in either viral protein
or nucleic acid.

Serological assays have been the most widely used
detection method for plant viruses since their develop-
ment. Today, PCR techniques (described previously) are
becoming more available and affordable; however, serol-
ogy remains widely used, especially in large-scale studies,
first and confirming identifications, and quick industry
applications. In order to develop a serological-based assay
for a virus, the virus must be able to elicit an immune
response in an animal (immunogenic). This ability
depends on the capsid protein having distinctive clusters
of six to eight amino acids (antigenic determinants) called
epitopes. When purified virus is injected into an animal, it
is recognized as a foreign protein and its immune system
builds antibodies that recognize the epitopes found in the
viral capsid protein. Antibodies that have been made to a
purified virus can be utilized in a number of assays.

Materials

* Virus-infected plant tissue—Selection of the
plant and virus to utilize is dependent on many
factors. With the exception of TMV, availability
of virus-infected materials varies from region to
region. Select a virus that is appropriate for your
location.

* Healthy plant tissue that is the same plant spe-
cies and cultivar as the infected material.

* A series of two to six plant tissue samples pre-
pared by the instructor and labeled only by
a number or other code per student or student
group; the instructor will know which samples
are infected and which are not.

* Immunoassay supplies—When selecting an
immunological assay to do in class, consider
the amount of time that is available for your lab.

complete with buffers and required supplies are
preferable. ELISA or Immunostrip kits are avail-
able from the two following suppliers:

Agdia

52642 County Road 1

Elkhart, IN 46514, USA
1-800-62-AGDIA
http://www.agdia.com/

AC Diagnostics, Inc.

1131 W Cato Springs Road
Fayetteville, AR 72701, USA
(479) 595-0320; (479) 251-1960
http://www.acdiainc.com

Grinding tissue samples—Tissue samples can be
ground in mesh sample bags such as ACC00930
from Agdia or mortars and pestles. If the tissue
is flat and care is taken not to perforate the bag,
it can also be done in a sandwich bag that seals
shut with a smooth rounded object such as a
pestle to gently macerate the tissue.
Washing—ELISAs require washing between
each step with phosphate-buffered saline with
Tween 20 added. If a mechanical ELISA washer
is not available, this can be done manually by
carefully removing the contents of the test well
and filling the wells with wash buffer three to
five times, preferably allowing 5 min for the plate
to soak between each wash. For the washes after
the plate has incubated with samples, care must
be taken to avoid cross contaminating the wells.
Samples should be removed by careful pipetting.
Care should be taken with subsequent washes to
preserve the unique profile of each sample well.
When wells are filled with identical solutions
(e.g., wash buffer), the contents can be removed
by a rapid flicking motion over the sink.
Micropipettes and disposable tips.

Guide to record data.

Follow the protocol outlined in Procedure 4.3 to
complete this part of the experiment.

Immunostrip assays are rapid and will easily fit
into alimited time. ELISA typically requires mul-
tiple days. Students can do the entire protocol if
facilities are available for students to have access
through the required assay period. Alternatively,
all steps except for the final rinse and develop-
ment can be done prior to lab. The final devel-
opment step easily fits into a short lab period.
Unless other sources are available, kits that come

Anticipated Results

Infected plant samples are expected to produce positive
reactions (color changes in the ELISA substrate reagent
or lines in the Immunostrip assays). Healthy plant sam-
ples should not provide these changes. Based on these
reactions, the coded tissue samples should be identified
as infected or healthy. Variations may be seen in the
intensity of the reactions depending on the virus concen-
tration in each tissue sample.
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Questions

e Why is it necessary to add a negative control to
the immunoassay tests?

*  Why is a positive control also required?

*  What would it mean if the wells that contained
buffer as a sample reacted positively?

*  What advantages does serological identification
of the virus provide?

e A virusis seed transmitted. How can immunoas-
says be used to assist in the control of this virus?

*  What would happen if a test sample was infected
with more than one virus?

*  Why would it be beneficial to a producer to rap-
idly identify a virus infecting his crop?

e If virus A is transmitted by aphids and virus B is
transmitted by nematodes, how would knowing
which virus is infecting the plants help control
the virus?
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CoNcEPT Box

Bacteriology is a fascinating topic of research because the organisms are microscopic and therefore seemingly
invisible; finding out where they are and what they do in the environment is like solving a mystery.

Phytobacteriology can be like a “who done it” because we often try to solve major economic problems and identify
“who” attacked the broccoli.

What we think bacteria are related to and not (classification) changes with the techniques available. Unfortunately,
this can lead to changes in the names of our favorite organisms and sometimes it becomes difficult to keep track
of all those names.

Identification of bacteria is based on tests used to separate them into different groups. Identification methods
change as the methods used in classifications change.

Critical steps toward disease diagnosis are made with a good initial description of the crime scene (the host, the
symptoms, the environment, and other field details).

Managing diseases caused by bacteria follows integrated pest management principles that rely on multiple strate-
gies for controlling the disease, minimizing impacts on the environment, and favoring long-term sustainability.

Phytobacteriology is the study of plant pathogenic
prokaryotes. Prokaryotes (Greek: pro meaning before
and karyon meaning nut or kernel) are single-celled
microorganisms that are unified into a group based on how
they differ from eukaryotes (Greek: eu meaning true and
karyon meaning nut or kernel). Specifically, eukaryotes
have chromosomes surrounded by a nuclear membrane
(true nucleus). The genetics of prokaryotes are easier to
study because they have a single circular chromosome
located in the cytoplasm of the cells and because they
do not have organelles (chloroplast and mitochondria)
with their own chromosomes. However, prokaryotes pres-
ent their own difficulties in that their microscopic nature
makes them difficult to see and study in the environment.
A great deal of interesting research involves developing
techniques to allow researchers to ask which bacteria are
out there, where do these organisms live, and what they do
there? The study of microbiology is largely a study dedi-
cated to divulging the secret lives of prokaryotes.
Bacteria cause diseases on a wide range of plants. In
1920, just 40 short years after the isolation of the first bac-
terial plant pathogen, Erwin F. Smith (an American, U.S.

Department of Agriculture [USDA] researcher who is
largely thought of as the father of phytobacteriology) cata-
logued diseases in a quarter of the plant families known
at the time. He predicted that bacterial diseases would be
found on all plant families and maybe even on all plant spe-
cies. However, the diseases that attract the most attention
are those that cause damage at economically or ecologi-
cally important levels. Although the field of phytobacteri-
ology is well over 100 years old, every year new bacterial
diseases of important plants are described, creating a great
deal of detective work for phytobacteriologists who want
to find out “who done it?” (e.g., who ruined the broccoli?).

Like bacteria, most bacterial diseases are ephem-
eral. Although a wide range of bacteria can cause severe
disease and significant losses worldwide, few cause con-
sistent and complete crop loss. Bacterial diseases of culti-
vated crops are often sporadic and cause minor cosmetic
symptoms. Bacterial diseases may not cause complete
crop loss, but they can limit the supply of certain com-
modities, decrease the overall quality, and reduce yield,
thus resulting in economic impact. In the worst cases,
crops from individual growers or from entire regions can
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be destroyed in some seasons due to severe disease out-
breaks. Additionally, the impact can be a matter of human
survival if the severely affected crops are major food sta-
ples of populations with few alternative resources.

TAXONOMY OF PLANT
PATHOGENIC BACTERIA

In 1920, Smith’s list of plant pathogenic bacteria included
only the following three genera: Aplanobacter, Bacillus,
and Bacterium. The number of genera of bacterial plant
pathogens has increased since then and continues to do
so. Pathogens described in Smith’s era are still causing
important diseases and set the stage for modern research
that has greatly expanded the frontiers of not only phy-
tobacteriology, but science in general. Smith and a team
of phytobacteriologists* at the USDA documented the
causes (etiology) of many of the bacterial diseases that
remain problematic today. In 1989, there were only nine
bacterial genera to which bacterial plant pathogens were
assigned. By 1996, the number had increased to 26 genera
and the latest catalogues of Names of Plant Pathogenic
Bacteria lists 38 genera to which bacterial plant patho-
gens have been assigned. However, the picture is complex
as some of these genera contain named pathogens that are
also listed as synonyms from other genera.
Understanding the relationships among organisms
(classification), ensuring that all scientists use the same
unique name for each different organism (nomenclature),
and recognizing organisms that have already been clas-
sified and named (identification) are three functions of
taxonomy. Taxonomists often apply new classification
techniques to old problems and propose new classifications
and corresponding new names based on their findings.
Additionally, new names arise due to the reporting of new
diseases of novel etiology. Recently, our increasing ability
to characterize unculturable bacteria has resulted in an
increase in the number of named bacterial plant pathogens.
Regardless of the cause, phytobacteriologists struggle to
know which names are up-to-date because choosing the
appropriate name requires that researchers first understand
the classification from which those names were derived.
If they agree with that classification, then they should
use the corresponding names associated with it. It is the
responsibility of each researcher to know which classifica-
tion scheme best suits the organisms that are the subject of
their research and to choose the name that corresponds to
that classification scheme. There are rules for how to con-
struct names of bacteria for new classifications, and lists
are generated to help bacteriologists know which names
have been proposed according to the rules (Table 5.1).

* Incidentally, many women were equal partners on this team.
Phytobacteriology and microbiology were two fields in which female
scientists were more common and more accepted at the start of the
twentieth century than they were in other fields of science.

Carolee T. Bull, et al.

You do not have to study plant pathology long before
you notice that the names of some pathogens change. For
the seemingly continuous name changing, you can first
blame Carl Linnaeus and second the desire of biologists
to have names coupled with classification. Linnaeus did
a great favor to all by shrinking the species names from
the paragraph-long descriptions used as the names of
organisms in his time to two words, a binomial species
name. A binomial species name consists of the genus and
a specific epithet. For example, the species name for one
important plant pathogen is Pseudomonas syringae. This
pathogen belongs to the genus Pseudomonas (from the
Greek for false unit). The species name is not syringae,
but is the binomial Pseudomonas syringae. The word
syringae is the specific epithet for this pathogen and
should never be written without a genus name (or single
letter abbreviation: P. syringae).

Binomials require name changes if novel classifica-
tions place the pathogen in a new or different genus. For
example, a pathogen cannot be called P. solanacearum
if it is a member of the genus Burkholderia or Ralstonia;
thus, P. solanacearum was changed to B. solanacearum
and then to R. solanacearum due to the proposed changes
in the classification of this pathogen. If a species name was
one word and was not made from both the genus name and
the specific epithet, names would not change based on the
changes in our understanding of which genus the organ-
ism belongs. Although other naming systems have been
proposed, researchers tend to prefer keeping Linnaeus’
binomial system both because of tradition and because this
system creates names that reflect relationships and changes
in our understanding of those relationships.

Nomenclature for many plant pathogenic bacteria is
made even more complicated because a pathovar epithet
is often needed to distinguish among distinct pathogens
within the same species on the basis of pathogenicity on
one or more plant hosts. Like species names, pathovar
names will change if pathogens are transferred to a new
or different species or genus. For example, P. syringae
pv. alisalensis was transferred to the species P. canna-
bina and therefore became P. cannabina pv. alisalensis
in the process. Luckily, the International Society of Plant
Pathology’s Committee on the Taxonomy of Bacterial
Plant Pathogens (Table 5.1) is ready to help phytobacte-
riologists and others understand the issues related to the
taxonomy of these organisms.

What is a bacterial species? This is a question of
much debate because it is difficult to stretch species con-
cepts that were originally made for eukaryotic species to
bacteria. Researchers deal with this conundrum by try-
ing to determine the relationships among bacteria. In the
past, phenotypic tests were the primary methods used for
defining these relationships on the premise that organisms
that are more closely related are more similar phenotypi-
cally. The most widely known and used phenotypic test is
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TABLE 5.1
Publications and Websites Useful for Understanding the Taxonomy of Plant Pathogenic Bacteria

Lists of Validly Published Names of Bacteria

List of prokaryotic names with standing in nomenclature, http://www.bacterio.cict.fr/.

Bull, C. T., S. H. De Boer, T. P. Denny, G. Firrao, M. Fischer-Le Saux, G. S. Saddler, M. Scortichini, D. E. Stead, and Y. Takikawa. 2012. List of new
names of plant pathogenic bacteria (2008-2010). J. Plant Pathol. 94:21-27. http://www.isppweb.org/about_tppb.asp.

Bull, C. T, S. H. De Boer, T. P. Denny, G. Firrao, M. Fischer-Le Saux, G. S. Saddler, M. Scortichini, D. E. Stead, and Y. Takikawa. 2010.
Comprehensive list of names of plant pathogenic bacteria, 1980-2007. J. Plant Pathol. 92:551-592. http://www.isppweb.org/about_tppb.asp.

Young, J. M., C. T. Bull, S. H. De Boer, G. Firrao, L. Gardan, G. E. Saddler, D. E. Stead, and Y. Takikawa. 2004. Names of plant pathogenic bacteria
published since 1995. Report of the Taxonomy of Bacterial Plant Pathogens Committee of the International Society of Plant Pathology. This
publication is no longer up to date but is an online comprehensive list through 2004. http://www.isppweb.org/names_bacterial_new2004.asp.

Codes of Nomenclature
Lapage, S. P, P. H. A. Sneath, E. F. Lessel, V. B. D. Skerman, H. P. R. Seeliger, and W. A. Clark (eds.). 1992. International Code of Nomenclature of
Bacteria. Bacteriological Code, 1990 Revision. Washington, D.C: American Society for Microbiology. http://www.ncbi.nlm.nih.gov/books/NBK8817/.
Dye, D. W., J. F. Bradbury, M. Goto, A. C. Hayward, R. A. Lelliott, and M. N. Schroth. 1980. International standards for naming pathovars of
phytopathogenic bacteria and a list of pathovar names and pathotype strains. Rev. Plant Pathol. 59:153-168.
Young, J. M., C. T. Bull, S. H. De Boer, G. Firrao, L. Gardan, G. E. Saddler, D. E. Stead, and Y. Takikawa. 2001. International standards for naming
pathovars of phytopathogenic bacteria. http://www.isppweb.org/about_tppb_naming.asp.

Useful References

Bull, C. T., S. H. De Boer, T. P. Denny, G. Firrao, M. Fischer-Le Saux, G. S. Saddler, M. Scortichini, D. E. Stead, and Y. Takikawa. 2008.
Demystifying nomenclature of bacterial plant pathogens. J. Plant Pathol. 90:403—-417.

Cintas, N. A., C. T. Bull, S. T. Koike, and H. Bouzar. 2001. A new bacterial leaf spot disease of broccolini, caused by Pseudomonas syringae pv.
maculicola, in California. Plant Dis. 85:1207.

Koike, S. T., P. Gladders, and A. O. Paulus. 1998. Vegetable Diseases: A Color Handbook. New York, NY: Academic Press.

Vinatzer, B. A., and C. T. Bull. 2009. The impact of genomic approaches on our understanding of diversity and taxonomy of plant pathogenic
bacteria. In: R. W. Jackson (ed). Plant Pathogenic Bacteria: Genomics and Molecular Biology. Norfolk, UK: Caister Academic Press, pp. 37-61.

Young, J. M., C. T. Bull, S. H. De Boer, G. Firrao, L. Gardan, G. E. Saddler, D. E. Stead, and Y. Takikawa. 2001. Classification, nomenclature, and
plant pathogenic bacteria—A Clarification. Phytopathology 91:617-620.

Committee on the Taxonomy of Plant Pathogenic Bacteria (ISPP) http://www.isppweb.org/about_tppb.asp.

the Gram stain technique (or a substitute, the KOH test;
Figure 5.1; Procedure 5.1), which is used to separate bac-
teria into groups based on their cell wall structure. We
describe two additional phenotypic tests that not only are
used for characterization of bacteria, but can also be the
starting points for additional research. Studies on bacte-
riocin (toxins produced by bacteria to which related bac-
teria are sensitive) production and sensitivity to specific
bacteriophages (viruses that attack bacteria) could lead
to research on the survival of bacteria in the environment
as well as being useful for developing phenotypic typing
systems (Procedures 5.2 and 5.3).

A particular subgroup of bacteria pose special chal-
lenges when it comes to research and nomenclature.
Gram-positive fastidious prokaryotes are a group of
bacteria that cannot be grown in culture and therefore
cannot satisfy the rules for naming bacteria. Instead
of traditional binomials, the designation Candidatus
(italicized) is used as a means of naming these uncul-
turable bacteria. In each case, the word Candidatus pre-
cedes the name of the organism (not italicized) and the

(b)

entire designation is written between quotation marks
(e.g., “Candidatus Liberibacter psyllaurous”). There
are currently only three plant pathogenic Candidatus

FIGURE 5.1 KOH test to determine Gram character of bac-
teria. (a) KOH-positive test result and (b) KOH-negative test
result. (Courtesy of T.M. Jardini.)
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genera: “Candidatus Liberibacter,” “Candidatus Phlo-
mobacter,” and “Candidatus Phytoplasma.”

Phenotypic tests are still used in combination with
genotypic tests to define bacterial relationships in poly-
phasic classifications using all of the phenotypic and
genotypic data available. Sequence-based methods are
now taking a leading role in classification and identifi-
cation of plant pathogens. Previously, relatedness and
bacterial species were defined by percent DNA/DNA
hybridization (or percent DNA homology). The now
outdated bacterial species definition required that bacte-
ria with >70% DNA homology and (ATm) of <5° were
the members of the same species. This species defini-
tion is being replaced by species concepts that will use
sequence-based classification schemes; these concepts
have the potential to be more useful to phytobacteriolo-
gists than the previous approach.

The cost of sequencing entire genomes of bacte-
ria is becoming quite affordable, and classification
and identification will be done using entire genomes.
Currently, whole genome sequencing is used to answer
specific research questions, but has not yet been used
for truly taxonomic purposes. Laboratories can, how-
ever, afford to regularly sequence individual genes, and
so those are used for classification and identification.
The 16S rDNA sequences have been used to analyze
the relationships among all organisms and place them
in the tree of life. Other housekeeping genes (needed
genes) are used to study the relationships among organ-
isms in more detail. Multilocus sequence analysis
(MLSA; Figure 5.2) uses four to eight housekeeping
genes to analyze the relationships and develop new

Pseudomonas cannabina chromosome
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FIGURE 5.2 Multilocus sequence analysis work flow. (a)
Genomic DNA is isolated from the target organism. (b) Specific
housekeeping genes are amplified in separate PCR reactions.
(c) Amplicons are sequenced and, using sequence analysis soft-
ware, sequences are cut to a standard size and concatenated in a
standard order for further analysis. (d) Concatenated sequences
are aligned. (e) Alignments are subjected to cluster analysis for
building phylogenetic trees. (Courtesy of C.T. Bull.)

Carolee T. Bull, et al.

classifications. Multilocus sequence typing (MLST) is
used to identify the organisms based on which alleles
of these four to eight genes do the organisms have. The
use of multiple genes can identify incidents of horizon-
tal gene transfer. One drawback is that different genes
or gene fragments are used to identify species and
pathovars within different genera. However, MLSA is
much better than DNA/DNA hybridization for delin-
eating species and pathovars because the data needed
are transportable. All the data needed for compari-
sons are in databases that can be used by anyone in
the world. Researchers do not need to obtain the type
and pathotype strains nor DNA from the organisms to
complete the MLST. The plant-associated microbes
database (PAMDB) hosts the sequences for many
MLST schemes of plant pathogenic bacteria (Www.
pamdb.org).

BACTERIAL DISEASE DIAGNOSIS AND
PATHOGEN IDENTIFICATION

For crops that are produced commercially on a large
scale, or for a small number of plants grown in some-
one’s backyard, the occurrence of plant diseases is a
significant concern. Therefore, people who grow plants
at any scale need to diagnose and identify problems
affecting their crops. Plant disease diagnosis is a pro-
cess involving analysis of symptoms and signs, com-
pilation of cropping and problem histories, clinical
testing of plant materials, and other investigative steps
(Table 5.2). This is analogous to collecting evidence
at a crime scene. Disease diagnosis can be considered
the art of plant pathology, whereas pathogen identifica-
tion involves the science of taxonomy. The extent of the
investigations leading to a diagnosis or identification of
a pathogen will always be dependent on the goal of the
investigation.

SYMPTOMS AND SIGNS CAUSED BY
BACTERIAL PLANT PATHOGENS

Diseases caused by plant pathogenic bacteria result
in a wide range of symptoms. The majority of plant
pathogenic bacteria can cause one or more common,
typical symptoms. For example, leaf spots (sometimes
called leaf lesions) are discrete, well-defined, and lim-
ited spots or sections of leaves that turn yellow, brown,
black, or other abnormal color (Figure 5.3a through d).
If leaf spots become numerous and combine or coalesce
together, the symptom will cause much of the foliage
to become diseased and die, causing foliage blights
(Figure 5.4). Leaf chlorosis, or yellowing of leaf tis-
sue, occurs when leaf spots or other infected areas
turn yellow due to bacterial infection, colonization, or
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TABLE 5.2
Information Collected on Disease Samples That Is
Useful in Identification and Further Research

Disease Outbreak Information
Date of collection
Grower/location of outbreak
Type of production (greenhouse, field, etc.)
Cropping history (including previous disease problems)
Irrigation practices

Host Plant Information
Common name
Scientific name
Cultivar
Seed/germplasm source
Plant organ affected (leaves, stem, roots, etc.)
Symptoms
Photograph of symptoms and signs on individual plants
Description of typical symptoms and signs
Percent field affected (number of acres) and description of the types of
damage

Isolations Made

‘What media were used?
ID# from collector/collection #
Degree to which initial isolation cultures appear pure
General description of colonies and initial test results
Each isolate from:

One or multiple plants

Plants from the same field or multiple fields

FIGURE 5.3 Leaf spot symptoms caused by bacterial
diseases. (a) Leaf spot symptoms of bacterial leaf spot
(Pseudomonas syringae pv. apii) of celery. (b) Chlorosis
and leaf spot symptoms of bacterial blight (P. cannabina
pv. alisalensis) of cauliflower. (c) Shot hole symptoms of
bacterial leaf spot (Xanthomonas campestris pv. vitians) of
lettuce. (d) Water-soaked leaf lesions of bacterial leaf spot
(Xanthomonas campestris pv. vitians) of lettuce. (Courtesy
of S.T. Koike.)
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FIGURE 5.4 Coalesced leaf spot symptoms of bacterial
blight (Pseudomonas cannabina pv. alisalensis) of broccoli
raab. (Courtesy of 1. Rubio.)

production of toxins (Figure 5.3b). “Shot holes” are
perforations in the leaf when leaf spot tissue splits or
dries and falls out (Figure 5.3c). Lesions or infected
areas can also cause discolored sections on leaf petioles
and fruit pedicles (Figure 5.5). Twig and branch die-
back and cankers (sunken and discolored areas in the
wood and breaks and fissures in woody tissue) are cor-
responding symptoms that occur on the woody parts of
trees and shrubs (Figure 5.6). Flowers can also develop
spots, lesions, and blights from infections. Bacterial
disease symptoms are very important as they cause sig-
nificant economic losses when spots, lesions, and scabs
form on fruit (Figure 5.7), and some bacterial pathogens
cause seed decay. Other common symptoms include
plant wilting (Figure 5.8) and development of mushy
and soft rots (Figure 5.9).

In addition, some unusual symptoms can also be
caused by bacterial pathogens. For example, the crown
gall pathogen (Agrobacterium tumefaciens) causes
galls to form on woody hosts (Figure 5.10). Research
on the basic biology of this pathogen led to new fields
of research including genetic engineering of plants.
The aster yellows pathogen “Candidatus Phytoplasma
asteris,” one of the fastidious prokaryotes mentioned
earlier, causes a series of virus-like symptoms such as
leaf and stem deformities, foliage chlorosis, stunting,
phyllody (growth of leaf structures on flower or fruit
parts), and strange twisting of plant leaves and stems
(Figure 5.11); in fact, for many years aster yellows was
considered to be a viral disease. Pierce’s disease of
grapes causes a complex of symptoms including yellow-
ing and reddening of foliage, eventual drying of leaves,
shriveling of grape clusters, and stunting of shoots.
Bacterial diseases of roots are less common. Corky root
disease of lettuce is an example in which root tissues
become green to brown in color and lose the ability to
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FIGURE 5.5 Petiole lesion symptoms of bacterial spot
(Xanthomonas campestris pv. vesicatoria) of tomato. (Courtesy
of S.T. Koike.)

FIGURE 5.6 Canker symptoms of shallow bark canker
(Brenneria [=Erwinia] nigrifluens) of walnut. (Courtesy of
S.T. Koike.)

effectively transport water and nutrients in the plant
(Figure 5.12).

It is risky to attempt plant disease diagnosis solely on
the basis of symptoms and host affected. However, when
it comes to identifying plant diseases caused by bacteria,
there are some key symptoms and signs that may indicate

Carolee T. Bull, et al.

FIGURE 5.7 Fruit scab symptoms of bacterial spot
(Xanthomonas campestris pv. vesicatoria) of pepper. (Courtesy
of S.T. Koike.)

FIGURE 5.8 Symptoms of bacterial wilt (Ralstonia sola-
nacearum) of tomato. (Courtesy of A.l. Huerta.)

bacteria are the causal agents. First, with few exceptions,
bacterial plant diseases primarily affect the aboveground
portion of plants, including leaves, stems, flowers, and
fruits. Second, the invading bacteria initially cause these
affected leaf tissues to have a translucent, water-soaked,
or greasy appearance (Figure 5.3d). The leaf, stem, or
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FIGURE 5.9 Symptoms of bacterial diseases. (a) Mushy rot
symptoms of soft rot (Pectobacterium carotovorum) of celery.
(b) Soft rot symptoms of bacterial ring rot (Clavibacter michi-
ganensis subsp. sepedonicus) of potato. ([a] Courtesy of S.T.
Koike. [b] 1049 APS PRESS. With permission.)
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FIGURE 5.10 Gall development from crown gall disease
(Agrobacterium tumefaciens) on willow. (Courtesy of S.T.
Koike.)

flower symptom may later take on a different look as dis-
ease progresses; however, this initial water-soaked symp-
tom is very characteristic of bacterial diseases. Third, the
shape of bacterial infections of plants can be very diag-
nostic. Once inside plant host tissue, pathogenic bacteria
are fairly passive and cannot actively cross or penetrate
through certain tissues, major veins in a leaf or other inter-
nal boundaries. Therefore, bacterial disease symptoms
on dicot plants may often have an angular or rectangular
appearance with the affected area having straight-sided
boundaries (Figure 5.13). For monocot plants, because the
major leaf veins are arranged in parallel lines that run the
length of the leaf, bacterial infections will often appear as
elongated, narrow lesions with straight-sided boundaries
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FIGURE 5.11 Deformed celery foliage caused by the aster
yellows phytoplasma (“Candidatus Phytoplasma asteris”).
(Courtesy of S.T. Koike.)

(Figure 5.14). Keep in mind that exceptions do occur. For
example, downy mildew diseases, caused by fungus-like
organisms, often have similar straight-sided leaf lesions.
Bacterial infections on tomato and pepper fruit will not
have the angular appearance because the fruits do not
have veins or other internal structures that create bound-
aries for the invading bacteria.

Another clue that the disease in question is caused
by bacteria is the presence of a sign. In plant pathology,
a “sign” is the actual visible presence of the pathogen
itself (Chapter 1). Of course, we cannot see one solitary,
single-celled, microscopic bacterium. However, under cer-
tain circumstances, these bacteria will mass together into
incredible numbers inside plant tissues, ooze to the surface
of the plant host, and be visible as cream- to yellow-colored
exudates (drying to an orange- or honey-colored crystalline
deposit) that collect outside the plant (Figure 5.15a and b).
With the use of a compound microscope (Chapter 3), we
can see a second type of bacterial sign. If we cut out a small
piece of infected tissue and observe it under the micro-
scope, we will see millions of bacteria oozing out from the
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cut surfaces called “bacterial streaming;” such bacterial (Figure 5.16) or streaming into liquid directly from cut
rivers are another visible sign that indicates bacteria may be stems (Figure 5.17; Procedure 5.4). It is good to remember
the causal agents of the disease. In some cases, the bacteria that bacterial streaming alone does not prove that the prob-
can be seen with the naked eye oozing from the cut surface lem is of bacterial origin. Plant tissues that are very rotted

FIGURE 5.14 Vein delimited, linear leaf lesions of bacterial
blight (Pseudomonas syringae pv. porri) of leek. (Courtesy of
S.T. Koike.)

FIGURE 5.15 Signs of bacterial pathogens. (a) Bacterial ooze

FIGURE 5.12  Root lesion symptoms of corky root disease (arrow) of fire blight (Erwinia amylovora) forming on surface

(Sphingomonas suberifaciens) of lettuce (healthy root on left). of apple leaf. (b) Dried bacterial ooze scraped from angular

(Courtesy of S.T. Koike.) leaf spot (Xanthomonas fragariae) of strawberry. (Courtesy of
S.T. Koike.)

FIGURE 5.13  Vein delimited, angular leaf spot symptoms of
bacterial blight (Xanthomonas campestris pv. syngonii) of syn- FIGURE 5.16 Bacterial ooze of Ralstonia solanacearum
gonium. (Courtesy of S.T. Koike.) from an infected tomato stem. (Courtesy of A.I. Huerta.)
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FIGURE 5.17 Bacterial streaming from bacterial wilt of
tomato. (Courtesy of A.B. Zacaroni.)

and old will be colonized by dozens of bacterial species that
are not pathogenic, but are only breaking down and feeding
on the decayed plant tissues. In this case, bacterial stream-
ing develops from secondary decay bacteria that were not
involved in causing the disease.

ESTABLISHMENT OF THE ETIOLOGY
OF NOVEL PLANT DISEASES

Although bacteria have been investigated as plant
pathogens for over 100 years, novel diseases continue
to appear. If the disease is not identified or readily diag-
nosed from among previous reports, researchers use
Koch’s postulates (Chapter 1, Figure 1.13) to determine
if the recovered pathogen is the cause (etiology) of the
disease. Sample collection sheets and photographs are
used to record the symptoms of the disease (Postulate 1)
as the primary data in a diagnosis. It is important to
some research to photograph the lesion or symptom
being used for bacterial isolations to refer to later in the
process. Organisms are isolated from symptomatic tis-
sue using standard methods (Procedure 5.1) by spread-
ing macerated tissue that has been surface disinfested
onto a general bacterial growth medium. After incuba-
tion one of two results are generally seen: either the
bacteria that grow are uniform in color, shape, and size
(Figure 5.18a) after approximately 3 days; or there is a
mixture of colonies of different shapes, textures, col-
ors, and sizes (Figure 5.18b). Occasionally, a semiselec-
tive medium is used to prevent the growth of unwanted
fungal and bacterial saprophytes if researchers have
some information about the disease prior to sampling.
However, even using a semiselective medium, mix-
tures of colonies may grow from symptomatic tissue.
Researchers have the most confidence moving forward
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(b)

FIGURE 5.18 Isolations from surface-disinfested symp-
tomatic leaf spot parsley tissue spread onto a semiselective
medium. (a) All colonies appear uniform in color, shape, and
size. (b) A mixture of colonies. (Courtesy of T.M. Jardini.)

with additional research (pathogenicity tests and bacte-
rial identification) if the isolates grow from the tissue
as pure cultures and are even more confident if similar
pure cultures are obtained from multiple plants with the
same disease symptoms.

Koch’s second postulate (Figure 1.13) requires the
suspect pathogen to be identified. DNA fragment band-
ing patterns (often called fingerprints) generated by
subjecting DNA amplified in rep-PCR reactions to
gel electrophoresis can be used to distinguish bacteria
(Figure 5.19a). These unique fingerprints serve to identify
the bacteria before and after pathogenicity tests.

It would be ideal to test all isolates from all outbreaks
for pathogenicity and to identify each and every isolate;
however, student researcher time (contrary to their advi-
sors’ beliefs), space, and money are limited, thus the
number of isolates that can be identified are limited. If
all isolates from a single outbreak or multiple outbreaks
have identical rep-PCR fingerprints (Figure 5.19), then
two representative isolates from each outbreak (or a mini-
mum of five) are evaluated further.

Isolated bacteria must be tested for pathogenicity
to confirm that the isolated bacteria caused the dis-
ease (Figure 1.13). Methods for testing pathogenicity
vary depending on the type of infection and disease.
For foliar pathogens, the strongest evidence of pathoge-
nicity comes from tests in which inoculum is sprayed
onto the same species and cultivar of plant from which
the organism was isolated. Inoculum is sprayed, rather
than injected or rubbed, to mimic natural infec-
tion processes and to prevent false positives that can
occur when mechanical wounding accompanies inoc-
ulation. However, some plants have strong protective
barriers like a thick cuticle or waxy layer that make
spray inoculation less practical. After inoculation,
plants are subjected to high humidity to keep the sto-
mata of the leaves open, which assists bacterial entry
into the plant. Generally after 2 days, the plants are
removed from the mist chamber and watered as needed.
Symptom development is documented and described.
In order for Koch’s postulates to be fulfilled, symptoms
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FIGURE 5.19 (a) DNA fragment banding patterns of a DNA
size standard (lane 1), known pathogens of the Apiaceae (lanes
2-3), and isolates from different fennel plants (lanes 5-15).
(b) Fennel leaf streak symptoms from which one isolate was
obtained. ([a] Courtesy of S.J. Mauzey. [b] Courtesy of S.T.
Koike.)

must be similar to those seen in the original outbreak
(Figure 1.13).

Final demonstration of the etiology of the disease
requires that the bacteria isolated from symptomatic
artificially inoculated plants be identical to those from
the original isolate that was used to inoculate the plants.
Bacterial isolation for this step is identical to the first step
in this process (Procedure 5.1) in that the symptomatic
tissue to be sampled is photographed, tissue is surface
disinfested and macerated, and then the macerated tissue
is spread onto a bacterial growth medium. Rep-PCR is
used to compare the DNA fragment banding patterns of
the original isolates to those of the reisolates from the
artificially inoculated plants. Showing that the reisolate
rep-PCR fingerprints are identical to those of the original
strains is sufficient for the final step in the demonstration
of Koch’s postulates.

IDENTIFICATION OF PLANT
PATHOGENIC BACTERIA

Only after pathogenicity has been demonstrated do
we invest in classifying and naming the bacterial plant
pathogen. The tests needed for identification are different
for each taxon. In general, tests used to classify species
are those needed to distinguish among the species within
a given genus. Thus, the primary literature on the tax-
onomy of the organism will be essential in deciding what
tests to use. Although researchers need to choose among
tests capable of differentiating genera and species, path-
ovars are always distinguished by host range testing.
DNA sequence-based methods, especially MLST, have
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accelerated the identification process in that sequence
analysis can rapidly allocate isolates to different taxa and
the analysis can be done without having the strains needed
for comparison in the laboratory. Comparison with the
type or pathotype strains is essential for identification
for publication. The type and pathotype strains are the
taxonomic reference strains. Researchers who do not use
these taxonomic reference strains—who, for example,
compare isolates to a colleague’s isolate of a particular
pathogen—risk misidentifying the pathogen, because the
colleague’s isolate could itself be misidentified.

Matching up your isolates with previously described
organisms is relatively easy if the MLST sequences of (or
data from) the type or pathotype strains are already avail-
able. All P. syringae pathotypes and many type strains
and pathotypes of plant pathogenic Xanthomonas spp.
are available in the PAMDB; soon even more species,
pathovars, and genera will be available. Also, rep-PCR
patterns of these strains will be very similar and usually
identical to those of the type or pathotype strains. The
number and type of tests conducted for identification will
be dependent on the goal of the identification. If the goal
is identification of novel pathogens for publication of a
new taxon, full taxonomic analysis is required. Greater
speed and less precision is needed if the goal is to iden-
tify an outbreak in a commercial agricultural field, for the
purpose of applying appropriate disease control tactics
before heavy yield losses occur.

DISEASE DEVELOPMENT
AND EPIDEMIOLOGY

Disease development relies on the perfect storm of suit-
able environmental conditions, susceptible host, and
the presence of a sufficient population of virulent cells
(Figure 1.9; Disease Triangle). The environmental condi-
tions that enable bacterial diseases to occur typically are
those that favor the growth and survival of the pathogen
causing the disease. Weather greatly influences the sus-
ceptibility of the plant to the pathogen. The patterns and
frequency of disease are likely to be altered by global
climate change.

Information about the biology, ecology, and habits
of bacteria is important to understand disease develop-
ment. For example, knowing where the primary inoc-
ulum comes from (i.e., where pathogens reside when
they are not causing infections in a host) is important to
understand disease development and control. Bacteria
are ephemeral and in general do not produce survival
structures that allow them to survive drastic changes in
environmental conditions. Even then, bacteria may sur-
vive in soil, irrigation water, contaminated seed plants,
seeds, on tools or workers’ clothes, inside insect vectors,
on overwintering crops, and on weed hosts; these sources
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can serve as the primary inoculum for bacterial diseases.
Plant pathogenic bacteria have even been found in snow
pack and cloud vapor. Identifying the primary inoculum
source and reducing those populations of bacteria are
important strategies for disease control. Preventing or
eliminating the buildup of inoculum for the next cycle
of disease is another important disease control strategy.

MANAGEMENT OF PLANT DISEASES
CAUSED BY BACTERIA

Managing plant diseases caused by bacteria follows
the traditional principles as set forth in integrated pest
management (IPM) systems (Chapter 28). IPM systems
rely on the use of multiple strategies for controlling the
disease as well as minimizing impacts on the environ-
ment and considering long-term, sustainable practices.
IPM options for controlling bacterial diseases include the
following: using resistant cultivars; eliminating primary
inoculum sources and otherwise excluding the bacteria;
practicing good sanitation measures; farming while using
appropriate cultural practices; applying bactericides; and
managing vectors that spread bacterial pathogens. These
practices can be easily remembered using the mnemonic
REPEAT (resistance, exclusion, protection, eradication,
avoidance, and therapy).

First, the use of a cultivar that is resistant or toler-
ant to the bacterial pathogen is a first-choice measure
for growers. If a lettuce cultivar is resistant to bacterial
leaf spot, or if a cucurbit cultivar is resistant to angu-
lar leaf spot, then use of these plants will eliminate the
need to implement other measures. Second, exclude the
bacterial pathogen from plant materials. Primary inocu-
lum of bacterial pathogens often enters the production
system as a result of being a contaminant on propaga-
tive plant material; therefore, the use of pathogen-free
materials is critical. Use seeds that have been tested and
deemed pathogen-free (certified seed) or seeds that have
been treated to reduce bacterial contamination below
the economic threshold. Use cuttings, transplants, crown
divisions, and other vegetative materials that are free
from the pathogen and that are not already diseased.

When growing transplants, seedlings, or a crop to
maturity, practice good sanitation measures to prevent
contamination from bacteria. Examples of such sanitation
measures include the following: washing and sanitizing
transplant trays or pots used to grow seedlings; sanitiz-
ing pruning shears and other tools used to prune and cut
stems and branches; wearing and sanitizing gloves when
handling, pruning, or pinching plants; and removing
plants that exhibit disease symptoms (this is especially
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helpful in a propagation or greenhouse crop setting).
Next, implement appropriate cultural practices when
growing plants. The most important cultural practice
for managing bacterial diseases is choosing the appro-
priate irrigation method. Because bacteria mostly spread
plant-to-plant via splashing water, try to minimize or
eliminate the use of overhead sprinkler irrigation; water-
ing plants by furrow or drip irrigation can significantly
reduce the incidence and severity of bacterial pathogens.
Driving equipment into fields and having crews work in
fields only if foliage is dry can also reduce plant-to-plant
spread of pathogens. Another important cultural practice
is to implement crop rotations so that susceptible crops
are not grown back-to-back. In some cases, the pathogen
that was present on the first crop can survive in the soil on
crop residues for short periods of time and infect the next
planting if that second crop is susceptible. Plant patho-
genic bacteria usually do not survive for an extended
period of time in soil, but such organisms can persist in
crop residues and on diseased volunteer crop plant and
weed hosts; therefore, eliminate these possible sources of
bacterial inoculum.

Apply and use bactericides as available and appro-
priate. In some cases, copper- or antibiotic-based pes-
ticides can provide some control if used preventively.
However, for many bacterial diseases, such applications
are of marginal use and do not provide sufficient con-
trol. In particular, bacteria become resistant to antibiot-
ics rapidly due to their fast generation time. Finally,
manage insect vectors, preferably by applying IPM
strategies. Most of the fastidious bacteria, for example,
the causal agents of aster yellows and Pierce’s diseases,
are vectored by insects and only infect plants when the
vector feeds on the plant.

SUMMARY

Phytobacteriology is a fascinating scientific field that com-
bines practical field agriculture, horticulture, and ecol-
ogy; investigative problem solving; modern microbiology
techniques; and the latest in high-tech molecular biology.
This field is dynamic, having changed much over the past
decades, and continues to change and remake itself as
new scientific discoveries are made. Phytobacteriology
is also an important field. The study of diseases caused
by plant pathogenic bacteria assists growers and produc-
ers throughout the world who are producing the food and
horticultural crops that we all need. Discoveries in phyto-
bacteriology help us produce high-quality, high-yielding
crops. Such findings also help make food safer, since
phytobacteriology is closely aligned with food safety and
food microbiology fields of study.
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LABORATORY EXERCISES

ExpPERIMENT 1. PoTAassium HYDROXIDE STRING
TesT FOR ESTIMATING GRAM STAIN CHARACTER

Gram-positive bacteria are separated from Gram-
negative bacteria by cell wall structure and the abil-
ity to retain differential dyes. Many researchers no
longer conduct Gram stain tests and have switched
to a test measuring lysis upon treatment with potas-
sium hydroxide (KOH). Gram-negative cells will rap-
idly lyse when treated with KOH and release viscous
string-like DNA that is easily visualized (Figure 5.1).
The KOH test is easier than the Gram stain tech-
nique and corresponds to the results of Gram stain-
ing. The majority of the bacterial plant pathogens are
Gram-negative, including those from these impor-
tant genera: Acidovorax, Agrobacterium, Erwinia,
Dickeya, Pantoea, Pectobacterium, Pseudomonas
(see Case Study 5.1), Ralstonia (see Case Study 5.2),
Xanthomonas, and Xylella. Important Gram-positive
genera include Clavibacter (see Case Study 5.3),
Clostridium, Corynebacterium, Curtobacterium, and
Rathayibacter. The purpose of this exercise is to deter-
mine the Gram-stain character of a purified bacterial
culture using KOH.

Materials

The following materials will be needed for each student
or team of students:

* Controls including one Gram-positive and one
Gram-negative bacterial strain

* Purified test cultures

* Glass Petri dish or microscope slide

* Inoculation loop

* KOH 3% (w/v)

Follow the protocols outlined in Procedure 5.1 to com-
plete this exercise.

Carolee T. Bull, et al.

Anticipated Results

If there is no string formation within 60 s (KOH nega-
tive; Figure 5.1b), the cells are likely to be Gram-positive.
If the suspension becomes viscous and form strings, the
isolate is Gram-negative.

Questions

* Based on your results, to what genera of plant
pathogenic bacteria are your isolates likely to
belong?

e Why are known Gram-positive and Gram-
negative bacteria used as controls?

e What would your interpretation be if all
other data indicated that the sample was
Gram-negative but the KOH indicated it was
Gram-positive?

* What would you change if both the controls
reacted the same way?

EXPERIMENT 2. BACTERIOCIN TYPING

Bacteriocins are toxins produced by bacteria that inhibit
closely related bacteria but not the strains producing the
toxin (producer strains). This procedure can be used to
determine the subspecies of Clavibacter michiganensis
(see Case Study 5.1) if appropriate producer and indicator
strains are used as controls.

Materials

Each student or team of students will require the follow-

ing materials:
e Producer strains, the strains
bacteriocins

e Control strains, these strains are also called
the indicator strains because their sensitivity to

producing

Procedure 5.1
Potassium Hydroxide String Test

Step Instructions and Comments

1 Prepare fresh cultures of the purified test isolates and controls. Cultures grown on nutrient agar or another

general bacteriological medium for 18—26 h are usually fine.

W A W N

Scrape a single colony of bacteria off the Petri dish with an inoculation loop.

Place a drop of KOH (3%) on a microscope slide and mix the bacteria with the KOH for 60 s.

Slowly lift the inoculation loop from the slide and the bacterial suspension.

Observe and document whether or not a viscous string is formed between the suspension and the inoculation

loop (Figure 5.1a). A dark background helps with the observation.
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CASE STUDY 5.1
PSEUDOMONAS SYRINGAE PV. MACULICOLA AND PSEUDOMONAS CANNABINA PV. ALISALENSIS

Taxonomy of the Pathogen

e McCulloch first described Bacterium maculicolum as the pathogen causing pepper spot of cauliflower in 1911
(Figure 5.20). It was reclassified as Pseudomonas maculicola by Stevens in 1913. In 1980, it was consolidated
with other fluorescent pseudomonads into P. syringae and designated P. syringae pv. maculicola. It has been
described and reported on a variety of Brassicaceae plants.

» Historically, disease outbreaks on crucifers caused by organisms related to P. syringae were automatically
attributed to P. syringae pv. maculicola. However, a second fluorescent pseudomonad with a broader host
range (including monocots), P. cannabina pv. alisalensis (formerly known as P. syringae pv. alisalensis), was
distinguished from P. syringae pv. maculicola at the turn of this century (Koike et al., 1998; Cintas et al.,
2002; Bull et al., 2010).

* Some pathogens previously reported in the literature to be P. syringae pv. maculicola have been shown to
be P. cannabina pv. alisalensis. These include a strain used as a part of a model system for molecular plant
microbe interactions (strain B70, also named ICMP4326, ES4326, 4326, PmaM4, M4, CFBP1637) and strains
reported from around the world.

Impact of the Pathogen

* Pseudomonas syringae pv. maculicola has a broad host and geographic range. Symptoms of the pathogen
consist of oily dark spots on cotyledons, leaves, stems, peduncles, and seed pods. This pathogen reduces plant
quality and causes production and economic losses.

» Bacterial blight caused by P. cannabina pv. alisalensis is an economically important disease of radish, broc-
coli raab, and arugula, resulting in 80%—100% loss in some cases, and it can significantly influence the
quality of seed crops (Figure 5.21). Disease outbreaks have been reported in North America, Europe, and
Australia. Diseases on crucifers reported as P. syringae pv. maculicola in the literature before 2002 may have
been caused by P. cannabina pv. alisalensis. Early symptoms of the pathogen consist of water-soaked flecks
on leaves. Over time, these flecks expand and become surrounded by bright yellow halos (Figure 5.3b), which
eventually coalesce to form large necrotic areas referred to as blight (Figures 5.4 and 5.21a).

Disease Management

* Similar techniques and strategies are used to control P. syringae pv. maculicola and P. cannabina pv.
alisalensis.

» Copper sprays have been used for the control of these two pathogens.

* Crop rotations away from crucifers have been used to manage these diseases.

* Additional recommendations include the use of clean seed and limiting overhead irrigation.

» Sanitation measures are helpful, including disinfestation of all tools before use and removal of infected plants
and debris.

Recent Research

e In 2002, a bacteriophage, PBSPCA1 (Figure 5.22), capable of lysing P. cannabina pv. alisalensis, but not
P. syringae pv. maculicola, was used to develop a bioluminescent reporter bacteriophage for the specific and
rapid detection of P. cannabina pv. alisalensis from environmental samples.

* Additional P. syringae pathovars have been shown to be more closely related to P. cannabina, and the species
is being emended to include P. syringae pv. coriandricola and P. syringae pv. philadelphi.

* The genomes of strains of P. cannabina pv. alisalensis and P. cannabina pv. cannabina have been sequenced,
and the comparisons provide insights into host specificity in this species.
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FIGURE 5.20 Pepper spot of crucifers (Pseudomonas
syringae pv. maculicola) on cabbage. (Courtesy of S.J.
Mauzey.)

(b)

FIGURE 5.21 Bacterial blight of crucifers (Pseudomonas
cannabina pv. alisalensis) on broccoli raab. Severe symptoms
(a) on an individual plant and (b) in a field. (Courtesy of N.A.
Cintas and S.J. Mauzey.)

FIGURE 5.22 Bacteriophage. (a) Electron micrograph of
bacteriophage PBSPCAIL. (b) Lysis of Pseudomonas can-
nabina pv. alisalensis by bacteriophage PBSPCAIL. ([a]
Courtesy of I. Rubio and Hsing-Yeh Liu. [b] Courtesy of
C. Bull)

Carolee T. Bull, et al.

bacteriocins indicates to which subspecies they

belong
e Test isolates

* General growth agar media in sterile glass Petri

dishes only
* Inoculation loop or pipette
* 2.5 mL of melted 0.7% agar (soft agar)
* Chemical exhaust hood

* Chloroform (refer to the Material Safety Data
Sheet for chloroform when working with this

chemical)
e Incubator

Follow the instructions listed in Procedure 5.2 to com-

plete this experiment.

Anticipated Results

If using this procedure to determine the subspecies of
C. michiganensis, then use the following producer strains:

e C. michiganensis subsp. michiganensis 1379

* C. michiganensis subsp. nebraskensis CN74-1

e C. michiganensis subsp. insidiosus M1B
* Rathayibacter iranicus 2253

e Curtobacterium flaccumfaciens subsp. flac-

cumfaciens CV3 and CV6

Use the following chart to determine the identity of the

indicator strain.

Producer Strains

Indicator CN74-1 1379 M1B CV6 2253

C. michiganensis + + + + +
subsp.
sepedonicus

C. michiganensis + + - - +
subsp.
insidiosus

C. michiganensis v - + v +
subsp.
michiganensis

C. michiganensis — + + — +
subsp.
nebraskensis

Cv3

Questions

*  What is the purpose of using the producer and
indicator strains in a bacteriocins experiment?

* If you get a negative result in the bacteriocin
experiment, does that mean that the producer

strain does not produce bacteriocins? Why?
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CASE STUDY 5.2

RALSTONIA SOLANACEARUM

Taxonomy of the Pathogen

The pathogen was first described as Bacillus solanacearum in 1896 by E.F. Smith and soon renamed Bacterium
solanacearum (Smith 1896) Chester 1897. It was subsequently renamed Pseudomonas solanacearum (Smith
1896) Smith 1914 based on the limited taxonomic techniques available at the time.
This pathogen has had many additional synonyms, in part because the species is very heterogeneous. Ralstonia
solanacearum is considered a species complex, which is composed of thousands of strains.

A series of modern taxonomic studies led to the transfer of the organisms to Burkholderia solanacearum
(Smith 1896) Yabuuchi et al. 1992. After further study, Yabuuchi et al. (1995) proposed a new genus for these
strains leading to the most recent name Ralstonia solanacearum.
The species is subdivided into four genetically distinct phylotypes based on Ribosomal DNA ITS region
sequences.
The four genetic groups identified correspond to the strains’ geographic origins:

* Phylotype I corresponds to strains of Asian origin, often thriving in tropical environments.

e Phylotypes ITA and IIB correspond to warm temperate and temperate strains of the Americas.

e Phylotype III strains are from Africa.

* Phylotype IV strains have all been isolated in Indonesia.
Prior to the phylotype classification scheme, R. solanacearum strains were divided on the basis of race
(corresponding to host range, which is equivalent to the term pathovar used for other plant pathogenic bacteria)
and biovar (corresponding to the ability to produce acid from several disaccharides and sugar alcohols).
Under the current classification system, some of the phylotypes are further divided into sequevars according
to differences in alleles for the endoglucanase gene.

Range of Diseases

Four major diseases are caused by different phylotypes of the pathogen.

Brown rot of potato results in staining of the vascular ring starting at the stolon end of potato tubers. Severe
infection may lead to complete rot and collapse of the tuber. Aboveground symptoms include wilting of one
or a few leaves at the stem apex; as disease progresses the entire plant wilts and dies.

Southern bacterial wilt of tomato (Figure 5.8) manifests as a sudden wilt of tomato foliage followed by stem
collapse. As the disease progresses, the entire plant collapses and dies. Additional symptoms include brown-
ing of the stem, leaf chlorosis, and stem rot.

In Moko disease of banana, infections caused by the soilborne R. solanacearum strains are first observed on
older leaves, which exhibit chlorosis, wilt, and ultimately leaf collapse. Disease symptoms spread to young
leaves, which develop pale green or whitish panels before becoming necrotic. Fruit development is arrested,
and fingers may ripen prematurely and split. Internally, the fruit is discolored and eventually rots.

For the insect-transmitted strain of moko disease, symptoms are first perceived as blackened and shriveled
flower buds and peduncles. The bacteria travel into the fruit, leading to premature fruit ripening and rot. With
time, bacteria enter the vascular tissue causing vascular browning and plant death.

Granville wilt of tobacco is expressed on young plants as wilting of one or two leaves that usually recover as
temperatures cool overnight. As infection advances in larger, more developed plants, leaves display one-sided
wilting. Initial symptoms are often apparent on only one side of the leaf mid-vein. Over time, leaf veins turn
brown and the leaf dies. Infected leaves become light green to yellow and occasionally appear scaly. Vascular
browning appears on longitudinal sections of tobacco stalks, and the underground symptoms include blacken-
ing and decay of roots.
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Disease Cycle of Bacterial Wilt

In the presence of a susceptible host, the soilborne bacteria can move toward root exudates and enter their host
via lateral root emergence sites and injured roots.

The pathogen multiplies to high cell densities (often 10'° CFU/g of tissue) in the xylem vessels.

The cells produce copious amounts of extracellular polysaccharide, a primary virulence factor, and the host
defense response to infection leads to the blocking of water transport in the xylem vessels and to the predomi-
nant wilting symptom, from which the disease gets its name.

Impact of Bacterial Wilt

Phylotype IIB strains causing bacterial wilt on tomato and brown rot on potato (historically known as race 3
(biovar 2)) are highly virulent strains of R. solanacearum that are capable of adapting to cooler climates in
temperate zones. Therefore, these strains pose a threat to national agriculture in the United States and Europe
and have been placed on the select agent list making them restricted pathogens for these regions.

Bacterial wilt results in economic losses on tomato, potato, tobacco, pepper, eggplant, groundnut, and Musa
spp. and also affects over 200 other plant species in over 50 families. Its wide geographic distribution and
soilborne nature make it one of the most destructive plant pathogens in the world.

Bacterial wilt has become a reemerging problem with 50% yield losses on the eastern shore of Virginia (the
sixth largest fresh market tomato producer in the USA).

Disease Management

Bacterial wilt is a difficult disease to control due to its soilborne nature, wide geographic distribution, and host
range. It can survive in/on plant debris, soil, water, and on solanaceous weeds and other hosts.

Prior to 2005, the soil-applied fumigant methyl bromide was an effective means of controlling the disease by
reducing the initial primary inoculum in agricultural fields; however, this ozone depleting fumigant has been
phased out, and no effective chemical replacement has been found.

Exclusion, including the planting of certified material, is the best way growers can protect their crops.
Phytosanitary measures are essential because once the pathogen is established in a field, it is very difficult to
eradicate.

Conventional breeding against bacterial wilt, the most efficient control tactic against yield loss, has been
conducted for economically important crops like tomato, potato, eggplant, tobacco, pepper, and peanut.
However, generating effective resistance in some of these crops has been slowed due to interacting factors
such as pathogen variability, availability of resistant sources, environmental factors, and desired agronomic
traits.

Recent Research

Historical research of R. solanacearum focused on the nature of the pathogen and pathogenesis, epidemiol-
ogy, disease management, diversity and detection of the pathogen, host plant response, breeding and deploy-
ment of wilt-resistant crops, and pathogen genetics (Buddenhagen and Kelman, 1964).

With the advent and ease of sequencing DNA of the various strains from each of the four phylotypes of the
R. solanacearum species complex, researchers have focused on the intimate interaction between host and
pathogen at the molecular level.

* The vast amount of data from the sequenced strains has led researchers to conduct comparative genome
analyses to identify and study key metabolic pathways that contribute to strain fitness, pathogenicity, and
virulence.

e Comparative transcriptomic analyses are underway to identify genes in the host and the pathogen that
account for latent infections and host resistance.

Grafting tomato scions on R. solanacearum-resistant eggplant and tomato rootstocks planted in highly
infested fields decreases bacterial wilt incidence.
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CASE STUDY 5.3

CLAVIBACTER MICHIGANENSIS

Taxonomy of the Pathogen

e Clavibacter michiganensis, originally described in 1910 by E.F. Smith, was isolated from infected toma-
toes grown in Grand Rapids, MI. He named the pathogen Bacterium michiganense. The pathogen has been
renamed, the most recent name being C. michiganensis.

e The genus Clavibacter was described in 1984 and consisted of five species, formerly from the genus
Corynebacterium, distinguishable from other Corynebacterium species by the presence of diaminobutyr-
ate in the bacterial cell wall. The genus Clavibacter was later amended to describe only bacteria that have
unsaturated menaquinones between 9 and 12 units in length in addition to the presence of diaminobutyrate,
thus excluding all species except C. michiganensis.

e C. michiganensis has five subspecies that differ in colony morphology and pigmentation, biochemical test reac-
tions, salt tolerance, and production of bacteriocins. They also differ in abilities to infect various host plants.

e C. michiganensis subsp. michiganensis (Smith 1910) Davis et al., 1984 comb. nov., causes bacterial wilt
and canker of tomato.

e C. michiganensis subsp. sepedonicus (Spieckermann and Kotthoff, 1914) Davis et al., 1984 comb. nov.,
causes ring rot of potato (Figure 5.9b).

* C. michiganensis subsp. insidious (McCulloch 1925) Davis et al., 1984 comb. nov., causes wilting and
stunting in alfalfa.

e C. michiganensis subsp. nebraskensis (Vidaver and Mandel 1974) Davis et al., 1984 comb. nov., causes
wilt and blight of maize.

* C. michiganensis subsp. tessellarius (Carlson and Vidaver 1982) Davis et al., 1984 comb. nov., causes leaf
freckles and leaf spots in wheat.

Impact of the Pathogen

* All of the C. michiganenesis subspecies are vascular pathogens that enter host plants through wounds or from
contaminated seed. After infection, bacteria colonize the xylem. Blockage of the xylem caused by bacterial
growth results in the characteristic wilt and stunting symptoms.

* The two most economically important subspecies are C. michiganensis subsp. michiganensis and C. michi-
ganensis subsp. sepedonicus.

* C. michiganensis subsp. michiganensis has been known to cause up to 70% yield loss in both field and
greenhouse grown tomatoes.

» C. michiganensis subsp. sepedonicus has been known to cause up to 50% yield loss in potato, the most
widely grown vegetable crop in the United States.

* The occurrence of C. michiganensis outbreaks is rare but can have devastating consequences.

Disease Management

* Both C. michiganensis subsp. michiganensis and C. michiganensis subsp. sepedonicus are quarantine patho-
gens on the European Union Plant Health Legislation list.

* The use of certified clean seed for tomato and certified clean seed pieces for potato is essential.

* Resistant commercial varieties do not currently exist.

e Sanitation practices include disinfestation of all tools and equipment after contact with the pathogen and
removal of infected plants as symptoms develop.

» Crop rotation may be effective for the control of C. michiganensis subsp. michiganensis if a 2-year break in
planting of a susceptible host is maintained.

(Continued)
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Recent Research

» Historical research on C. michiganensis focused on virulence factors such as plasmids, bacteriophages, and
bacteriocins.
e Current research is focusing on host pathogen interactions at the molecular level (Eichenlaub and
Gartemann, 2011).
e Both C. michiganensis subsp. michiganensis and C. michiganensis subsp. sepedonicus have fully
sequenced genomes.
e Completion of the C. michiganensis subsp. michiganensis genome identified a pathogenicity island that
controls virulence of the pathogen.
* Microarray data are currently being generated to identify genes in the C. michiganensis genomes that may
be involved in pathogenicity.

Procedure 5.2
Bacteriocin Typing

Step Instructions and Comments

1 Grow producer strains to log phase in liquid media. Producer strains produce bacteriocins to be tested.

2 Place ~5 pL of the producer strain suspension on nutrient agar or other general growth medium using an inocula-
tion loop or pipet. Place five isolates on one plate separated from each other as far as possible.

3 Incubate for 4 days at 20°C or at the optimum temperature for the growth of the producers or production of
the bacteriocin.

4 Grow indicator strains to log phase in liquid media. At the same time, grow your test isolates, as listed in the
materials section.

5 Invert glass Petri dish of producer strains over 2 mL of chloroform for 2 h. Chloroform will melt plastic so be
sure to use glass Petri dishes.

6  Adjust the indicator strains to a concentration of 108 CFU/mL.

7  Add 100 pL of the indicator strain to 2.5 mL of melted 0.7% agar. Do this step only when you are ready to
proceed immediately with the next step.

8  Pour the inoculated melted agar over the producer plate.

9 Incubate for 2-3 days at 30°C or appropriate temperature for the growth of the indicator and test strains.

10 Read results. Cloudy zones or complete growth indicate that the bacteriocin was unable to inhibit the growth

of the indicator strain (negative result; Figure 5.23a). Clear zones indicate the ability of bacteriocin to inhibit
the indicator strain (positive result; Figure 5.23b).

* What would happen in this experiment if the
producers were not treated with chloroform?

* If you did not have C. michiganensis strains in
your laboratory, what strains could you use to
demonstrate bacteriocin production?

ExPERIMENT 3. BACTERIOPHAGE ISOLATION

] (@) ] b) Bacteriophages are ubiquitous in the environment and
can often be isolated from environments in which their
FIGURE 5.23  Zone of inhibition caused by bacteriocin pro- host is present. It is therefore relatively easy to isolate

ducing Ralstonia solanacearum Phylotype 11 sequevar 7 strain bacteriophage from puddles left from irrigation runoff,
K60 on (a) bacteriocin susceptible target R. solanacearum

Phylotype I sequevar 18 GMI1000 (lawn of growth) and (b) from plants, or from soil directly below plants infected

a negative control of Pectobacterium carotovorum subsp. with the pathogen. Bacteriophages can be useful in bio-
carotovorum. (Courtesy of A.I. Huerta.) logical control and detection of bacterial plant pathogens.
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Materials Follow the protocols listed in Procedure 5.3 to complete
The following materials will be needed for each student this experiment.
or team of students:
* Soil or irrigation puddle water from fields in Anticipated Results
which the pathogen of interest is present * This procedure may be used to isolate bacte-
* Overnight culture of the host pathogen in nutri- riophage for a variety of bacteria. Expected
ent broth (NB) results for this exercise are plaques forming
* 10-mL tubes containing soft agar (0.7% w/v agar) in soft agar overlays containing samples and
e Nutrient agar plates or another appropriate bacteria (Figure 5.22). Serial dilutions of the
growth medium phage sample should result in a serial reduc-
* Centrifuge tion of the number of plaques present on the
* Chloroform (refer to the Material Safety Data plates. If isolation of a phage is successful,
Sheet for chloroform when working with this additional steps will be needed to generate
chemical) high-titer stocks to be used in subsequent
e Chemical fume hood experiments.

Procedure 5.3
Phage Isolation

Instructions and Comments

10
11

12
13
14

15
16

Collect soil or liquid from fields or locations where the pathogen is known to be present.

Prepare an overnight culture of the host bacteria. It is best if the culture is in log phase, but an overnight

culture will be fine.

Enrich bacteriophage by mixing and incubating the host bacteria with the environmental sample.

e Combine 5 mL of host bacterial suspension with 10 mg of soil in a 50-mL flask of NB. Alternatively, add
50 mL of field water to 5 mL of NB culture of the host and incubate overnight with gentle agitation. The
addition of CaCO; (1 g) to each flask may help the enrichment process.

Allow the soil to settle for 10 min and then pour (or decant) the liquid into a centrifuge bottle. Centrifuge

this liquid at 1500 x g for 20 min to remove the remaining bacteria and debris. Save the resultant supernatant.

In a fume hood, add 1 mL of chloroform to the supernatant and mix gently for 10 min.

Purify single plaques as described below or store. The sample can be stored over chloroform indefinitely if

the container is resistant to chloroform. Alternatively, the upper phase can be transferred to a sterile container

and the chloroform disposed of appropriately.

Prepare an overnight NB culture of the host bacteria.

Add 100 pL of the host bacterial culture and serial dilute 100 uL aliquots in 1:10 dilutions of the phage sample

to melted 10 mL of soft agar (0.7% agar) tube. Make sure that the soft agar tube is not so hot that it kills the

bacteria nor so cool that it solidifies before use.

Pour a soft agar overlay containing the bacteria and phage over the top of a nutrient agar plate. Allow the soft

agar overlay to solidify.

Incubate at 27°C or the appropriate temperature overnight.

Observe spots of no growth (“plaques”) that occur on the plates, record the number of plaques on each plate,

and estimate the phage titer (Figure 5.22b).

Remove a single plaque from the plate using a sterile spatula or cork borer.

Macerate the agar sample containing the single phage plaque in 500 pL of NB.

Add the macerated phage plaque and 100 uL of host bacterial culture to 10 mL of melted soft agar (0.7% agar)

in a tube, mix, and pour over nutrient agar as before.

Repeat Steps 10 through 14.

Use the final purified plaque containing agar plug to generate a high titer phage stock for use in further

experiments.
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Questions

*  Which is the ideal place to collect liquid or soil
samples for bacteriophage on the field?

e Why are there serial isolations of individual
plaques in this procedure?

* What should be done if either no plaques are
seen or if it appears that phage has lysed all the
bacteria on the plate?

EXPERIMENT 4. BACTERIAL STREAMING

Although individual cells of bacteria cannot be seen
with the unaided eye, liquid with large concentrations
of bacteria appear turbid. Likewise, a turbid stream of
bacteria is often released into liquid if severely symp-
tomatic plant tissue is sliced open and placed in liquid.
This is one diagnostic character that can indicate that a
particular disease is likely to have been caused by bac-
teria and is a precursor to bacterial isolation in some
cases.

Materials

The following materials will be needed for each student
or team of students:

Carolee T. Bull, et al.

* Plant material infected with bacterial pathogens.
For leaf tissue, recommended examples are bac-
terial leaf diseases of lettuce, cilantro, parsley,
celery, pepper, tomato, cucumber, and straw-
berry. For stem tissue, recommended examples
are bacterial wilt of tomato, Musa species, euca-
lyptus, and cucurbits.

e Scalpel

* Microscope slides

e Water

e Coverslips

* Microscope with phase contrast

Follow the protocols in Procedure 5.4A and B to com-
plete this experiment.

Anticipated Results

If the disease is caused by bacteria, visible streaming
(cloudy strings, mist, or material) from the cut edge of
leaf lesions will appear. For infected stems, a stream of
turbid bacteria should move from the cut stem toward
the bottom of the beaker due to gravity (Figure 5.17).
Potential reasons that streaming will not be seen from
tissue infected with bacteria include not observing soon

Procedure 5.4a
Bacterial Streaming from Leaf Tissue

Step Instructions and Comments

1 Select a leaf spot that is suspected of being caused by bacteria. If possible, select spots that are not completely

dried out and crispy; streaming may be more readily seen in tissues that are still fresh.

2 Cut a small 3—6 mm in diameter) piece from the margin of the leaf spot. A cut edge of the tissue should

include the transition zone between symptomatic and nonsymptomatic tissue.

3 Place a drop of clean water on the microscope slide.

4 Place the piece of leaf tissue in the water and place the coverslip over it.
5 Look at the sample under a microscope to observe bacterial streaming along the cut edge of the leaf. Streaming

should be visible within 2—5 min.

Procedure 5.4b
Bacterial Streaming from Stem Tissue

Step Instructions and Comments

1 Select a stem from a clearly infected plant.
2  Fill a beaker/glass with clean water.

3 Cut a piece of the stem in pieces 5 cm above the soil or substrate. If the stem is already cut, make a fresh cut

at one end of the stem.

4 Place the stem vertically in water with the freshly cut end immersed in water. Bind the stem to the beaker to

keep it in place.

5 Look for bacterial streaming out of the stem (Figure 5.17). Streaming should be visible within 5-10 min, but

can be seen directly after immersion. Altering the lighting conditions can aid in the visualization.
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enough or for a long enough period, not evaluating the
correct organ, or low bacterial populations in that par-
ticular lesion.

Questions

* Why do we need to observe streaming from tis-
sue of the transition zone of a lesion?

* Does a lack of observable bacterial streaming
prove that bacteria do not cause the disease?

* Do endophytic bacteria stream? If so, how would
you know if the streaming is from an endophytic
organism or a pathogenic organism?

* Some plants stream substances are simi-
lar to bacterial streaming. How can these be
differentiated?
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6 Plant-Parasitic Nematodes

Ernest C. Bernard and James P. Noe

CoNcePT Box
Nematodes are members of the animal kingdom. They are the only group of animals studied in plant pathology.

There are numerous species of plant parasitic nematodes and many are important pests in most plant-production
systems. Almost every plant is attacked by some species of nematode, and several have very wide host ranges.

Most plant-parasitic nematodes are obligate parasites, meaning that they can only feed on living plant cells.

Without a living host, many plant-parasitic nematodes will die of starvation. As a result, they almost never kill
their hosts.

Nematodes that are plant-parasitic always have a hardened spear-like stylet for feeding on living plant cells.
However, not all stylet-bearing nematodes are plant parasites.

Root-knot nematodes (Meloidogyne species) are the most common and widespread plant-parasitic nematodes.
They cause diagnostic galls or “knots” on roots with masses of nematode eggs on the outside of the galls.

Most nematode species do not produce any obvious diagnostic symptoms on plants. Because of difficulties in
diagnosis, crop losses due to plant-parasitic nematodes often go undetected.

Plant damage resulting from nematodes is dependent on the number of nematodes or eggs present while planting.
Soil and root assays can provide information on nematode populations prior to planting that may be used to predict

crop loss and formulate management strategies.

Nematodes are a phylum of animals (Nematoda) com-
prised of unsegmented, pseudocoelomate, worm-like
(vermiform) organisms that are bilaterally symmetrical,
but with a superficial radial symmetry on the head end.
A unique characteristic is the presence of a pair of amphids
on or near the head (Figure 6.1). Amphids provide sensory
input to the nematode and help it orient to food sources.
Nematodes are often called roundworms, but they are not
related to the true worms, Annelida. The word “nematode”
is derived from Greek words meaning “thread-like,” which
is a good descriptor for their general appearance. The body
of a nematode can be thought of as a tube consisting of a
tough, flexible cuticle that contains the organs. Nematodes
possess most of the organ systems of higher animals,
including digestive, reproductive, excretory, and nervous
systems, but lack circulatory and respiratory systems; gas
exchange occurs passively through the cuticle. Passive
gas exchange limits the practical diameter of nematodes;
hence, the very largest mammal-parasitic species are about

the width of a pencil. The digestive system consists of an
anterior stoma (mouth), muscular esophagus (pharynx), a
set of salivary (esophageal) glands, a long, simple intes-
tine, rectum, and anus. The reproductive system consists of
one or two gonads lying alongside the intestine and open-
ing to a vulva in females and a cloaca in males. Nematodes
also possess several types of muscles that enable move-
ment, feeding, and reproduction.

Nematodes hatch from eggs and grow by molting the
old cuticle. Nearly all species have four juvenile stages
followed by the adult stage. The adults are larger than
Jjuveniles, and in some groups, females may be swollen,
primarily for increased egg production. Most nematodes
are observed easily under a dissecting microscope at
40-60x magnification. The detailed observations needed
to identify nematode species, however, must usually be
made at much higher magnifications (600—1000x). The
egg-to-egg life cycle of plant-parasitic nematodes takes a
few weeks to more than a year, depending on nematode
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FIGURE 6.1 Head ends of various nematodes. (a) A spiral nematode (plant parasite). (b) Stubby-root nematode (plant parasite).
(c) Plectid nematode (bacterial feeder). (d) Rhabditid nematode (bacterial feeder). (¢) Mononchid nematode (predator). Amphids
(A) are visible on the plectid nematode. ([a, b, e] Courtesy of E.C. Bernard. [c, d] Courtesy of Haley S. Smith. With permission.)

species, plant host status, and environmental conditions,
especially soil temperature. Some bacteria-feeding nem-
atodes can complete their life cycle in as little as 4 days.
All nematodes feed on living organisms. No spe-
cies are known that survive on dead organic matter alone.
Nematologists divide the thousands of species into several
trophic groups, differing in their preferred food, eco-
logical niche, and taxonomic relationships: microbivores
(feeding on fungi and bacteria), predators (feeding on live
prey, including other nematodes), omnivores (having sev-
eral food sources or switching from one to another during
maturation), plant parasites, aquatic and marine nematodes,
invertebrate parasites, and vertebrate parasites. The first
four groups are important in terrestrial soil ecosystems.
Microbivorous, omnivorous, and predacious spe-
cies, which are collectively called free-living nema-
todes, are often found in soil samples in large numbers
along with plant-parasitic nematodes (Figure 6.1). These
nematodes are distinguished from plant-parasitic nema-
todes by their lack of a stylet or by the absence of knobs
or flanges at the base of the stylet. A few species can
feed and survive on both plant tissue and fungi. When
observing fresh specimens collected from soil, free-
living nematodes are usually moving more rapidly than
plant-parasitic nematodes, which tend to lie on the bot-
tom of the container and move slowly and gracefully in a
sine-wave manner. Free-living nematodes feed primarily
on microorganisms associated with the decomposition of
organic matter. These nematodes recycle nutrients in soil
and are an important component of the ecosystem. Types
and numbers of free-living nematodes in soil samples are
often used by ecologists as indicators of the health of an

ecosystem. Greater numbers of free-living nematodes,
and more importantly, more diversity in the number of
species present, usually indicate better soil health.

With few exceptions, plant-parasitic nematodes are
all obligate parasites, meaning that they can feed and
survive only on living plant tissue. They are usually
found in the soil and in plant roots, but some groups
attack aboveground parts of the plant. Most species are
microscopic with lengths of 0.3-4 mm and diameters of
15-35 um, within the range of large fungal hyphae.

All plant-parasitic nematodes have a hardened spear-
like feeding structure (stylet) in the anterior portion of
their head region (Figure 6.1). In most forms, this stylet
is hollow, and it looks and operates much like a hypoder-
mic needle, allowing the removal of nutrients from within
plant cells. The stylet is also used to penetrate plant tissues
directly, allowing the nematode to burrow through the tis-
sue and move toward preferred feeding sites. The success-
ful penetration of the cell wall triggers a process called
extracorporeal digestion. Digestive enzymes produced
in one of the salivary glands are injected through the sty-
let into the cell. These enzymes quickly digest and liquefy
the cell contents. The muscular part of the esophagus, the
metacorpus or median bulb, then begins to pump rhythmi-
cally, creating a partial vacuum and pulling the digested
material down through the stylet and toward the intestine.
The intestine functions primarily as a storage and absorp-
tive organ, not as a digestive organ. Plant cells fed on by
nematodes are damaged, but frequently are not killed.
Esophageal gland secretions sometimes cause extreme
structural and physiological modifications of the targeted
cells (see root-knot and cyst nematode sections).
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Within the phylum Nematoda, plant-parasitism
has evolved independently at least three times in three
separate classes. The class Tylenchida contains the vast
majority of plant-parasitic species and is characterized
by a stomatostylet, the highly modified mouth appara-
tus that is used to puncture cell walls. Stomatostylets
are hollow to allow the passage of fluids, and they typ-
ically have three knobs at the base to which the stylet
protractor muscles are attached (the other ends of these
muscles are attached to the head capsule). When these
protractor muscles contract, they pull the stylet forward
to thrust against the plant cell wall. Repeated thrusts
result in puncturing and feeding. Plant parasites in the
class Dorylaimida (dagger and needle nematodes) have
hollow odontostylets, which function the same way, but
have a markedly different structure. The odontostylet is
formed in a cell in the esophagus and migrates into place
in the stoma (mouth) during molting. The flanged odon-
tophore is attached to the bottom of the odontostylet, with
the protractor muscles attached to the flanges. Finally, the
class Triplonchida contains the stubby-root nematodes,
which have a thin, arched, solid stylet (Figure 6.1).

Regardless of stylet type, plant-feeding nematodes
have evolved three basic approaches to obtaining nutrition.
The least sophisticated are the migratory ectoparasites.
These nematodes stay in soil, move along roots and graze
on epidermal or cortical cells, only rarely partially enter-
ing roots. Some species are capable of causing noticeable
plant damage, but most have little or no effect except for
those involved in disease complexes. Some ectoparasites,
most notably the ring (family Criconematidae) and pin
(Paratylenchidae) nematodes, are sometimes called sed-
entary ectoparasites because they may settle for hours or
days at a feeding site before moving.

A second approach to nutrition is that of the migra-
tory endoparasites, which enter roots and then move
through and feed on cells of the cortex. These nematodes
may live their entire lives within a root, but if the root
becomes crowded with nematodes or begins to die, these
nematodes will leave it and search for another suitable host
root to penetrate. The lesion nematodes (Pratylenchus
spp.) and the burrowing nematodes (Radopholus spp.) of
the family Pratylenchidae are among the most important
migratory endoparasites.

The third and the most sophisticated approach is that
of the sedentary endoparasites. This approach has evolved
independently several times in the Tylenchida, but in all
cases the nematode invades a root and establishes a spe-
cialized feeding site, but does not kill the affected cells.
These specialized cells are a form of transfer cell. In
nematodes, transfer cells facilitate the movement of pho-
tosynthate into the cell, resulting in more food for the
nematode. This phenomenon is explained more thor-
oughly in the root-knot, cyst, and reniform nematode
sections later in text. The adult female swells to many
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times the juvenile size and produces many more eggs
than migratory species. Once these nematodes begin to
enlarge in the root, they are no longer able to move about
and their survival depends on the fate of the root.

Most plant-parasitic nematodes spend large portions of
their life cycles in the soil environment. Soil texture, struc-
ture, and chemical composition are of primary importance
in determining the number and types of plant-parasitic
nematodes found in a given geographical area on a suitable
host plant. On a given host, such as cotton, root-knot nem-
atodes (Meloidogyne incognita) are usually a problem in
sandier soils with relatively large spaces between the soil
particles and good drainage. In contrast, reniform nema-
todes (Rotylenchulus reniformis) are found more often on
cotton grown in clay soils with finer textures, relatively
small spaces between the soil particles, and high bulk den-
sities. Specific soil relationships have been demonstrated
for many nematode species. This type of information is
valuable to crop managers and advisors when determining
the potential risk for a specific nematode problem.

Within the soil, plant-parasitic nematodes can move
only a short distance, whereas long-distance dissemination is
usually by the movement of soil, water, or plant-propagative
parts. Movement of soil across fields, within regions, coun-
tries, and even globally is a major concern for the dispersal
of plant-parasitic nematodes. Increased emphasis on bios-
ecurity and prevention of importation of new pests has led
to numerous quarantines on the movement of plants or any
other product that may contain agricultural soil.

Plant-parasitic nematodes attack most economically
important plants in agriculture, horticulture, ornamen-
tals, and turf. Nematode problems are usually more
prevalent in warmer, humid climates, but some species
attack plants even in the coldest and most arid climates.
The prevalence in warmer climates is largely because
nematodes cannot regulate their internal body tempera-
tures. Rates of development and maturation are depen-
dent on soil temperatures. Nematodes are usually more
active and reproduce more rapidly at warmer tempera-
tures. Also, host plants are usually available longer and
are growing more rapidly in warmer climates, which is a
critical factor to these obligate parasites.

Aboveground symptoms attributed to plant-para-
sitic nematodes include generally vague and nonspecific
growth problems related to root impairment and reduc-
tion in nitrogen uptake, such as stunting, yellowing,
and wilting. Root symptoms may include galls, lesions,
stunting, stubby appearance (stubby root), excessive
branching, and a generalized darkening or rotting of
the root tissues (observed with very high numbers of
nematodes). Of this list, root galls and stubby root are
generally diagnostic; the other symptoms indicate that
some problem is present but that further investigation
is needed to discover the cause. Crop losses due to
nematode attack typically have a range of 10%—-60% of
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potential yield depending on species, host status, and
environmental conditions. Losses in more developed
countries range from 5% to 10% each year, whereas
losses in less developed countries may be 30%—-60%, par-
ticularly in tropical and subtropical regions. Similarly,
some crops experience much less nematode damage
than other crops, even without nematode management.
Many plant-parasitic nematodes enhance crop losses by
forming disease complexes with other soilborne patho-
gens such as fungi and bacteria (Case Study 6.1 and
Chapter 16), making it difficult to decide exactly how
much damage the nematodes are causing.

Most kinds of plant-parasitic nematodes do not pro-
duce obvious or easily distinguishable symptoms on their
host plants. Since most nematodes are microscopic and
feed below ground, nematode problems often go undi-
agnosed. A key indication of a nematode problem is the
occurrence of one or more of the typical root symptoms
of nematode damage in an irregular or patchy distribu-
tion within a growing area. Patches of chlorotic (yellowed)
plants within a field are usually a symptom of nitrogen

CASE STUDY 6.1

Stow DEecLINE oF CiTRuUs—A WORLD OF TROUBLE

Ernest C. Bernard and James P. Noe

deficiency that can be caused by nematode damage to
roots. Plant-parasitic nematodes are almost never evenly
distributed across a field, and the damage they cause will
reflect that uneven distribution. An assay of soil samples by
technicians trained in nematology is usually the only way
to confirm a nematode diagnosis. Proper collection of soil
samples is essential for reliable and accurate diagnosis of
nematode problems. Plant-parasitic nematodes are found
typically in the root zones of suitable host plants with most
of the population occupying the top 20 cm of soil. Samples
must be collected from within this root zone for effective
diagnosis. Soil samples for nematode diagnosis are also
more reflective of the targeted growing area if numer-
ous small samples are collected systematically across the
entire area and then composited (bulked) for analysis.

ROOT-KNOT NEMATODES

Root-knot nematodes (Meloidogyne species) are a wide-
spread and diverse group of sedentary endoparasitic
nematodes. Although more than 100 species have been

e Slow decline of citrus, caused by the citrus nematode, Tylenchulus semipenetrans, is the most significant

nematode problem on citrus and is found throughout the world, wherever citrus is grown.
* In the United States, the number of groves infested varies from state to state but ranges from 50% to 90% of

commercial groves.

e Resistant citrus root stocks are available, but the citrus nematode occurs in numerous physiological host races

that can attack resistant rootstocks.

e The citrus nematode has a life cycle and feeding habit very similar to the reniform nematode, R. reniformis,

although the two species are not closely related.

» The citrus nematode causes a very slow, generalized decline in the health and vigor of citrus.

e The citrus nematode interacts strongly with water, nutrient, and temperature stress and with root rot caused

by the fungus Phytophthora parasitica.

o It is very difficult to assess the damage caused by the citrus nematode, because of interacting factors, and

because the damage observed in the present growing season may be due to nematode attack in the previous

season or even several years earlier.

* Although most citrus-producing areas are infested with the citrus nematode, not all groves within these areas

are infested.

e Sanitation, preventing the movement of soil and plants from one grove to another is essential to maintain-

ing healthy production areas.

» Planting stock from nurseries must be certified as disease-free before use.

e Control of the citrus nematode relies primarily on the use of chemical nematicides.

¢ Nematicides that can be used after citrus trees are planted are usually systemic in the plant and water-soluble.

* Use of these post-plant nematicides has been problematic in terms of human health risks and contamina-

tion of groundwater.

e Groves infested with the citrus nematode should not be replanted in citrus, because this nematode can live in

the soil for several years without a host.
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described, four root-knot species (Meloidogyne are-
naria, Meloidogyne hapla, Meloidogyne incognita, and
Meloidogyne javanica) cause most of the damage reported
on agricultural crops. Of these four, M. incognita is most
prevalent globally, perhaps because it has a very wide
host range among commonly grown crops. Root-knot
nematodes are found worldwide but are more common in
warmer climates and in sandier soils. Plants infected with
these nematodes may be stunted and chlorotic and show
moderate wilting during the hottest part of the day. Galls
or “knots” formed on host roots due to nematode infec-
tion are diagnostic for the presence of Meloidogyne spp.
(Figure 6.2). This unique symptom, along with the wide
host range and near-global distribution of the major spe-
cies, probably accounts for the perception that Meloidogyne
spp. are the most common plant-parasitic nematodes.
Root-knot nematode females lay eggs into a gelati-
nous matrix, and the first-stage juveniles undergo a molt
while still in the egg. Vermiform second-stage juveniles
(15 um diameter and 400 um length) hatch from the eggs
by using their stylets to puncture and break through the
tough egg shell. The second-stage juveniles are the only
infective stage of root-knot nematodes. After penetrating
suitable host roots near the root tips, juveniles migrate
to the developing vascular cylinder and begin feeding on
several cells near the endodermis. Secretions from the

(a)
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esophageal glands of the nematode are injected through
the stylet into nearby cells. Primary xylem and phloem
cells recently divided from the root meristem are espe-
cially affected. These cells enlarge to many times the size
of their unaffected neighbors (hypertrophy); the nucleus
divides without subsequent cell division, and the daugh-
ter nuclei then repeatedly divide synchronously so that
dozens may be in the same cell. These hypertrophied,
multinucleate cells serve as feeding sites for the rest of
the nematode life cycle. The enlarged cells induced by
root-knot nematodes are called giant cells (Figure 6.3).
Giant cells are a form of transfer cell. These specialized
feeding cells have extensive cell wall ingrowths consist-
ing of protuberances and branching cell wall projections,
which increase the surface area of the cellular membrane.
This increased surface area allows the feeding cells to
transfer large amounts of nutrients into the cell to feed the
nematode. The nutrient demands of giant cells due to the
high metabolic activity of the many nuclei within each
cell leads to a greater share of nutrients going to support
giant cells and nematodes and less to the rest of the plant,
eventually resulting in symptoms of poor growth. Each
successful juvenile produces two to seven giant cells.
A gall quickly begins to develop around the feeding in
the second-stage juvenile, often within a day, as a result
not only of giant cell enlargement but also of increased

FIGURE 6.2 Root systems infected with root-knot nematodes. (a) Tomato root system infected with the southern root-knot nem-
atode. (b) Canary creeper and (c) onion roots infected with the clover root-knot nematode, note different gall shapes and sizes.

(Courtesy of E.C. Bernard.)
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FIGURE 6.3 Anatomy of a root-knot nematode gall. (a) Stained nematode in cleared tomato root showing giant cell complex
(GC), nematode (N), and egg mass (EM). Giant cells are specialized feeding cells in the vascular tissues of the plant, induced by
nematode secretions. (b) Thin section of a giant cell with dense cytoplasm and multiple nuclei. The inner side of the cell wall is
covered by protuberances (P) and innumerable branching cell wall ingrowths (BC) over which the cell membrane is stretched and
expanded, allowing for greater movement of nutrients into the giant cell. (c) Thin section through gall showing nematode with
head at the base of the giant cell complex it produced. Note dense cytoplasm and numerous nuclei. (d) Stained juvenile root-knot
nematode (“sausage stage”) and its giant cells, in which some nuclei (stained red) can be seen. Note that the giant cells are enclosed
by vascular strands (V), thus ensuring a steady supply of nutrients to the giant cells and nematode. ([a] Courtesy of R.S. Hussey.
With permission. [b, d] Courtesy of E.C. Bernard. [c] From Wyss, U., Nemapix Vol. 2, J.D. Eisenback and U. Zunke [Eds.], 1999.

With permission.)

division of the surrounding cortical cells (hyperplasia).
Once a feeding site is established, the juvenile begins to
enlarge (called the “sausage stage” due to its appearance)
and loses the ability to move.

Once juveniles begin feeding, they undergo a
series of three additional molts. The third- and fourth-
stage juveniles are short-lived stages and do not differ
much in size from the second stage. Root-knot nema-
todes exhibit sexual dimorphism at maturity. Females
(Figure 6.4) become greatly enlarged and spherical or
pyriform (flask-shaped) with a body diameter of about
400 um. Females have a slender anterior (“neck”) region
of varying length, depending on host root thickness and
degree of crowding within a root. Males are completely
different. Swollen fourth-stage males revert to a vermi-
form shape when they molt and are quite long (1.4 mm)

and slender (30 um of width). In many of the important
species, males are a curiosity, as the females reproduce
parthenogenetically (without mating); however, many of
the species that live in natural habitats do require mating
for successful egg production. The posterior end of the
adult female usually protrudes from the surface of the
root gall, where an egg mass containing 300-500 eggs
(exceptionally up to 2000) is deposited into a gelatinous
matrix (Figure 6.4). The life cycle typically requires
21-50 days, depending on root-knot species, plant host,
and environment. Root-knot nematodes survive inter-
crop and plant-dormancy periods primarily as eggs in
the soil. Survival rates are enhanced by protection in
egg matrix and host plant debris, in addition to the large
number of offspring that ensures at least a few will reach
new roots.
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(a) (b)

FIGURE 6.4 (a) Mature root-knot nematode females excised
from galled roots. (b) Root-knot nematode egg masses (stained
red) protruding from galls. White Styrofoam beads are approx-
imately 0.6 mm in diameter. (Courtesy of E.C. Bernard.)

CYST NEMATODES

Cyst nematodes (Heterodera, Globodera, Cactodera,
Punctodera, and Vittatidera species) are sedentary
endoparasites that infect vegetables, small grains, soy-
bean, corn, and legumes. Heterodera glycines, the
soybean cyst nematode, is one of the most studied plant-
parasitic nematodes; it occurs in most soybean produc-
tion areas and from year-to-year is generally the most
important pathogen of soybeans in the United States.
Soybean plants infected with H. glycines often are
stunted, exhibit foliar chlorosis, and have necrotic roots
and reduced root nodulation. Both seedlings and older
plants may be killed in fields with high numbers of soy-
bean cyst nematode at the beginning of the growing sea-
son. Other significant cyst nematodes are the potato cyst
nematodes (Globodera. rostochiensis and Globodera
pallida), of great economic importance in Europe, and
the sugar beet cyst nematode (Heterodera schachtii). In
general, cyst nematodes are more diverse and common
in cooler regions of the temperate zones and at higher
elevations in the tropics.

Although cyst nematodes are not closely related
to root-knot nematodes, they have evolved similar life
cycles (converged) because of similar requirements for
being sedentary endoparasites. As with nearly all plant-
parasitic nematodes, the life cycle consists of egg, four
juvenile stages (second-stage hatching), and adult. In at
least some species, egg hatch is stimulated by specific
host root exudates. Second-stage juveniles may pen-
etrate fine feeder roots anywhere, but tend to favor the
region behind the root tip. Cyst juveniles penetrate roots
by moving through cells, causing more destruction than
do root-knot juveniles, which move between cells. These
juveniles reach vascular tissues, begin feeding, and
become swollen and sedentary. Cyst nematode feeding
results in the production of very large specialized feed-
ing cell called a syncytium (Figure 6.5). A syncytium
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differs from the giant cells formed by root-knot nema-
todes in that syncytia are formed by dissolution of the
cell walls of adjacent cells (up to 250 cells) to create
a large composite feeding cell. In contrast, root-knot
nematodes induce individual cells to enlarge without
division.

Cyst nematodes are sexually dimorphic as adults,
with fourth-stage males reverting to a slender vermi-
form shape as adults, whereas females remain greatly
enlarged. The bodies of adult cyst females eventually
erupt through the root surface and can be seen easily
with the naked eye or with the aid of a hand lens. Adult
males are necessary for reproduction in most cyst spe-
cies. Females often produce a small gelatinous egg mass
and deposit eggs in it, as in root-knot nematodes, but
most eggs (200—600) remain inside the female’s body.
As the female ages the outer cuticle changes from white
to yellow and becomes brown at death (the cyst) (Figure
6.5). Cysts protect the eggs from unfavorable environ-
mental conditions, and eggs within the cysts may survive
for more than 7 years. The cysts are an excellent means
of dispersal, readily spread by soil movement, wind, and
water.

LESION NEMATODES

Lesion nematodes (Pratylenchus species) attack
many crops including vegetables, row crops, legumes,
grasses, and ornamentals (Figure 6.6). Important spe-
cies include Pratylenchus brachyurus, Pratylenchus
penetrans, Pratylenchus scribneri, and Pratylenchus
vulnus. These nematodes can be found in host roots in
large numbers, up to 3000 per gram of root, and cause
large, spreading necrotic lesions on fibrous or coarse
roots. Lesions may cover the entire root system, and root
pruning may occur in heavily infested fields. Lesion
nematodes are among the relatively few nematode spe-
cies that cause economic damage on woody ornamentals
and trees. Lesion nematodes have also been associated
with disease complexes involving other plant patho-
gens. P. penetrans and the fungus Verticillium dahliae
together produce a syndrome called potato early dying,
which severely suppresses potato yields in many parts
of the world.

The life cycle of lesion nematodes is typical of many
plant-parasitic nematodes. Adult females lay eggs singly
in root tissue or in the soil. The first-stage juvenile molts
to the second stage within the egg. The second-stage
juvenile hatches from the egg and then molts three more
times to become an adult. The presence of host roots
stimulates egg hatch. All juvenile stages outside the egg
and adults can infect host roots. Lesion nematodes are
migratory endoparasites; they enter roots and migrate
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FIGURE 6.5 Cyst nematode feeding and reproduction. (a) Cyst nematode on host plant showing size of syncytium (modified feed-
ing cells). (b) Part of syncytium showing partially dissolved plant cell walls (DW), numerous nuclei (N), dense cytoplasm, and adja-
cent vascular tissue (V). (c) Soybean cyst nematode females with small egg masses (EM). (d) Transformation of living white female
to egg-filled brown cyst. (e) Crushed cyst showing eggs inside. ([a, e] From Zunke, U., Nemapix Vols. 1 and 2, J.D. Eisenback and
U. Zunke [Eds.], 1999. With permission. [b, c, d] Courtesy of E.C. Bernard.)

FIGURE 6.6 A female lesion nematode. Note the stout, well-
developed stylet of this migratory endoparasite. (From Vrain,
T., Nemapix Vol. 2, J.D. Eisenback and U. Zunke [Eds.], 1999.
With permission.)

through the cortex, often killing the cells on which they
feed. Invasion of roots may occur at root tips, the root
hair region, and in young lateral root junctions. As these
nematodes migrate through the cortex of host roots,
using their stout, well-developed stylets to destroy cells
in their path, they briefly feed on nearby cells and then
continue moving. Death of cells is caused by nematode
movement and feeding activities, resulting in elongated,
spreading lesions just below the root surface. Lesion
nematodes, as well as other migratory endoparasites,
may leave and reenter roots several times. With large
numbers of lesion nematodes, the lesions may com-
pletely encircle the roots causing death of the distal por-
tion of the root segment.
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RING NEMATODES

Ring nematodes (Figure 6.7) are commonly found on
perennial hosts, such as turf, woody ornamentals, and
trees, but also are abundant and diverse in natural envi-
ronments. There are about 450 species of ring nematodes
with most of the economically important species in the
genus Mesocriconema. Ring nematodes have prominent
body annulations, or grooves, around the outside of their
cuticles that appear to be segments, or rings around the
body. This character makes them easy to identify under a
dissecting microscope. Most nematodes have these annu-
lations, but usually they are very fine. Ring nematodes
are migratory ectoparasites with relatively stout bodies
(30—60 um diameter; 400-700 um length), giving them
a cigar-like shape. Their wide shape and slow rate of
movement prevents their reliable detection in assays that
depend on movement of nematodes for collection of the
specimens. With improved assay methods, ring nema-
todes have been found to be quite common and can occur
at very high densities in the soil on some hosts.

Life cycle completion for ring nematodes takes 25-35
days with second-stage juveniles through adult stages
feeding on host roots. Most populations do not produce
males. Each ring nematode female may lay only three to
five eggs per day in the soil, but on their typically peren-
nial hosts, these nematodes have the capacity to increase
to extremely high population densities. Ring nematodes
have long, stout stylets (50—120 pm length) and feed ecto-
parasitically from the outside of plant roots on cells near
the root surface. The nematode stops moving and may
feed for an extended period of time on a single feeding
cell. In some cases, the attacked plant cells take on some
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characteristics of transfer cells similar to those made by
root-knot nematodes, and so ring nematodes are some-
times called sedentary ectoparasites. There is very little
cell death at ring nematode feeding sites, and it usually
takes high numbers of nematodes to visibly damage a host
plant. Nevertheless, ring nematodes have been implicated
in a number of disease complexes with pathogenic bac-
teria and fungi. Mesocriconema xenoplax is a common
and widely distributed ring nematode with a large host
range, including most plant species of Prunus (peach,
plum, apricot, cherry, and almond), as well as walnut and
apple. This species predisposes peach trees to bacterial
canker, caused by the aboveground pathogenic bacte-
rium Pseudomonas syringae, and is a critical component
of the peach tree short life disease complex, interacting
with P. syringae and several fungal plant pathogens. The
related sheath nematodes (Hemicycliophora) have long,
slender stylets and can cause terminal galls on lemon and
other host plants.

RENIFORM NEMATODES

The reniform nematode, R. reniformis (Figure 6.8), may
have the largest and most diverse host range of any sin-
gle, economically important, plant-parasitic nematode
species. In terms of global economics, it is well worth
discussing this single species at the same level of impor-
tance as the previously described major groups of plant-
parasitic nematodes. The reniform nematode is found
throughout the world in tropical and subtropical areas
and has more than 140 economically important hosts
spread across 30 plant families. It causes severe dam-
age on most of its hosts. Where reniform nematodes

FIGURE 6.7 (a) A ring nematode. The annules are prominent and give a ringed appearance to the body. Note the strong, heavy
stylet. (b) Anterior end of a different ring nematode. (Courtesy of K.J. Whitlock. With permission.)
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FIGURE 6.8 (a) Young female reniform nematodes embedded in host root. Note head end (H) near the vascular tissue. (b) Numerous
reniform egg masses (arrows) on cotton roots. (c) Kidney-shaped females of reniform nematode after removal of egg masses. (d) Inset:

relative size of female and egg mass. (Courtesy of E.C. Bernard.)

occur on any of these susceptible crops, growers have
little choice except to treat their production areas with
chemical nematicides. Crops on which reniform nema-
todes are a major limiting factor in production include
cotton in the southern United States and pineapple in
Hawaii. Other hosts include banana, cassava, citrus, cof-
fee, kale, lettuce, mango, papaya, soybean, sweet potato,
and tea. Aboveground symptoms of reniform nematodes
include the typical root-impairment symptoms of stunt-
ing, nutrient deficiencies, and wilting. Below ground, the
roots are stunted and coarse and may be discolored and
decayed with high population densities of nematodes.
Reniform nematodes also increase the severity of symp-
toms from fungal wilt diseases in cotton, caused by either

Verticillium albo-atrum or Fusarium oxysporum f. sp.
vasinfectum; infection by reniform nematodes has also
been reported to cause Fusarium wilt-resistant cultivars
of cotton to become susceptible.

The life cycle of reniform nematodes takes 24-30
days to complete. The first molt occurs within the egg.
Second-stage juveniles hatch and undergo three molts
in the soil without feeding. Young adult females are
the only infective stage of reniform nematodes. Males
never feed, but the species reproduces sexually. The
young females retain previous layers of cuticle after
molting, and this sheath of old cuticles is thought to aid
the nematode in surviving in soil without feeding for
up to 2 years. Vermiform young adult females (15 um
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diameter; 500 pm length) penetrate host roots with only
the anterior portion of their bodies, leaving the poste-
rior portion in the soil outside the root. The nematode
begins to feed on a single cell of the root endodermis,
which is then transformed into a large syncytial feed-
ing cell, incorporating up to 200 plant cells by causing
the adjacent cell walls to dissolve. After the feeding
site is formed, the posterior part of the female becomes
swollen (100 um diameter) and reniform (kidney-
shaped), and up to 200 eggs are laid by each female
into a sticky, gelatinous mass extruded on the surface
of the root.
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STING NEMATODES

Sting nematodes (Belonolaimus species) can have a dev-
astating effect on the growth and yields of vegetables,
row crops, ornamentals, and turf. The most important
species of sting nematode is Belonolaimus longicauda-
tus. These long (up to 2.5 mm) nematodes also have long
stylets (up to 150 um) (Figure 6.9). They often become
important pests in very sandy soils (sand content >80%).
Plants parasitized by these nematodes have reduced
growth and appear to be nutrient-deficient. Seedlings in
heavily infested areas are usually severely stunted and

() (d)

FIGURE 6.9 Plant parasitic nematodes with long stylets. (a) Anterior end of a sting nematode (Tylenchida). The very long stylet is
used to penetrate deeply into root tips. (b, ¢) Anterior end of a sheath nematode. Root cells are pierced by repeated thrusts of the sto-
matostylet (S) due to contraction of the stylet protractor muscles (asterisks in inset) attached to the head end and the stylet knobs (K).
After enzymes produced in the esophageal or salivary glands (Sa) have been secreted into the cell, liquefied contents are withdrawn
by rhythmic contractions of the metacorpus, or median bulb (Mb), which sends the food into the intestine (In). (c) Inset shows the
chiseled tip of the stylet and the lumen, or space that runs the length of the stylet, resembling a hypodermic needle. (d) Anterior end
of a dagger nematode (Dorylaimida). The stylet of dagger nematodes, called an odontostylet (OS), is attached to a stylet extension, the
odontophore (OP) is equipped with flanges at the end for attachment of the protractor muscles. ([a] Courtesy of J.D. Eisenback. With
permission. [b, c] Courtesy of E.C. Bernard. [d] Courtesy of G. Windham. With permission).
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have a much reduced root system, which can lead to
plant death. Belowground symptoms consist of roots with
coarse, stubby branches with dead apical meristem tissue
and necrotic lesions on the root surface. These nematodes
are such severe pathogens in the sandy coastal plain area
of the southeastern United States that the presence of one
sting nematode in a soil assay sample may signal the need
for management with nematicides.

The life cycle of B. longicaudatus is similar to that
of other ectoparasitic nematodes. Reproduction is sexual
with males comprising about 40% of the population. The
necessity for mating in this nematode requires these long
nematodes to find each other, which is most efficient
in sandy soils with large, connected pores; thus sting
nematodes are rarely reported from heavier soils. Adult
females deposit eggs in soil and the first-stage juvenile
molts once before emerging from the egg. Sting nema-
todes feed from the root surface and do not enter root
tissue. They favor root tips, and their feeding can kill the
apical meristem, leading to many short, blind branches;
this distinctive symptom is called stubby root.

DAGGER NEMATODES

Dagger nematodes (Xiphinema species) are ectopara-
sites and are commonly found associated with fruit or
nut trees and in vineyards. Agriculturally important spe-
cies include Xiphinema americanum, Xiphinema cali-
fornicum, Xiphinema index, and Xiphinema rivesi. Root
systems of plants parasitized by dagger nematodes may
be stunted and discolored and have a limited number of
feeder roots. In 1958, X. index was documented as the
first soil nematode to vector a plant virus (grapevine
fanleaf virus). Nematodes of the X. americanum group
transmit the following North American nepoviruses:
cherry rasp leaf virus, tobacco ringspot virus, tomato
ringspot virus, and peach rosette mosaic virus. There are
very few reports of direct crop damage from dagger nem-
atodes, and most of their economic importance derives
from their roles as plant virus vectors.

Dagger nematodes are in a different taxonomic class
(Dorylaimida) within the nematode phylum and are
only distantly related to tylenchid and triplonchid plant-
parasitic nematodes. Dagger nematodes are slender, up to
4-mm long, and have a long, slender odontostylet attached
to a flanged odontophore. These flanges serve the same
function as stylet knobs in the stomatostylet. This com-
bination may be 130-um long (Figure 6.9). Females lay
eggs singly in the soil near host plants and the nematodes
hatch as first-stage juveniles. These nematodes have three
or four juvenile stages depending on the species group,
and juvenile stages are easily separated by the lengths of
their developing stylets. Male dagger nematodes are very
rare in most species. Xiphinema spp. can live up to 3 years
under favorable environmental conditions.
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STUBBY-ROOT NEMATODES

Stubby-root nematodes, Paratrichodorus and Tricho-
dorus species, are plant-parasitic nematodes in the order
Triplonchida. Their economic importance is greatest on
corn, vegetable crops, and turf in the coastal plain region
of the southeastern United States. The most important
species is Paratrichodorus minor. These nematodes are
most widely distributed in sandy soils but have also been
found in organic-based soils. The characteristic symptom
of damage by stubby-root nematodes is a stunted, stubby-
root system, very similar to the symptoms produced by
the unrelated sting nematodes. Aboveground symptoms
are similar to plants deprived of a root system. Plants are
stunted and chlorotic, wilt easily and have little ability to
withstand drought. Paratrichodorus species are vectors
of the following tobraviruses: tobacco rattle virus, pea
early browning virus and pepper ringspot virus.

Stubby-root nematodes are migratory ectoparasites
and feed almost exclusively at the root tips. As these nema-
todes feed in the root apical meristem area, root elonga-
tion and growth are stopped, leading to the characteristic
stubby-root symptoms. Feeding by stubby-root nematodes
is different from other plant-parasitic nematodes in that
food is not ingested through a hollow tube in the stylet.
These nematodes have a dorsally curved stylet referred to
as an onchiostylet (Figure 6.1), with a simple groove on
one side. This stylet is used to scrape and puncture root
cell walls, then a minute tube is secreted through which the
nematode feeds. The life cycle of this nematode consists of
an egg stage, four juvenile stages, and the adult stage and
can be completed in 16—17 days. Soil populations of stubby-
root nematodes can increase rapidly and then decline with
equal abruptness. They are also vertically migratory with
the seasons. These nematodes have commonly been found
at deep soil levels, which may create sampling problems
and limit detection of these parasites.

ADDITIONAL PLANT-
PARASITIC NEMATODES

The awl nematode, Dolichodorus heterocephalus, is
an ectoparasite of vegetables and is similar to the sting
nematode in general appearance. This nematode is gen-
erally found in fields with high soil moisture and causes
symptoms on roots similar to the sting nematode. The
lance nematode (Hoplolaimus columbus) is a serious
pest of cotton and soybean in the coastal plain regions
of Georgia, South Carolina, and North Carolina in the
United States. Hoplolaimus galeatus feeding on short-
leaf and loblolly pine may create points of entry for
the fungus-like oomycete Phytophthora cinnamomi by
damaging the protective ectomycorrhizal mantle on the
finer roots. This damage followed by P. cinnamomi root
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infection results in littleleaf disease of those pine species.
Lance nematodes have a thick, powerful stylet with tulip-
shaped knobs, and feeding causes significant wounds on
roots. These nematodes are migratory endoparasites in
the root cortex.

Parasitism of aboveground plant tissues has evolved
independently several times. In the family Anguinidae,
the wheat gall nematode, Anguina tritici, invades flo-
rets of rye and wheat and can survive for long periods
in cockles formed from the aborted seed. This nema-
tode is easy to manage and has been all but eliminated
from developed countries by maintaining supplies of
certified nematode-free seed for growers. There are still
active quarantine measures to limit its spread and rein-
troduction. The stem and bulb nematode, Ditylenchus
dipsaci, is an important pest of alfalfa, onion, straw-
berry, and nursery crops such as narcissus and phlox.
This nematode has a fairly low temperature optimum
and is common in cool, moist temperate regions of the
world.

Plant parasites in the family Aphelenchoididae
also specialize in feeding in aboveground plant tissues.
Species of Aphelenchoides, the bud and leaf nematodes,
attack the foliar parts of ornamentals and floral crops,
strawberry, rice, and many other crops. These nema-
todes require a moist, humid environment to move up the
outside of shoots and leaves, entering the plant through
stomata. Bud and leaf nematodes often cause problems
in greenhouse ornamental and floral production areas.
Bursaphelenchus species, including Bursaphelenchus
xylophilus, the pine wilt nematode, typically have
insect vectors and colonize vascular tissue in the stems
(see Case Study 6.2). The pine wilt nematode feeds
on the vascular tissue, reducing nutrient flow and dis-
tribution within the tree, and also attacks the vascular
parenchyma cells that support the functions of the resin
canals, the destruction of which reduces the movement
of metabolites into the resin system and causes the tree
to poison itself.

NEMATODE MANAGEMENT

Plant-parasitic nematodes typically cause noticeable crop
damage only at high population densities. Management is
directed at keeping nematode numbers below the damag-
ing levels instead of trying to eradicate them from soil.
Host plants are often able to compensate for the damage
caused by moderately high numbers of nematodes (toler-
ance), especially where plants are grown under optimum
environmental conditions. Although nematodes such as
root-knot nematodes may establish hundreds of galls on
aroot system, very large numbers of these nematodes are
usually required to cause significant crop losses. This
density-dependent damage relationship for plant-parasitic
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nematodes is the foundation of nematode advisory pro-
grams. In these programs, data from soil assays are used
to predict the nematode hazard to anticipated crops and
to recommend control practices if necessary. In order to
accurately advise farmers of nematode hazards, a rela-
tionship between nematode numbers in the soil and crop
performance must first be established. This information
is best obtained from infested fields, but controlled stud-
ies in greenhouse pots are also useful.

Nematode management approaches in agricultural
fields consist primarily of the application of chemical
pesticides (nematicides) to soil or the use of resistant
cultivars. Nematicides are expensive, often dangerous to
apply, and are cause for serious environmental concerns.
Nematicides do not eliminate all the nematodes from
a field, but are intended to reduce numbers sufficiently
(typically >95%) for profitable crop production. Fields
treated with nematicides may even have higher numbers
of nematodes at the end of the growing season compared
to fields not treated with chemicals. This rebound effect
may be because of a much larger root system that allows
for increased reproduction later in the growing season.
Nematicides include both fumigant and nonfumigant
compounds. The fumigant types are applied by liquid
injection into the soil, where they volatilize to the gas-
eous phase in the soil. These compounds are typically
very toxic to nontarget organisms in the soil, as well
as to humans and other vertebrates overly exposed to
them. These compounds must usually be applied well in
advance of planting because they may damage the crop
if not dispersed from the soil. Most nonfumigant nema-
ticides work by attacking the nematode nervous system.
These compounds usually become systemic within the
plant and can be applied during or after planting time,
but are extremely toxic to animals and people, whose
nervous systems are affected equally as severely. In
greenhouses and limited acreage high-value crops, soil
sterilization with heat or application of a broad-spectrum
biocidal fumigant is commonly practiced.

For most field crops, resistance is the only other prac-
tical means for controlling plant-parasitic nematodes.
Resistant crops are economical in that little or no addi-
tional costs are assessed by the grower and no special
equipment is needed to plant or harvest resistant plants.
From the standpoint of impact on the environment, resis-
tant cultivars are considered the best choice for nematode
management, since their use does not involve the applica-
tion of toxic materials to the soil that leach into ground-
water or volatilize and contribute to atmospheric ozone
depletion. Cultivars resistant to sedentary endoparasitic
nematodes, such as root-knot and cyst nematodes, are
available for some but not all crops. Use of resistant plants
is complicated by the existence of physiological host
races with extensive genetic variation within root-knot
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CASE STUDY 6.2

PINE WiLT NEMATODE—A TRIPLE THREAT

Pine wilt nematode, Bursaphelenchus xylophilis, causes a rapid wilt and death in as little as 3 weeks on sus-

ceptible pine trees.

e The symptoms are caused by nematodes feeding in resin canals in the tree, in association with the blue
stain fungus, Ophiostoma piceae, and possibly other microorganisms.

e Pine wilt nematodes reproduce rapidly, from egg to adult in 45 days, and spread rapidly throughout the
tree, inhibiting the functioning of the xylem through their feeding activities.

The pine wilt nematode is not a typical plant parasite, in that it can also feed on fungi, like many members of

its nematode family. Also, its feeding activities cause rapid death of the affected cells.

The pine wilt nematode is believed to be native to the United States. American pine species are extremely

tolerant to the nematode and typically show no symptoms.

Pine wilt nematodes are carried from tree to tree by pine sawyer beetles (Cerambycidae, Monochamus spp.)

in a very specific biological association.

* The pine sawyer beetles are attracted to dead or declining trees to lay their eggs.

* In the presence of the pine sawyer pupae, pine wilt nematodes form a fourth-stage juvenile specialized for
dispersal that migrates into the insect tracheoles.

e The newly emerged pine sawyer adults bore out of the tree and fly to healthy trees to feed, thus transporting
the pine wilt nematodes to their next host.

The considerable economic damage this nematode has caused comes from the following three sources:

¢ The nematode has been introduced from America to Asia, where it has devastated natural stands of native
Asian pine species. Up to 50% of the trees have died in infested areas.

* Pine wood nematode is also killing imported exotic pines in the United States, particularly valuable land-
scape specimens in the Midwest and Northeast.

e The threat posed by this nematode has led to a complete ban on the import of untreated pine products from
the United States and Canada into the European Union and China.

Researchers have developed a heat treatment (56°C for 30 min) that will free the wood products from pine wilt

nematodes, but this treatment adds additional costs for the producers.

and cyst species. The use of a resistant cultivar is based
on the prevention of reproduction by the dominant nema-
tode race in a field. The existence of these physiological
races means that some individuals in a field planted to a
resistant cultivar will be able to reproduce successfully
on the resistant cultivar, thus overcoming host resistance
and possibly building up to damaging levels in the future.
A continual battle must be waged to derive new sources
of resistance to newly discovered nematode races. Very
little progress has been made in identifying cultivars
resistant to ectoparasitic plant-parasitic nematodes.
Other methods used to control plant-parasitic nema-
todes include sanitation, cultural practices (Chapter
25), biological control (Chapter 27), quarantines, and the
use of organic soil amendments (Chapter 29). Sanitation
methods prevent the spread of nematodes from infested
fields or plant materials to uninfested fields by cleaning
or sanitizing tools, implements, farm and nursery equip-
ment, and any other source of nematode-infested soil and

plants. Cultural control practices include tillage practices
to destroy plant roots at the end of the growing season to
reduce intercrop nematode survival rates and crop rota-
tion with nonhosts. Crop rotation in particular can be
quite effective when the nematode of concern has a small
host range. For instance, corn—soybean rotations effec-
tively reduce soybean cyst nematode as corn is a nonhost
and hatched infective juveniles will starve. Two or more
years of corn reduce soybean cyst nematode-infective
juveniles enough to plant a high-yielding susceptible cul-
tivar. Inclusion of a cyst-resistant soybean cultivar into
this rotation further enhances its effects. Rotation crops
available to growers, however, are severely limited by the
wide host ranges of some plant-parasitic nematodes and
by production economics that preclude the use of a good
rotation crop with no economic market.

Biological control methods that use bacterial or
fungal pathogens to control nematodes are still under
development, but may be used in combination with
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other control methods in the future to enhance nema-
tode management. Difficulties have been encountered
with deployment of biological control agents due to fail-
ure of the biological agents to establish successfully in
the soil environment. Incorporation of organic amend-
ments into nematode-infested soil stimulates population
increases of soil organisms that attack plant-parasitic
nematodes. Decomposition products from the organic
amendments may further reduce nematode popula-
tion densities through direct toxic effects. Safer, more
effective options for the control of nematodes are badly
needed. Nematode problems continue to worsen glob-
ally as more agricultural production is concentrated on
smaller areas of arable land, and urbanization of agri-
cultural production areas reduces the availability of
toxic nematicides.

LABORATORY EXERCISE

Plant-parasitic nematodes are found in the root zones
of most of the plants grown in urban and rural areas.
A diverse mixture of plant-parasitic and free-living nem-
atodes (nonparasitic) are present in most soil samples.
These nematodes can be readily isolated from both soil
and root samples for viewing and identification. In this
laboratory experiment, students will isolate nematodes
from soil samples and observe the diverse nematode pop-
ulations present in several settings.

EXPERIMENT 1. ISOLATION OF PLANT-PARASITIC
AND FREe-LIVING NEMATODES FROM SoiL

The objectives of this experiment are to isolate plant-para-
sitic nematodes from soil and to demonstrate the diversity
of nematode populations in row crop fields, ornamental
plantings, woodlands, and other plant communities.
Nematodes can be extracted from soil in several ways.
The two most common are the Baermann funnel method
and the sugar flotation-centrifugation method, which is
described here. The Baermann funnel method is simpler
and is described in Hussey and Bernard (1975).

Materials (Sugar Flotation-Centrifugation Method)

This method was described in its present form in 1964
(Jenkins, 1964) and is widely used in nematology labs
around the world. The protocol consists of the follow-
ing two main steps: (1) concentrating the nematodes
at the bottom of a centrifuge tube along with a small
amount of soil and (2) suspending them in a sugar
solution that has the same density as nematode bodies,
while the denser soil particles end up at the bottom of
the tube.

Each student or group of students will require the fol-
lowing items to complete the experiment:
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* Pictorial Key to Genera of Plant-Parasitic
Nematodes (Mai and Mullin, 1996).

* Soil sampling tubes or trowels for taking soil
samples, 1-gallon plastic bags, plastic buckets,
and ice chest.

» Metal sieves for separating the nematodes from
soil: two sieves are required, 250-um openings
(60 mesh) and 38-pum openings (400 mesh), each
with a 20 cm diameter and 5 cm depth. A 325-
mesh sieve can be used in place of the 400. A
small (8 cm diameter) 400-mesh sieve is very
useful in the last step of the procedure but not
absolutely necessary.

e Centrifuge equipped with a hanging bucket
rotor and 50-mL centrifuge tubes. Tubes do not
have to be sterile.

e Large lab spatula or slotted spoon, small lab
spatula (e.g., a “spoonula”).

* Vortex mixer (optional).

e 1- or 2-L plastic beakers, 500-mL wash bottles,
small funnels, small beakers (50-mL to 150-mL
sizes).

* Sucrose solution (454 g grocery-store sugar dis-
solved in 1 L of water).

» Dissecting microscopes with substage light source.

* Top-loading balance.

e Small Petri dishes or Syracuse watch glasses.

Sampling and Preextraction Procedures

Nearly any area with plant cover can be sampled, but
in general, the longer it has been undisturbed the more
diverse the nematode community will be. On the other
hand, samples from recently planted or changed areas or
from organic matter, such as mulch or sawdust piles, will
contain pioneer species that are the first to colonize new
habitats. Locate a row crop or vegetable field that has been
in continuous production for 5-10 growing seasons that
can be sampled during the laboratory period. Also, find
some 10- to 20-year-old foundation plantings (shrubs) that
can be sampled on the same day. Home lawns may have
surprisingly large numbers of nematodes if they are several
years old. Make the sucrose solution mentioned previously
in the materials section and refrigerate (4°C) until needed.

Follow the protocol outlined in Procedure 6.1 to
complete this experiment.

Anticipated Results

Students should be able to distinguish between free-liv-
ing nematodes (nonparasitic types) and plant-parasitic
nematodes. Free-living nematodes do not have stylets
and are usually more active than plant-parasitic nema-
todes. Predatory nematodes, which are also free-living,
have rasp-like teeth or a stylet without knobs and may be
present in samples. In contrast, plant-parasitic nematodes
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Procedure 6.1
Isolation of Parasitic and Free-Living Nematodes from Soil

Step

Instructions and Comments

Collect 20 soil cores (15- to 20-cm deep) in the root zone of an annual crop from a selected field, place in a
plastic bucket, and mix thoroughly. Soil (500—1000 cm?) should be sealed in a plastic bag, labeled, and placed
in an insulated ice chest. Soil samples around shrubs, forest trees, turf, or other plant site can be collected and
handled in the same manner. If a trowel is used instead of a soil sampling tube, collect small quantities of soil
to a 15- to 20-cm depth and handle as above.

Add 100 (heavier, clayey soils) to 200 cm? of soil (sandier soils) to 600 mL of water in a 1-L. beaker and mix
vigorously for 30 s with a large spatula or spoon. Allow soil to settle for 30 s, then pour the suspension slowly
through a 60-mesh sieve nested on top of a 325- or 400-mesh sieve. Remove the 60-mesh sieve. Use a wash
bottle to concentrate the nematodes and soil in one sector of the finer sieve. Use a wash bottle to backwash
nematodes and soil through a funnel into a centrifuge tube. Leave at least 1 cm of space in the tube. Soil
should fill no more than the bottom fourth of the tube. Use two tubes if necessary.

Make sure tubes are balanced using a top-loading balance—the weight of the tubes and contents should be
within 1 g of each other. Weight may be adjusted using a squeeze bottle of water. Centrifuge at 420 x g for 4
min (the brake may be used on most bench top-type centrifuges because they decelerate the rotor slowly, but
for more powerful centrifuges do not use the brake). Gently pour water from tubes. Nematodes are in the soil
pellet in the bottom of the tubes. Refill tubes with sucrose solution and mix with a vortex mixer or gently with
a small spatula to resuspend the nematodes. Centrifuge for 15 s at 420 x g. Decant sucrose solution/nematode
suspension onto the 400-mesh sieve (pour very slowly); a small 8 cm diameter sieve works better than the
larger one. Gently rinse the screen with water to remove sugar solution and backwash nematodes into a small
beaker. Beaker should contain no more than 25 mL of water.

CAUTION: Follow manufacturer’s directions on centrifuge use. Do not open the lid while the centrifuge is
spinning. The centrifuge MUST be properly balanced before operation. In a six-bucket centrifuge, tubes must
be arranged symmetrically and balanced. An unbalanced centrifuge may leap from the lab bench. Do not try
to steady or turn off a vibrating or moving centrifuge, serious injury may result. Do not try to catch one that
may be falling off a bench, its torque is stronger than you. Move away from it and pull the plug. Until everyone
is experienced with its use, station a person at the electrical outlet to disconnect the plug in case of problems.
Pour samples into Petri dishes or Syracuse watch glasses and place on a dissecting scope. Nematodes are best
observed using a light source from underneath. Use a pictorial key to identify nematode genera.

Disposal: Waste sugar and nematode samples can normally be poured down the sink drain. If the drain has
a soil trap, sugar solution should be poured into a separate container and disposed in a separate sink. Sugar
added to a soil trap will encourage growth of bacteria that produce noxious sulfides.

have stylets that have knobs or flanges on the posterior
end and are usually quite sluggish (see Figures 6.1, 6.6,
6.7, and 6.9). If students identify the different trophic
groups, differences will be seen among the samples. For
instance, because of the build-up of organic matter, sam-
ples from long-established shrubs should contain more
free-living nematodes than samples from agricultural
fields. Some plant-parasitic nematodes should be iso-
lated from any samples from under plants. Some of the
larger plant-parasitic nematodes such as dagger, ring, or
lance may be found in the samples, and students should
be able to identify them using the pictorial key.

Questions

* What characteristics and/or behaviors distin-
guish free-living nematodes (nonparasitic types)
from plant-parasitic nematodes?

* Are any predatory nematodes present in the
samples?

* Which sample has more free-living nema-
todes? Which sample has more plant-parasitic
nematodes?

e Can any of the plant-parasitic nematodes be
identified using the pictorial key?
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7 An Overview of Plant Pathogenic
Fungi and Fungus-Like Organisms

Ann Brooks Gould

ConceprT Box
Fungi are eukaryotic, heterotrophic, and absorptive organisms with cell walls.

Plant pathogenic organisms that are collectively grouped as fungi have been placed into the following three
different kingdoms: Stramenopila (Oomycota), Protozoa (Plasmodiophoromycota), and Fungi (Chytridiomycota,
Zygomycota, Ascomycota, and Basidiomycota).

Chitin is a primary component of cell walls of true fungi and is not found in the cell walls of fungus-like organisms
in Oomycota. Species in Oomycota contain cellulose in their cell walls; cellulose is not found in the cell walls of
true fungi.

Most plant pathogenic fungi can live as saprophytes or parasites (facultative saprophytes). However, some plant
pathogenic fungi require living plant cells for their nutrition (biotrophs).

The sexual state of a fungus is known as the teleomorph and the asexual state is known as the anamorph.

The anamorphic state of most fungi is the conidium (Ascomycota and Basidiomycota) and nonmotile sporan-
giospores (Zygomycota). In Plasmodiophoromycota (kingdom Protozoa), Chytridiomycota (kingdom Fungi), and
most species of Oomycota (kingdom Stramenopila), the anamorphic state is the motile sporangiospore, referred

to as a zoospore.

Examples of teleomorphic spores include oospores (Oomycota), zygospores (Zygomycota), ascospores (Ascomycota),
and basidiospores (Basidiomycota).

Most fungi are dispersed as spores through air currents, water, and animals (primarily insects). Fungi may also be

spread in or on infected plant parts, movement of soil, and on agricultural equipment.

Of the biotic plant disease agents known to humankind,
fungi are the most prevalent, and the study of these
organisms has some very rich history. Fungi were once
considered to be plants and thus were in the domain of
botanists. Fungi are actually microorganisms, however,
and differ from plants such that they are now placed in
their own kingdom (Table 7.1). With the development of
techniques needed for studying microorganisms, the dis-
cipline of mycology (Greek: Mycos = fungus + -logy =
study) developed, and now the fungi encompass organ-
isms from many different groups. Indeed, not all fungi
that cause plant disease are classified as true fungi now.
Although the formal, systematic study of fungi is
merely 250 years old, fungi have played important roles

in the history of humankind for thousands of years. In
their most important role, fungi are agents of decay,
breaking down complex organic compounds into sim-
pler ones for their own use or by other organisms. Fungi
are important in the production of food (wine, leavened
bread, and cheese) and can also be a source of food.
Fungi may be poisonous, may produce hallucinogens,
and have played a role in religious rites in many cul-
tures. Fungi can attack wood products, leather goods,
fabrics, petroleum products, and foods at any stage of
their production, processing, or storage. Some produce
toxins (called mycotoxins), are a source of antibiotics,
cyclosporin (an immunosuppressant), vaccines, hor-
mones, and enzymes, and can also cause diseases in
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TABLE 7.1

Some Differentiating Characteristics of Plants, Animals, and Fungi

Characteristic Animals Plants Fungi

Mode of obtaining food Heterotrophy Autotrophy Heterotrophy

Chloroplasts No Yes No

Chief components of cell wall No cell wall

Chief sterols in cell membrane Cholesterol
Food storage Glycogen
Chromosome number in thallus Diploid
Alternation of generations No
Specialized vascular tissues for transport Yes

Cellulose and lignin

Chitin, glucans, or cellulose (in
fungus-like organisms)

Phytosterols (B-sistosterol, Ergosterol
campesterol, stigmasterol)
Starch Glycogen
Haploid, diploid, or polyploid Haploid, diploid, or dikaryotic
Yes Yes
Yes No

both animals and plants. Those fungi found consistently
in association with a particular plant disease are called
fungal pathogens.

Fungi can destroy crops, and the economic conse-
quences of this have been enormous throughout human
history. Fungi reduce yield, destroy crops in the field
and in storage and produce toxins poisonous to humans
and animals. Blights, blasts, mildews, rusts, and smuts
of grains are mentioned in the Bible. The Greek phi-
losopher Theophrastus (370-286 BC) recorded his
speculative, but not experimental, studies of grain rusts
and other plant diseases. Indeed, wheat rusts have been
important from ancient times until the present wher-
ever wheat is grown. The Roman religious ceremony,
the Robigalia, appealed to the rust gods to protect grain
crops from disease.

When societies depend on a single crop for a major
degree of sustenance, plant diseases can have a devas-
tating impact. The potato was the major food of Irish
peasants in the 1800s; the disease late blight of potato
destroyed the potato crop in 1845-1846, resulting in
massive starvation and emigration for years to come.
The discipline of plant pathology was born over the
scientific and political controversy caused by this dis-
ease. Until that time, fungi (or fungus-like organisms as
is the case for the late blight pathogen) seen in plants
were thought to be the result of plant disease, rather than
the cause of plant disease. The famous German botanist
Anton deBary worked with the late blight pathogen and
proved experimentally that this was not the case. The
causal agent of light blight of potato is now known as
Phytophthora infestans. Other fungal and fungus-like
diseases that played major roles in human history include
chestnut blight, coffee rust, downy mildew of grape, stem
rust of wheat, and white pine blister rust.

So, what are these fascinating organisms, and what
role do they play in plant disease?

CHARACTERISTICS OF FUNGI AND
FUNGUS-LIKE ORGANISMS

A fungus (plural: fungi) is a eukaryotic, heterotrophic,
absorptive organism that develops a microscopic, diffuse,
branched, tubular thread called a hypha (plural: hyphae).
A group of hyphae is collectively known as mycelium
(plural: mycelia), which is often visible to the unaided
eye. Mycelium makes up the vegetative (nonreproductive)
body or thallus of the fungus.

Fungi have definite cell walls and no complex vascu-
lar system and, except for a few groups, are not motile.
The thallus of some fungi is single-celled (as in the yeasts).
Many fungi can be grown in pure culture, facilitating their
study, and they reproduce sexually or asexually by means
of spores. As a group, fungi encompass a way of life shared
by organisms of different evolutionary backgrounds.

The hyphae of most fungi are microscopic and dif-
fer in diameter among species (3—4 um to 230 um wide).
Septa (crosswalls) may or may not be present and usu-
ally contain small pores to maintain continuity with
other cells. Those hyphae without crosswalls are called
aseptate or coenocytic (Chapters 1 and 8). Hyphae may
branch to spread over a growing surface, but branching
usually occurs only when nutrients near the tip become
scarce. In culture, fungi form colonies, which can be dis-
crete or diffuse, circular collections of hyphae or spores,
or both, that arise from one cell or one grouping of cells.

Hyphal cells are bound by a cell envelope called the
plasma membrane or plasmalemma. The plasmalemma
of fungi differs from plants and animals in that it con-
tains the sterol ergosterol, not cholesterol as in animals,
or a phytosterol as in plants. Outside the plasmalemma
is the glycocalyx, which is manifested as a slimy sheath
(as in slime molds, kingdom Protista) or as a firm cell
wall (as in most other fungi and fungus-like organisms).
This cell wall is composed chiefly of polysaccharides. In
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the fungal phyla Ascomycota and Basidiomycota, chitin
(B-[1—4] linkages of n-acetylglucosamine) and glucans
(long chains of glucosyl residues) are major cell wall
components. Zygomycota contain chitin-chitosan and
polyglucuronic acid; and fungus-like organisms in the
Oomycota contain cellulose (8-[1—4] linkages of glu-
cose) and glucans. Chitin, glucans, and cellulose form
strong fibers called microfibrils, which, when embedded,
in a matrix of glycoprotein and polysaccharide, lend sup-
port to the hyphal wall. Cell walls also contain proteins
and, in some fungi, dark pigments called melanins.

Fungal cells may contain one or many nuclei. A hyphal
cell with genetically identical haploid nuclei is monokary-
otic; cells with two genetically different but compatible
haploid nuclei are dikaryotic (a characteristic of fungi in
the Basidiomycota). Compared with animals and plants,
the nuclei of fungi are small with fewer chromosomes or
number of DNA base pairs. Plasmids (extrachromosomal
pieces of DNA that are capable of independent replication)
are found in fungi; the plasmid found in Saccharomyces
cerevisiae, the common yeast fungus used to make wine
and leavened bread, has been intensively studied. Vacuoles
in hyphal cells act as storage vessels for water, nutrients,
or wastes or may contain enzymes such as nucleases,
phosphatases, proteases, and trehalase. Cells accumulate
carbon reserve materials in the form of lipids, glycogen,
or low molecular weight carbohydrates such as trehalose.
Mitochondria (energy-producing organelles) in fungi
vary in size, form, and number.

Fungal cells from different hyphal strands may often
fuse in a process called anastomosis. Anastomosis,
which is very common for some fungi in the Ascomycota
and Basidiomycota, results in the formation of a three-
dimensional network of hyphae and permits the orga-
nization of some specialized structures such as rhizo-
morphs, sclerotia, and fruiting structures, also known
as sporocarps.

HOW FUNGI AND FUNGUS-LIKE
ORGANISMS INFECT PLANTS

NUTRITION

Fungi have the advantage over organisms in the plant
kingdom in that they do not have chlorophyll and are not
dependent on light to manufacture food. Thus, fungi can
grow in the dark and in any direction as long as there is
an external food source and water.

Fungal hyphae elongate by apical growth (from the
tip). Unlike animals, fungi do not ingest their food and
then digest it; instead, they obtain their food through an
absorptive mechanism. As the fungus grows through its
food, hyphae secrete digestive exoenzymes into the exter-
nal environment (Chapter 32). Nutrients are carried back
through the fungal wall and stored in the cell as glycogen.

Free water must be present to carry the nutrients back
into fungal cells.

Fungi can grow rapidly over a surface stratum and
may penetrate it or may produce an aerial mycelium.
Fungi have the potential to utilize almost any carbon
source as a food. This is restricted only by what exoen-
zymes the fungus produces and releases into the environ-
ment. Some of these enzymes are listed in Table 7.2.

Fungal growth may continue as long as the appropri-
ate nutrients and environmental conditions are present.
Growth ceases when the nutrient supply is exhausted or
the environment is no longer favorable for development.
Nutrients required by fungi include a source of carbon in
the form of sugars, polysaccharides, lipids, amino acids,
and proteins; nitrogen in the form of nitrate, ammonia,
amino acids, polypeptides, and proteins; sulfur, phospho-
rus, magnesium, and potassium in the form of salts; and
trace elements such as iron, copper, calcium, manganese,
zinc, and molybdenum.

TYPES OF PATHOGENS: HOW
DO FUNGI AND FUNGUS-LIKE
ORGANISMS OBTAIN THEIR FOOD?

Most fungi are saprophytes in that they use nonliving
organic materials as a source of food. These organisms
are important scavengers and decay organisms and along
with bacteria recycle carbon, nitrogen, and essential min-
eral nutrients. Most plant pathogenic fungi are versatile
organisms that can live as saprophytes or parasites. These
fungi are called facultative saprophytes. They attack
their hosts, grow and reproduce as parasites, and then act
as saprophytes, along with the normal nonpathogenic soil
microflora, between growing seasons. This makes them
very difficult to control.

Many plant pathogenic fungi are classified as necro-
trophs. These fungi are usually saprophytes and survive
well as sclerotia, spores, or mycelia in nonliving host
material. Given the opportunity, however, these fungi
become parasitic, kill, and then feed upon dead plant
tissues. Necrotrophs produce secondary metabolites
that are toxic to susceptible host cells. Fungal enzymes
degrade tissues killed by the toxins, and the cell con-
stituents are used as food. Disease symptoms caused by
necrotrophs are manifested as small to very large patches
of dead, blackened, or sunken tissue. A classic example of
a necrotroph is the fungal pathogen Monilinia fructicola,
which causes brown rot of peaches.

Biotrophic pathogens (sometimes called obligate
parasites) grow or reproduce only on or within a suitable
living host. The biotrophic relationship is highly host spe-
cific. Biotrophic pathogens, especially fungi that attack
foliar plant parts, derive all their nutrients from the host.
They invade host tissues, but do not kill them (or may kill
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TABLE 7.2

Exoenzymes Produced by Some Fungi

Exoenzyme Substrate Utility

Cutinase Cutin: A long-chain polymer of C, and C 4 hydroxy fatty acids, Facilitates direct penetration of host cuticle

Pectinase (pectin methyl
esterase, polygalacturonase)

Cellulase (cellulase C,, C,, C,,
and B-glucosidase)
Hemicellulase (e.g., xylanase,

arabinase)

Ligninase

Lipolytic enzymes (lipase,
phospholipase)

Amylase

Proteinase or protease

which, with waxes, forms the plant cuticle

Pectin: Chains of galacturonan molecules (a-[ 1—4]-p-galacturonic
acid) and other sugars; main components of the middle lamella
and primary cell wall

Cellulose: Insoluble, linear polymer of 8-(1—4) linkages of
glucose; skeletal component of plant cell wall

Hemicellulose: Mixture of amorphous polysaccharides such as
xyloglucan and arabinoglucan that vary with plant species and
tissues; a major component of primary cell wall

Lignin: Complex, high-molecular-weight polymer (made of
phenylpropanoid subunits); major component of secondary cell
wall and middle lamella of xylem tissue

Fats and oils (fatty acid molecules): Major component of plant
cell membranes; also stored for energy in cells and seeds and
found as wax lipids on epidermal cells

Starch: Main storage polysaccharide in plants; enzymes
hydrolyze starch to glucose

Protein: Major components of enzymes, cell walls, and cell
membrane; enzymes hydrolyze protein to smaller peptide

by pathogenic fungi

Facilitates penetration and spread of
pathogen in host; causes tissue maceration
and cell death

Facilitates spread of pathogen in host by
softening and disintegrating cell walls

Role of these enzymes in pathogenesis is
unclear

Few organisms (mostly basidiomycetes)
degrade lignin in nature; brown rot fungi
degrade lignin, but cannot use it as food;
white rot fungi can do both

Fatty acid molecules used as a source of
food by pathogen

Glucose readily used by pathogen as a
source of food

Disruption of cell membrane and enzymatic
activity affects host cell function; role of

fractions and amino acids

these enzymes in pathogenesis is unclear

them gradually), thus ensuring a steady supply of nutri-
ents. These fungi may produce special penetration and
absorption structures called haustoria. Haustoria pen-
etrate the host cell wall, but not the plasmalemma, essen-
tially remaining outside the host cell while nutrients are
transferred across the host plasmalemma into the fungus.
Classic examples of pathogenic biotrophs include the pow-
dery mildew fungi (Chapter 12), downy mildew oomycetes
(Chapter 8), and the smuts and rusts (Chapter 14).

Some biotrophs are part of a mutually beneficial
symbiosis with other organisms. These are mutualists
and include mycorrhizal fungi (fungi that grow in asso-
ciation with plant roots) and endophytes. Another group
of organisms, the hemibiotrophs, functions as both
biotrophs and necrotrophs during their life cycle. An
example of a hemibiotroph is the soybean anthracnose
pathogen, Colletotrichum lindemuthianum. This fungus
first lives as a biotroph by growing between the plasma
membrane and the cell wall of living cells. The fungus
then suddenly switches to a necrotrophic phase and kills
all the cells it has colonized.

DISEASE SYMPTOMS CAUSED BY FUNGI
AND FUNGUS-LIKE ORGANISMS
Details of the infection process are described in Chapters

1 and 24. The visual manifestation of this process (or
symptoms) varies depending on the infected plant part,

the type of host, and the environment. Symptoms caused
by fungal pathogens can be similar to those caused
by other biotic and abiotic disease agents. Generally
described, these symptoms are the following:

* Necrosis—Cell death; affected tissue may be
brown or blackened, sunken, dry or slimy; in
leaves, often preceded by yellowing (chlorosis,
or a breakdown in chlorophyll).

* Permanent wilting—Blockage or destruction
of vascular tissues by fungal growth, toxins, or
host defense responses; affected tissue wilts and
dies, and associated leaves may scorch and pre-
maturely abscise.

* Abnormal growth—Hypertrophy (excessive cell
enlargement), hyperplasia (excessive cell division),
etiolation (excessive elongation); affected tissue
appears gall- or club-like, misshapen, or curled.

* Leaf and fruit abscission—Premature defolia-
tion and fruit drop.

* Replacement of host tissue—Plant reproductive
structures replaced by fungal hyphae and spores.

* Mildew—Surfaces of aerial plant parts (leaves,
fruit, stems, and flowers) are covered with a
white to gray mycelium and spores.

Common manifestations of these symptoms are
listed in Table 7.3.
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TABLE 7.3

Symptoms of Plant Diseases Caused by Fungi

Symptom  Manifestation Description Example
Necrosis Leaf spot Discrete lesions of dead cells on leaf tissue between or on leaf Common leaf spot of strawberry

veins, often with a light-colored center and a distinct dark-colored  (Mycosphaerella fragariae)
border, and sometimes accompanied by a yellow halo; fruiting
structures of fungus often evident in dead tissue

Leaf blotch Larger, more diffuse regions of deaf or discolored leaf tissue Horse chestnut leaf blotch
(Guignardia aesculi)
Needle cast Needles of conifers develop spots, turn brown at the tips, die, and ~ Rhabdocline needle cast of Douglas-
prematurely fall (cast) to the ground fir (Rhabdocline pseudotsugae)
Anthracnose Sunken lesions on leaves, stems, and fruit; on leaves, regions of Anthracnose (or cane spot) of
dead tissue often follow leaf veins and/or margins brambles (Elsinoé veneta)
Scab Discrete lesions, sunken or raised, on leaves, fruit, and tubers Apple scab (Venturia inaequalis)
Dieback Necrosis of twigs that begins at the tip and progresses toward the Sudden oak death, Ramorum leaf
twig base blight (Phytophthora ramorum)
Canker Discrete, often elliptical lesions on branches and stems that destroy Cytospora canker of spruce
vascular tissue; can appear sunken, raised, or cracked; causes wilt,  (Cytospora kunzei or Leucostoma
dieback, and death of the branch; fruiting structures of fungus kunzer)
often evident in dead tissue
Root and crown rot Necrosis of feeder roots to death of the entire root system; often Rhododendron wilt (or Phytophthora
extends into the crown and can girdle the base of the stem; causes  root rot) (Phytophthora cinnamomi;
wilt, dieback, and death of the canopy P. parasitica)
Cutting rot Cuttings in propagation beds are affected by a blackened rot that Blackleg of geranium (Pythium
begins at the cut end and travels up the stem, rapidly killing the species)
cuttings
Damping-off Seeds and seedlings are killed before (preemergent damping-off) or Damping-off caused by species of
after (postemergent damping-off) they emerge from the ground Pythium, Rhizoctonia, and Fusarium
Soft rot Fleshy plant organs such as bulbs, corms, rhizomes, tubers, and Rhizopus soft rot of papaya (Rhizopus
fruit are macerated and become water-soaked and soft; tissues stolonifer syn. R. nigricans)

may eventually lose moisture, harden, and shrivel into a mummy;
common postharvest problem

Dry rot Dry, crumbly decay of fleshy plant organs Fusarium dry rot of potato (Fusarium
sambucinum)
Permanent Vascular wilt Vascular tissue is attacked by fungi, resulting in discolored, Dutch elm disease (O. ulmi)
wilting nonfunctioning vessels and wilt of canopy
Abnormal Leaf curl Leaves become discolored, distorted, and curled, often at the Peach leaf curl (Taphrina deformans)
growth leaf edge
Club root Swollen, spindle- or club-shaped roots Clubroot of crucifers
(Plasmodiophora brassicae)
Galls Enlarged growths, round or spindle-shaped, on leaves, stems, roots, Cedar-apple rust (Gymnosporangium
or flowers Jjuniperi-virginianae)
Warts Wart-like outgrowths on stems and tubers Potato wart disease (Synchytrium
endobioticum)
Witches’ broom Profuse branching of twigs that resembles a spindly broom Witches’ broom of cacao (Crinipellis
perniciosa)
Etiolation Excessive shoot elongation and chlorosis, induced in poor light or ~ Bakanae of rice (foolish seedling
by growth hormones disease) (Gibberella fujikuroi)
Leaf and fruit Infection of petioles, leaves, and fruit cause tissues to drop Anthracnose of shade trees
abscission prematurely (Apiognomonia species)
Replacement Plant reproductive structures are replaced by fungal hyphae or Common smut of corn (Ustilago
of host tissue spores, or both maydis)
Mildew Surfaces of aerial plant parts (leaves, fruit, stems, and flowers) are Powdery mildew of rose

covered with white to gray mycelium and spores (Podosphaera pannosa)
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FUNGAL REPRODUCTION

The reproductive unit of most fungi is the spore, which
is a small, microscopic unit consisting of one or more
cells, that provides a dispersal or survival function for
the fungus. Spores are produced in asexual or sexual
processes.

ASEXUAL REPRODUCTION

Asexual reproduction is the result of mitosis, and progeny
are genetically identical to the parent. Some of the true
fungi (Ascomycota and Basidiomycota) produce nonmo-
tile, asexual spores called conidia (Figure 7.1). Conidia
are produced at the tip or side of a stalk or supporting
structure known as a conidiophore. Conidiophores can be
arranged singly or in fruiting structures. A synnema con-
sists of a group of conidiophores that are fused together
to form a stalk. An acervulus is a flat, saucer-shaped bed
of short conidiophores that grow side by side within host
tissue and beneath the epidermis or cuticle. A pycnidium
is a globose or flask-shaped structure lined on the inside
with conidiophores. A pycnidium has an opening called
an ostiole through which spores are released.

—
)
=

&

FIGURE 7.1 Asexual reproduction in mitosporic fungi.
(a) Single conidia varying in shape, color (hyaline or brown),
and number of cells. (b—d) Asexual fruiting structures: (b)
conidia produced on a distinct conidiophore, (c) synnema, and
(d) pycnidium. (Courtesy of N. Shishkoft).

Ann Brooks Gould

Another type of asexual spore is the chlamydospore.
Chlamydospores are thick-walled conidia that form when
hyphal cells round up and separate. These spores func-
tion as resting spores and are found in many groups
of fungi. Some members of the Oomycota (Chapter 8)
produce a motile spore called a zoospore in a sac-like
structure called a sporangium. The stalk that supports
the sporangium is called a sporangiophore. Zygomycota
(Chapter 10), best known for Rhizopus stolonifer, the fun-
gus that causes bread mold and soft rot of fruit and vege-
tables, produces asexual spores called sporangiospores,
also borne in sporangia.

SexuAL ReprODUCTION

Genetic recombination is the result of sexual reproduc-
tion, and offspring are genetically different from either
parent. The heart of the sexual reproductive process is
fertilization. In fertilization, sex organs called gametan-
gia produce special sex cells (gametes or gamete nuclei)
that fuse to form a zygote. The fertilization process
occurs in the following two steps: (1) plasmogamy, when
the two nuclei, one from each parent, join together in the
same cell; and (2) karyogamy, when these nuclei fuse
together to form a zygote.

In most fungi, the vegetative body or thallus has one
set of chromosomes (haploid). The diploid (having two
sets of chromosomes) zygote that results from fertilization
must therefore undergo meiosis (a chromosome reduction
division) before it can develop into a haploid, multicel-
lular organism. In contrast, most plants and animals, and
some fungus-like species in the kingdom Stramenopila,
possess a diploid thallus. Meiosis, therefore, occurs in the
gametangia as the gametes are produced.

Homothallic fungi produce both male and female
gametangia on a single mycelium that are capable of
reproducing sexually (i.e., they are self-fertile). This is
analogous to a monoecious plant, where both male and
female flowers are found on the same plant. Homothallic
gametangia may be obviously differentiated into male
and female structures (antheridia and oogonia, respec-
tively) or may be morphologically indistinguishable (sex-
ually undifferentiated). Homothallic species occur in all
phyla of fungi.

Conversely, the sexes (or mating types) in hetero-
thallic fungi are separated in two different individuals,
which are self-sterile. This is analogous to dioecious
plants, where male and female flowers are produced on
different plants. The different mating types in heterothal-
lic fungi are usually differentiated as plus (+) or minus (-),
or by using letters (e.g., A and A"). Heterothallic fungi are
not as common as homothallic ones.

Examples of sexual spores include oospores, zygo-
spores, ascospores, and basidiospores. The name of a
particular spore type usually reflects the parent structure
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that produced it. For example, ascospores are produced
in a parent structure called an ascus, and basidiospores
are produced from a parent structure called a basidium.

FUNGI AND THE ENVIRONMENT

Fungi are ubiquitous and grow in many different habi-
tats and environmental conditions. Of these, a source of
moisture is most critical for growth and reproduction, and
most fungi grow best in a damp environment. As stated
previously, moisture is needed to move nutrients into
hyphal cells. Indeed, some thin-walled species require a
continuous flow of water to prevent desiccation. For foliar
pathogenic fungi, free moisture and high relative humid-
ity are important for germination and penetration of leaf
tissue. For soil fungi, free moisture in the soil is impor-
tant for dispersal as well.

Some fungi can adapt to very low moisture availabil-
ity by regulating the concentration of solutes (or osmotic
potential) in cells. A cellular osmotic potential higher
than that of the environment will cause water to enter
cells. When the environment becomes drier, concentra-
tion of solutes outside the cell becomes higher than that
within the cells and water leaves the cells. The net result
is that the cell desiccates and the plasmalemma shrinks.
Active release or uptake of solutes in hyphal cells helps
certain fungi maintain adequate hydration under fluctu-
ating conditions. Other fungi produce resting structures
with impermeable walls that withstand drying. These
structures germinate when conditions become favorable
for growth.

Since oxygen is required for respiration (generation
of energy), most fungi do not grow well when submerged.
Fungi that require oxygen for respiration are called
aerobic or obligately oxidative. Those that do not need
oxygen for respiration are anaerobic or fermentative.
Fungi that can derive energy by oxidation or fermenta-
tion are facultative fermenters. Most plant pathogenic
fungi are aerobic or facultative fermenters.

Fungi must adapt to, or tolerate, considerable tem-
perature fluctuations that occur daily or seasonally. Most
fungi are mesophilic and grow well between 10°C and
40°C with the optimum temperature for most species
between 25°C and 30°C. Some species are thermophilic
(grow at 40°C or higher) or psychrophilic (grow at less
than 10°C). Fungi function best at a range of pH 4-7 and
some produce melanins in cell walls to protect against
damage from sunlight.

SURVIVAL AND DISPERSAL

With the exceptions of biotrophs, most plant pathogenic
fungi spend part of their life cycle as parasites and the
remainder as saprophytes in the soil or on plant debris.
When a fungus encounters adverse environmental

conditions, drains its environment of nutrients, or kills
its host, growth usually ceases. Inactive hyphae are sub-
ject to desiccation or attack by insects or other microbes,
so pathogenic fungi must survive in a reduced metabolic
or dormant state in plant debris or soil until conditions
improve, or disperse to find other hosts.

Fungi produce spores both to survive adverse envi-
ronmental conditions (e.g., chlamydospores) and for
dispersal (e.g., zoospores). Indeed, the different repro-
ductive strategies exhibited by many fungi have differ-
ent ecological advantages. Generally speaking, fungi
reproduce asexually when food sources are abundant
and dispersal and spread is of prime importance, and
they reproduce sexually at the end of the season when
food is limited or in cases where dispersal is not as
critical. For example, the biotrophic powdery mildew
pathogens produce abundant asexual spores (conidia)
during the growing season when environmental con-
ditions are favorable and there is plentiful host mate-
rial. These spores are easily dispersed in air and serve
to spread disease rapidly over the summer months. At
the end of the growing season, environmental and host
factors trigger sexual reproduction of the fungus. The
ascocarp produced (called a cleistothecium or peri-
thecium; see Chapter 12) overwinters in plant parts
or debris releasing ascospores (spores that result from
meiosis) to initiate new infections during the following
spring.

Spore dispersal can be critical for fungal survival;
spores released quickly from fruiting structures have a
better chance of finding new hosts and initiating new
infections. Spores can be passively or actively liberated
from the parent mycelium. Passive spore release mecha-
nisms include rain splash, mechanical disturbance (wind,
animal activity, and cultivating equipment), and elec-
trostatic repulsion between a spore and its sporophore
(supporting stalk). Spores can also be actively released,;
ascospores are forcibly discharged from the ascus in
many members of the Ascomycota (e.g., Claviceps pur-
purea), and sudden changes in cell shape may launch
spores into the air (e.g., the aeciospore stage of the rust
fungus Puccinia).

Most spores, once liberated, are passively dispersed
(or vectored) through air or soil over short or long dis-
tances. The most common modes of dispersal for plant
pathogenic fungi include air currents, water (via rain
splash and dispersal through flowing water), and ani-
mals (notably insects). Insects have an intimate role in
the life cycle and spread of fungi that cause many major
diseases. For example, beetles that vector the Dutch elm
disease pathogen Ophiostoma ulmi pick up fungal spores
on their bodies and inoculate new hosts during feeding
(see Case Study 7.1). Some plant pathogenic fungi such
as Tilletia caries (stinking smut of wheat) are dispersed
on seed, which conveniently places them with their host
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CASE STUDY 7.1

DutcH ELM DISEASE

Dutch elm disease is an example of a vascular wilt disease. Pathogens that cause vascular wilts live in the

xylem and disrupt the flow of water and nutrients.

Significance: In two twentieth-century epidemics, Dutch elm disease destroyed over 40 million American

elm trees planted throughout the United States as street tree monocultures.

Pathogens: Ophiostoma ulmi, O. novo-ulmi.

Hosts: American elm (Ulmus americana) is most susceptible; winged elm, slippery elm, rock elm, and cedar

elm vary from susceptible to tolerant; Siberian and Chinese elms are the most resistant.

Symptoms and signs:

e In summer, leaves flag (or wilt) on individual branches, followed by branch death shortly thereafter.

» Affected xylem is discolored in a characteristic streaking pattern just beneath the bark.

Transmission:

e The native elm bark beetle (Hylurgopinus rufipes) and the smaller European bark beetle (Scolytus
multistriatus) serve as vectors. Female insects lay eggs in dead or dying elm wood. Eggs hatch into larvae
that feed in wood to form characteristic tunnel patterns called galleries. If the fungus is present, conidia
stick to the adult beetles as they emerge in spring to feed on healthy twigs. Spores deposited in xylem dur-
ing feeding germinate and form a mycelium that penetrates xylem pit openings. Conidia are produced, and
they disperse through the xylem sap.

* The pathogens also spread from infected to healthy trees through root grafts.

Management: Dutch elm disease is best managed by combining cultural and chemical controls.

e Sanitation measures include prompt removal of dead or dying elms as well as diseased limbs in mildly
affected trees. Wood must be debarked or burned prior to beetle emergence the following spring.

» Insecticide is used to control the beetle vector, and valuable trees may be injected on a preventive basis
with fungicide.

e Trenching midway between diseased and healthy trees is necessary to prevent root graft transmission.

* From breeding programs, hybrids of American elm and elms of Asian origin, which are resistant to Dutch
elm disease, have been released. These trees are disease resistant yet possess the desired horticultural
qualities of the American elm. In addition, a number of American elms with a moderate level of tolerance

to Dutch elm disease have been recently introduced to the horticultural trade.

when the time is appropriate for infection to commence.
Soil pathogens that produce motile zoospores (some
Oomycota and plasmodial slime molds) can more actively
move through soil. Soil zoospores, attracted to roots by
root exudates (chemotaxis), encyst and penetrate the root
cortex to initiate new infections.

Some fungi, such as the basidiomycete Armillaria
mellea, disperse through potentially inhospitable envi-
ronments by producing rhizomorphs, which are root-like
structures composed of thick strands of somatic hyphae.
Rhizomorphs have an active meristem that grows through
soil from diseased plants to healthy roots, thus facilitat-
ing dispersal of the fungus to new substrates. In cross
section, a rhizomorph has a dark, outer rind of thick-
walled, nonliving cells and an inner cortex of thin-walled
cells and active cytoplasm.

More commonly, however, fungi produce resting
structures called sclerotia. Sclerotia are spherical

structures that are 1 mm to 1 cm in diameter with a thick-
walled rind and a central core of thin-walled cells that
have abundant lipid and glycogen reserves. Sclerotia
may remain viable in adverse conditions for months or
years. Many plant pathogenic fungi in the Ascomycota,
Basidiomycota, and mitosporic fungi produce sclerotia,
especially those that infect herbaceous plants as a means
of surviving between crops. Sclerotia may germinate
to form sexual structures as in C. purpurea or asexual
conidia, as in Botrytis cinerea.

CLASSIFICATION OF PLANT
PATHOGENIC FUNGI

The classification of organisms (taxonomy) including
fungi is based on criteria that changes as more informa-
tion becomes known about these organisms. Taxonomy
of fungi has been classically based on sexual and asexual
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spore morphology and how they are formed, followed by
secondary considerations such as hyphal and colony (the
fungus in culture) characteristics. Molecular techniques
that examine and compare the genetics of organisms are
increasing in importance to taxonomists.

As previously mentioned, the “fungi” as a group used
to be classified with the plants in the kingdom Planta, but
plant pathogenic species are now placed in three differ-
ent kingdoms (Table 7.4). The endoparasitic slime molds
belong to the kingdom Protozoa. The water mold fungi
belong to the phylum Oomycota within the kingdom
Stramenopila. These two groups are more closely related
to protozoans (endoparasitic slime molds) or brown algae
(water molds) than to true fungi and are often referred to
in the literature as fungus-like, lower fungi, or pseudo-
fungi and are discussed further in Chapters 8 and 9. The
other fungal groups (e.g., Chytridiomycota, Zygomycota,
Ascomycota, and Basidiomycota) are members of the
kingdom Fungi (or Mycota). These fungi are also often
referred to as the true fungi or higher fungi. Interestingly,
the Chytridiomycota, once placed in the kingdom
Protozoa, may be regarded as ancestors of the other true
fungi.

Fungi are further divided into subcategories. The
most basic classification of a fungal organism is the genus
and species (or specific epithet). The generic name and
specific epithet are constructed in Latin according to
internationally recognized rules. Fungal names are also
associated with an authority, which is the name of the
person who discovered or named the species. For exam-
ple, the species C. purpurea (Fr.:Fr.) Tul. was described
by Elias Fries and modified by Tulanse.

In the classification scheme, related genera are
grouped into families, families into orders, orders into
classes, classes into phyla, and phyla into kingdoms. Each
grouping has a standard suffix (underlined). For example,
the Dutch elm disease pathogen, O. ulmi, is classified as
follows:

Kingdom Fungi (or Mycota)
Phylum Ascomycota
Class Ascomycetes
Order Ophiostomatales
Family Ophiostomataceae
Genus Ophiostoma

Species (and authority)
Ophiostoma ulmi
(Buisman) Nannf.

Fungi are probably best identified by the phylum to which
they belong. They are placed in phyla based on the sexual
phase of the life cycle. Brief descriptions of the different
phyla of plant pathogenic fungal or fungus-like organ-
isms, the kingdoms to which they belong, and examples
of each are as follows.

KINGDOM PROTOZOA

Plasmodiophoromycota (Chapter 9) is one of four
groups of slime molds including the endoparasitic slime
molds that produce zoospores with two flagella and are
obligate parasites. Sexual reproduction in this group
includes fusion of zoospores to form a zygote. Some of
these fungi vector plant viruses (Chapter 4).

Plasmodiophora brassicae (clubroot of crucifers)
has a multinucleate, amoeboid thallus (plasmodium)
that lacks cell wall. The plasmodium invades root cells,
inducing hypertrophy and hyperplasia (thus increasing its
food supply). The “clubs” that result interfere with nor-
mal root function (absorption and translocation of water
and nutrients). Plants affected by this disease are wilted
and stunted. P. rassicae survives in soil between suit-
able hosts as resting spores (product of meiosis) for many
years (Chapter 9).

KINGDOM STRAMENOPILA

Many members of the Oomycota (Chapter 8) produce
motile, biflagellate zoospores that have a tinsel flagellum
and a whiplash flagellum. The thallus is diploid and their
cell walls are coenocytic and contain cellulose and glu-
cans. Oomycetes reproduce asexually by producing motile
zoospores in a zoosporangium (Figure 7.2); a few species
produce nonmotile sporangiospores. Chlamydospores
occur in some species. Sexual reproduction results in an
oospore (zygote) produced from contact between male
(antheridia) and female (oogonia) gametangia (gametan-
gial contact). Most members of the Oomycota attack
roots, but some species of Phytophthora, the downy mil-
dews, and white rusts also attack aerial plant parts. The
Oomycota are often called water molds because most
species have a spore stage that swims (biflagellate zoo-
spores) and thus require free water for dispersal.

The ubiquitous soil water mold Pythium causes seed
rots, seedling damping-off, and root rots of all types of
plants and is especially troublesome in greenhouse plant
production and in turfgrasses. Pythium species are also
responsible for many soft rots of fleshy vegetable fruit
and other organs that are in contact with soil particles in
the field, in storage, in transit, and at market.

Phytophthora species cause a variety of diseases on
many hosts ranging from seedlings and annual plants
to fully developed fruit and forest trees. They cause
root rots; damping-off; rots of lower stems, tubers, and
corms; bud or fruit rots; and blights of foliage, twigs,
and fruit. Some species of Phytophthora are host spe-
cific, whereas others have a broad host range. The
genus is best known for its root and crown rots (most
Phytophthora species), late blight of potato and tomato
(P. infestans), Rhododendron wilt (P. cinnamomi), and
sudden oak death (Phytophthora ramorum).
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FIGURE 7.2 Reproduction in Pythium aphanidermatum (Oomycota), a root, stem, seed, and fruit rot pathogen with a very wide
host range. (a and b) Sexual stage: oogonium (female gamete) with an (a) intercalary or (b) terminal antheridium (male gamete).
(c—f) Asexual stage: (c) inflated, lobate sporangium, (d) sporangium with vesicle, (e) sporangium with vesicle containing zoospores,

and (f) biflagellate zoospores. (Courtesy of N. Shishkoff).

The downy mildews (e.g., Plasmopara spp.) are obli-
gate parasites that occur on many cultivated crops. They
primarily cause foliage blights that attack and spread rap-
idly in young and tender green leaf, twig, and fruit tissues.
These fungi produce sporangia (asexually) on distinc-
tively dichotomously branched sporangiophores, which
emerge through stomata on the lower surfaces of leaves,
forming a visible mat with necrotic lesions on leaf sur-
faces. The downy mildews require a film of water on the
plant and high relative humidity during cool or warm, but
not hot, weather. Downy mildew of grape (Plasmopara
viticola) destroyed the grape and wine industry in Europe
after the disease was imported from the United States
in 1875. It led to the discovery of one of the first fun-
gicides, Bordeaux mixture (copper sulfate and lime;
Chapter 26). Downy mildew fungi are also troublesome
for the ornamentals industry; recently, downy mildew of
impatiens (Plasmopara obducens) has threatened a staple
of the bedding plant industry, Impatiens walleriana.

KINGDOM FUNGI

CHYTRIDIOMYCOTA

Chytridiomycota (Chapter 9), the chytrids, inhabit water
or soil. They are coenocytic and lack a true mycelium.

The thallus is irregular, globose, or ovoid; diploid; and its
cell walls contain chitin and glucans. They have motile
cells (zoospores) that possess a single, posterior, whiplash
flagellum. The mature vegetative body transforms into
thick-walled resting spores or a sporangium.

Olpidium brassicae is an endobiotic parasite of the
roots of cabbage and other monocots and dicots. The entire
thallus converts to an asexual reproductive structure (holo-
carpic); the sexual cycle in this organism, however, has not
been confirmed. Olpidiumis aknown vector of plant viruses
such astobacco necrosis virus and lettuce big vein virus.

ZYGOMYCOTA

The Zygomycota are true fungi with a well-developed,
coenocytic, haploid mycelium with chitin-chitosan in
their cell walls. Zygomycetes produce nonmotile spores
called sporangiospores. Zygospores (sexual spores)
are produced by fusion of two morphologically simi-
lar gametangia of opposite mating type (heterothallic)
(Figure 7.3). These fungi are terrestrial and are sapro-
phytes or weak pathogens, causing soft rots or molds.
Members of this group also include parasites of insects
(Entomophthoralean fungi), nematodes, mushrooms, and
humans, as well as dung fungi and a few ectomycorrhizal
fungi (see discussion on mutualists).
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FIGURE 7.3 Generalized life cycle of the Zygomycota. This life cycle is for heterothallic members of the Zygomycota. (Courtesy

of A.B. Gould.)

Rhizopus stolonifer is a ubiquitous saprophyte, nota-
bly recognized as a common bread mold, which also
causes a soft rot of many fleshy fruit, vegetables, flowers,
bulbs, corms, and seeds. Black, spherical sporangia that
produce asexual sporangiospores (also known as mito-
spores) appear on the swollen tip (columella) of a long,
aerial sporangiophore. The fungus produces rhizoids
(short branches of thallus that resemble roots) within its
food substrate and hyphal stolons that skip over the sur-
face of the substratum. Rhizopus does not penetrate host
cells; it produces cellulases and pectinases that degrade
cell walls, causing infected areas to become soft and
water soaked and absorbs the nutrients released by the
enzymes. The fungus emerges through the broken epi-
dermal tissue and asexually reproduces, forming a fluffy
covering of fungal growth. When the food supply dimin-
ishes, gametangia combine to form a zygosporangium
with a single zygospore inside.

Like Rhizopus, species of Mucor are common soil
inhabitants and are often associated with decaying fruits
and vegetables. They differ from Rhizopus fungi, how-
ever, in that they lack rhizoids. Mucor amphibiorum
causes a dermal and systemic infection of toads, frogs,
and platypus, and other species in this genus are human
parasites and are implicated in dermal and respiratory
allergies. Post-harvest rots of apple, peach, and pear are
caused by M. piriformis. This species is a soil inhabitant
that contaminates fruit that falls to the orchard floor. The
fungus penetrates at the calyx or through wounds and
within 2 months in cold storage causes complete decay
of the fruit. Fungal mycelia can often be seen emerging
in tufts from the surface of the affected fruit. The disease
is managed by destroying fallen fruit and using sanita-
tion practices where contaminated soil is not allowed to
contact harvested fruit.

ASCOMYCOTA

The Ascomycota (Chapters 11-13) are true fungi with a
well-developed, septate mycelium containing chitin in
their cell walls. The sexual structure of the ascomycetes
is an ascus, which is sac-shaped and contains the prod-
ucts of meiosis, called ascospores, which normally num-
ber eight per ascus. Asci are either unitunicate (with a
single wall) or bitunicate (with a double wall).

Ascospores are forcibly liberated from asci, which
are produced in fruiting structures called ascocarps.
Ascocarps produced by various ascomycetes include the
following:

* Cleistothecia—Completely closed ascocarps
lined with one or more asci.

* Perithecia—Flask-shaped ascocarps with an
ostiole at the tip (Chapter 13).

* Apothecia—Open, cup-shaped ascocarps where
asci are exposed (Chapter 13).

* Ascostroma or pseudothecia—Asci are pro-
duced in a cavity or locule buried within a matrix
(stroma) of fungal mycelium (Chapter 13).

Asci not produced in an ascocarp are called naked asci
(Chapter 11).

Asexual reproduction in Ascomycota includes fis-
sion, budding, fragmentation, or formation of conidia or
chlamydospores. Conidia are produced on conidiophores.
The species of Ascomycota are a diverse group of fungi
that can use many different substrates and occupy a
variety of niches. Some members of this phylum form
ectomycorrhiza.

One of the most infamous diseases caused by an
already introduced ascomycete is ergot of rye and wheat.
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The pathogen C. purpurea occurs worldwide. Grain in
the seed head is replaced with fungal sclerotia (called
ergots) that are poisonous to humans and animals. When
ingested, fungal alkaloids restrict blood vessels and
affect the central nervous system, causing gangrene in the
extremities, hallucination, and miscarriage. The resulting
disorder in humans, known as ergotism or St. Anthony’s
fire, was common in the Middle Ages, especially in peas-
ants who subsisted on bread made with contaminated
rye flour.

Claviceps purpurea is homothallic. In the spring,
sclerotia germinate on fallen seed heads to form perithe-
cia at the periphery. Each perithecium produces many
asci, which forcibly discharge eight ascospores that are
wind-disseminated to infect the ovaries of young flow-
ers. Within a week, droplets of conidia exude in a sticky
liquid (honeydew) from the young florets of the infected
heads. Insects are drawn to the honeydew, and they carry
the conidia on their body parts to new flowers. Conidia
are also spread by splashing rain. The ergots mature at
the same time as seed and are harvested or fall to the
ground where they overwinter. Grain containing as little
as 0.3% of sclerotia by weight can cause ergotism.

BasipiomycoTa

Basidiomycota (Chapters 14 and 15) are true fungi that
often have large, macroscopic fruiting bodies. They
have a well-developed, septate mycelium with chitin in
their cell wall. The mycelium of basidiomycetes can be
dikaryotic, each cell containing two haploid nuclei. The
sexual structure is called a basidium (or club), on which
four haploid basidiospores (the result of karyogamy
and meiosis) are produced on stalks called sterigmata.
Basidia are produced on basidiocarps. Basidiomycetes
reproduce asexually by budding and fragmentation or
by formation of conidia, arthrospores (formed when
hyphal fragments break into unicellular sections), or
oidia (produced by short branches, or oidiophores, that
cut off oidia in succession from the tip). Like ascomy-
cetes, basidiomycetes utilize a variety of substrates and
occupy many different niches, and some form ecto-
mycorrhiza. Some of the most important causes for
plant diseases, the rusts and smuts (Chapter 14), are
basidiomycetes.

Some basidiomycetes are best known for the produc-
tion of the classic mushroom, which is a basidiocarp.
A mushroom basidiocarp consists of a pileus (cap) lined
with gills and a stipe (stalk). A volva may remain at the
base as a remnant of the universal veil that once envel-
oped the entire developing mushroom (button). The
annulus is the ring around the stipe as a remnant of a
partial or inner veil that once enveloped only the gills or
pores on the underside of the basidiocarp. Basidia line the
outer surface of gills.

Armillaria mellea affects hundreds of species of trees,
shrubs, fruits, and vegetables worldwide. The pathogen
is also an important decay fungus in forest ecosystems.
Armillaria forms rhizomorphs and mycelial fans (fan-
shaped hyphae) under the bark near the crown of infected
trees. Rhizomorphs consist of cord-like ‘“shoestring”
threads of mycelium 1-3 mm in diameter. They have a
compact outer layer (or rind) of black mycelium and a core
of white mycelium and form a branched network that devel-
ops over wood and in the surrounding soil. Rhizomorphs
initiate new infections when in contact with fresh sub-
strate. Plants affected by the fungus show symptoms simi-
lar to those caused by other root diseases (reduced growth,
small, yellow leaves, dieback, and gradual decline and
death). Armillaria produces honey-colored mushrooms at
the base of dead or dying trees in early autumn.

Mitosporic Funal

Some fungi have been classified in an artificial group (not
a true phylum) called the Mitosporic Fungi (Chapter 13).
These fungi have no known sexual state in their life
cycle, and until recently, had not been classified in one
of the other groups. Scientists are now uncovering the
phylogenetic relationships that these organisms have
with sexually reproducing fungi through studies of gene
sequences.

Mitosporic fungi usually reproduce asexually (mitot-
ically) via conidia and are considered to be anamorphic
partners of associated teleomorphs in the Ascomycota
or Basidiomycota, whose identity may or may not be
known. They have hyphae that possess the characteristics
of the teleomorph. Some mitosporic fungi have no known
reproductive process and have traditionally been called
the sterile fungi or Mycelia Sterilia, although some of
these fungi do produce sclerotia. However, molecular
systematics methods are very useful for placing mito-
sporic fungi with their associated teleomorphs, and as
new information is reported, the need for artificial names
such as Mycelia Sterilia will be eliminated.

Mitosporic fungi occupy the same habitats as their
teleomorph relatives, thus they are largely terrestrial.
Most are saprophytes, some are symbionts of lichens,
others are grass endophytes or mycorrhizal fungi, and
many are plant pathogens. Historically, these fungi were
divided into three informal classes: Hyphomycetes
(spores are produced on separate conidiophores),
Agonomycetes (Mycelia Sterilia), and Coelomycetes
(spores are produced in fruiting structures called conid-
iomata). Classification within these groups was based
on morphology, such as conidiophore, conidia, and
hyphal characteristics. As our knowledge of phyloge-
netic relationships among the fungi increases, the use
of classification schemes based solely on morphology
will decline.
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MUTUALISTS

Certain biotrophs, such as mycorrhizal fungi and endo-
phytes, live all or most of their life cycles in close associ-
ation with their plant host. In many cases, this symbiosis
is a mutualistic one because both the fungus and the plant
host benefit from the association.

TURFGRASS ENDOPHYTES

Simply stated, endophytes are organisms that grow
within plants. When searching the literature, one finds
that the term is often used to describe a specific relation-
ship between certain fungi and turfgrass hosts. Unlike
turfgrass pathogens such as Magnaporthe poae, how-
ever, endophytic fungi do not harm the host; indeed, they
appear to enhance stress tolerance and resistance to feed-
ing by certain insects.

Endophytic fungi associated with turfgrass are asco-
mycetes in the family Clavicipitaceae and include species
of Epichloé¢ (ana. Neotyphodium [=Acremonium]) and
Balansia. Although these fungi colonize all aboveground
plant parts, they are found most readily within the leaf
sheath of the turfgrass host and do not colonize the roots.
Turfgrass hosts include perennial ryegrass and several
fescues (e.g., tall fescue, hard fescue, chewings fescue,
and creeping red fescue).

The ability to reproduce sexually varies among the
different types of endophytic fungi. In the heterothal-
lic endophyte Epichloé, a stroma, composed of fungal
mycelium embedded together with the flowers and seeds
of the grass itself, forms on the grass stem just below
the leaf blade. The stroma is situated in such a way that
nutrients flow from living host tissues into the fungus.
Clusters of spores called spermatia are produced on the
surface of the stroma. Flies (Phorbia species) visit the
stroma and eat the spermatia, which remain undigested
in the intestinal tracts of the flies. When a female fly then
visits another stroma of opposite mating type to lay eggs,
she defecates and deposits spermatia all over the stroma.
Fertilization follows, and then perithecia form and asco-
spores are released to infect nearby florets. Interestingly,
the fly larvae that hatch from the eggs then eat the stroma.
Some endophytes such as Neotyphodium do not produce
stroma and cannot sexually reproduce. These fungi grow
into the seed at flowering time and are thus seed trans-
mitted. Other endophytes exhibit both sexual and asexual
reproductive characteristics.

Benefits conferred to the host by this endophytic asso-
ciation include enhanced nutrition, drought tolerance,
increased hardiness, and resistance to disease. Notably,
surface feeding by insect pests is deterred. Toxic alka-
loids such as peramine are produced in infected hosts,
and these compounds deter feeding by insects such as
chinch bug, sod webworm, and billbug. Neotyphodium
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endophytes are used in turfgrass breeding programs to
enhance these beneficial characteristics in turf intended
for sports or landscape (not pasture) use.

Unfortunately, the endophyte association in pastures
grasses can have disastrous impact on grazing livestock.
Host plants containing Neotyphodium endophytes pro-
duce ergot alkaloids that reduce blood flow to extremi-
ties, causing tails and hooves to rot and fall off. In other
associations, ingested lolitrems cause animals to spasm
uncontrollably in a syndrome known as ryegrass staggers.
Indeed, sleepy grass (Achnatherum robustrum) infected
by a Neotyphodium endophyte produces lysergic acid, a
relative of lysergic acid diethylamide (LSD); horses that
ingest relatively small amounts of such compounds go to
sleep for several days.

MYCORRHIZAL FUNGI

A mycorrhiza (or “fungus-root,” coined by A.B. Frank in
1885) is a type of mutualism where both partners benefit
in terms of evolution and fitness (ability to survive and
reproduce). This is primarily a nutritional relationship
where the fungal partner increases the efficiency of nutri-
ent uptake (notably phosphorus) by the host and in turn
receives carbon made by the host during photosynthesis.
The mycorrhizal association is intimate and diverse, and
the fungi involved vary in taxonomy, physiology, and
ecology. Mycorrhizal fungi infect more than 90% of vas-
cular plants worldwide, including many important crop
plants, and thus the association is economically, ecologi-
cally, and agriculturally significant.

Based on the morphology of the association, mycor-
rhizae are classified into the following two major groups:
ectomycorrhizae (outside of root), and endomycorrhizae
(within root).

ECTOMYCORRHIZAE

In this group, a fungal mantle of septate hyphae forms
over the entire root surface, replacing root hairs and
root cap. Hyphae proliferate between root cortex cells,
forming an intercellular network, or Hartig net, and it
is within this net that nutrients are exchanged between
partners. The mycelium can extend and retrieve nutrients
up to 4 m from the surface of roots. In a typical ectomy-
corrhizal relationship, the fungus does not penetrate cells
of the cortex or stele (vascular bundle) and is very long
lasting (up to 3 years).

The ectomycorrhizal association comprises about
20% of all mycorrhizal associations. Ectomycorrhizal
fungi are mostly members of Basidiomycota and Asco-
mycota and include tooth fungi, chanterelles, mush-
rooms, puffballs, truffles, and club fungi. Indeed, many
fungal sporocarps seen beneath the tree canopy on the
forest floor are ectomycorrhizal fungi. The taxonomy
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of this group is based on the identification of the fungal
sporocarp.

Approximately 5000 fungal species form ectomycor-
rhizal associations with more than 2000 hosts, including
plants in the Betulaceae (birch), Fagaceae (beech and
oak), Pinaceae (pine), and also with some Pteridophytes
(ferns and horsetail) and eucalyptus. Note that with cer-
tain forest trees, fungal hyphae may penetrate cortical
cells close to the stele resulting in a form of mycorrhiza
(called ectendomycorrhiza) that is intermediate to ecto-
mycorrhiza (with mantle and Hartig net) and arbuscular
mycorrhiza (AM).

ENDOMYCORRHIZAE

Endomycorrhizae, in contrast, do not change the gross
morphology of the root, and hyphae proliferate both
between and within the cells of the root cortex but do not
penetrate the stele. There are three different types of endo-
mycorrhizae: arbuscular, orchidaceous, and ericaceous.

Arbuscular Endomycorrhizae

The AM relationship, also known as glomeralean or, for-
merly, vesicular-arbuscular mycorrhiza (VAM), is world-
wide in distribution and occurs in many different habitats.
AM fungi are obligate symbionts that have a very broad
host range; a relatively small number of species (approxi-
mately 150) in the Glomeromycota (one of seven phyla
in the kingdom Fungi) form endomycorrhizae with more
than 70% of angiosperms and gymnosperms.

In the infection process, chlamydospores resting in
soil germinate in the vicinity of plant roots. They pen-
etrate the epidermis, and an aseptate, irregular myce-
lium grows between the cells of the root cortex. Curious
hyphal coils called pelotons may form between and
within the cells of the outer cortex. Arbuscules (special,
dichotomously branched haustoria) then develop intra-
cellularly and serve as the site of nutrient and carbon
exchange. These structures last for only 4 —15 days before
hyphal content is withdrawn and the arbuscules disinte-
grate. Vesicles may be produced intra- or intercellularly.
These ovate to spherical structures contain storage lipids
and may also serve as propagules. The fungus reproduces
asexually via chlamydospores that form internally or on
external hyphae that may extend as far as 1 cm from the
surface of the root. As the sexual state of these fungi is
unknown, the taxonomy of this group has been tradition-
ally based on characters such as chlamydospore morphol-
ogy and content. Newer molecular methods are helping to
redefine phylogenetic relationships among these species
of fungi.

Although there are relatively few glomeralean species,
many host plants can accept more than one mycorrhizal
endophyte. The ability of an endophyte to infect a certain
host often depends on environmental conditions rather

than host specificity. For example, a strain of a single
species indigenous to a certain area may successfully
compete with a nonindigenous strain of the same species
introduced into the soil, suggesting that certain strains
may adapt to local environmental conditions.

Orchidaceous

This group includes those fungi that form associations
with members of the orchid family. In nature, fungal
hyphae penetrate the protocorms of orchids during the
saprophytic stage, enabling the seedlings to continue
development. Hyphal pelotons that form intracellu-
larly greatly increase the surface area needed for the
movement of carbon and minerals to the orchid plant.
Orchidaceous mycorrhizal fungi are primarily basid-
iomycetes, most of which form imperfect stages in the
genus Rhizoctonia.

Ericaceous

In this group, fungi in Ascomycota and Basidiomycota
form associations with plants in Ericales (e.g., rhododen-
dron, blueberry, heather, Pacific madrone, bearberry, and
Indian pipe). In most associations, penetration of cortical
cells by the fungus occurs, but arbuscules do not form.
A mantle or sheath may form on the root surface and in
some cases a Hartig net may be present. An interesting
example of an ericaceous mycorrhizal relationship is the
one between several Boletus species (Basidiomycota) and
Monotropa, or Indian pipe. This plant is a white, uniflo-
ral (produces a single flower), achlorophyllous (without
chlorophyll), parasitic plant (Chapter 17) that receives all
of its carbon and nutrients from trees via a connecting
mycorrhizal fungus.

SIGNIFICANCE OF THE MYCORRHIZAL ASSOCIATION

Mycorrhizal fungi, in essence, act as root hairs. Fungal
mycelia explore large volumes of soil and retrieve and
translocate nutrients that may be otherwise unavailable
to the host. The success of the mycorrhizal relationship is
probably due to its long evolutionary history, its economy
(fungal mycelium is less “expensive” for a host to main-
tain than an extensive system of root hairs), and its effi-
ciency (fungi produce phosphatase enzymes that readily
solubilize phosphorus from soil particles).

Hosts associated with a mycorrhizal fungus often
exhibit an increase in growth, which is attributed to an
increase in phosphorus nutrition of the plant. External
mycelium effectively increase the phosphorus depletion
zone around each root, and the phosphorus absorbed
by the fungal mycelium is translocated to the site of
nutrient exchange (such as arbuscules or the Hartig net)
and is released to the host. Fertilizer high in phospho-
rus and nitrogen reduces mycorrhizal infectivity and
sporulation in host plants.
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The mycorrhizal relationship benefits plants in other
ways, as well. Ectomycorrhizae, for example, play a role
in protecting plants from plant pathogenic organisms; the
mantle acts as a physical barrier. Some ericoid mycorrhi-
zae produce antimicrobial compounds that inhibit other
competing organisms. In a broader sense, mycorrhizae
serve to interconnect individuals within a plant commu-
nity, thus mature plants can “nurture” seedlings in a com-
munity buffering effect.

The fungi benefit from the association in that a high
percentage of photosynthate manufactured by the host is
translocated to the fungal symbiont. Host sugars (glucose
and sucrose) obtained by the fungus are used to produce
new hyphae or are converted to glycogen and stored in
vesicles or other structures.
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8 Oomycota

The Fungus-Like Organisms

Robert N. Trigiano, Otmar Spring, Alan S. Windham,
Richard E. Baird, Steven N. Jeffers, and Kurt H. Lamour

CoNcCEPT Box

* Oomycota are heterotrophic fungus-like organisms of the kingdom Stramenopila with diploid motile spores.

e The group is characterized by the production of oospores, thick-walled resting spores resulting from sexual repro-
duction and capable of surviving adverse environmental conditions.

e Sexual reproduction is usually by gametangial contact between oogonia and antheridia where meiosis occurs;
asexual reproduction is typically by motile, biflagellate sporangiospores (zoospores), or sporangia, which may

release zoospores or germinate via a germ tube.

* Hyphae are typically coenocytic (solid septa may be present at the base of reproductive structures or in old and
damaged hyphae), are relatively large (6—10 um diameter), contain cellulose in the wall, and have diploid (2N)

nuclei.

e Species in this group ecologically range from saprophytes to obligate parasites. Most of the more important plant
pathogens are classified in Peronosporales and Albuginales.

The phylum Oomycota (class Oomycetes) encompasses
an incredibly diverse group of organisms that were for
many years considered true fungi or at the very least
were always included in the study of fungi. Most mycolo-
gists and other biologists recognized that the oomycetes,
although being achlorophyllous and having mycelium-
like colonies, were somewhat different and did not fit the
conventional and prevailing concept of true fungi. The
oomycetes have been categorized into different king-
doms and other groups in the past, and some confusion of
their taxonomic status still exists today. For the purposes
of this chapter, we will follow Alexopoulos et al. (1996)
and place them in the kingdom Stramenopila (Ribeiro,
2013). In addition, by convention and for the purposes
of this chapter, we will continue to use terms such as
hyphae and mycelium, which are typically reserved for
true fungi.

The oomycetes include organisms ranging along
a continuum from saprophytic to obligately parasitic.
Some are strictly aquatic, whereas others are terres-
trial; in essence, they occupy widely divergent habitats.
Whatever their mode of nutrition or ecological niche,
all species share some morphological and physiological

characteristics. The following is not an exhaustive
list, but these primary features readily distinguish the
oomycetes from all other plant pathogens, including the
true fungi.

» Thelife cycles of oomycetes can be best described
as diplontic; that is, for the vast majority of their
life history, the ploidy level of the nuclei is dip-
loid (2n). Haploid nuclei are found only in the
gametangia where meiosis occurs. Compare this
to the true fungi that have typical haplontic life
cycles where nuclei are haploid (r) or may exist
as a dikaryon (n + n), another functional varia-
tion of haploid. The zygote is the only diploid
structure in most true fungi.

* Hyphae are generally coenocytic, but solid (no
pores) septa or crosswalls do occur at the base of
reproductive structures and in older portions of
the mycelium (Figure 8.1). Hyphal walls contain
some cellulose, which is not typically found in
true fungi and is more characteristic of plants.
Most true fungi have some amount of chitin in
their walls.
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* Sexual reproduction occurs by gametangial
contact between oogonia and antheridia. The
resulting thick-walled oospore, which is diploid,
is the resting or overwintering spore for many
species (Figure 8.2).

FIGURE 8.1 Transmission electron micrograph of a septum
in old intercellular hyphae of Peronospora tabacina. Bar =
1 um. (From Trigiano et al., Tob. Sci., 29, 116—121, 1985. With
permission.)

Robert N. Trigiano, et al.

* Asexual reproduction by the vast majority of
species is by zoospores produced in sporangia.
Typically, many more-or-less kidney-shaped
zoospores, each with one tinsel flagellum
directed forward and one whiplash flagellum
facing behind, are cleaved from the cytoplasm
in the sporangium or in a vesicle. Some mem-
bers of the downy mildews do not produce zoo-
spores; instead, they germinate directly to form
hyphae from sporangia. Note that many authors
consider the ‘“sporangia” of the downy mil-
dews, a group of obligate plant parasites in the
Oomycetes (Peronosporaceae), to be “conidia.”
However, for the purposes of this chapter, we
will refer to these structures as sporangia.

» Several biochemical synthetic pathways and
storage compounds in the oomycetes are very
different from those present in true fungi.

Just as there is confusion as to the placement of mem-
bers of the phylum Oomycota in a kingdom, there is
also discussion on how the phylum should be divided
into classes and orders. Most mycologists and plant
pathologists agree that there should be about 10 recog-
nized orders in the phylum. Most of the important plant
pathogens fall into two orders: the Peronosporales and
the Albuginales (Figure 8.3), and most fall into the fami-
lies Peronosporaceae, Pythiaceae, and Albuginaceae
(Figure 8.3 and Table 8.1). Notorious and damaging
organisms such as the downy mildews, the 100+ spe-
cies of Phytophthora, and the white blister rusts are
included in these families. There are also several spe-
cies of Aphanomyces included in the Saprolegniales
(Saprolegniaceae) that can cause root rots of field crops
such as alfalfa, peas, and sugar beets. Although this fam-
ily is primarily composed of saprophytic organisms,
some species cause diseases of fish. These organisms will
not be discussed in this chapter.

The species in Peronosporales are very diverse
and include soil-inhabiting facultative parasites, such

FIGURE 8.2 Oospores of two downy mildew species. (a) Scanning electron micrograph of two oospores of Peronospora tabacina
in tobacco tissue. Notice the ornamented spore wall. Bar = 10 um. Oospores of P. tabacina are rarely observed. (b) An oospore
of Plasmopara obducens in impatiens stem tissue. Notice the thick oospore wall. Bar = 10 pm. ([a] Courtesy of R.N. Trigiano. [b]

Courtesy of A.S. Windham.)
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FIGURE 8.3 Phylogenetic relationships within Peronosporales compared with Albuginales. Downy mildew genera include the
following: *Peronospora and Pseudoperonospora; **Hyaloperonospora and Perofascia; ***Basidiophora, Benua, Bremia,
Novotelnova, Paraperonospora, Plasmopara, Plasmoverna, and Protobremia; ****Eraphthora, Graminivora, Peronosclerospora,
Poakatesthia, Sclerophthora, Sclerospora, and Viennotia. White blister rusts (Albuginales) genera include the following: Albugo,
Pustula, and Wilsoniana. Numbers in the boxes indicate approximate number of species. (Adapted from Thines, M., Phytophthora:
A Global Perspective, CAB International, Oxfordshire, 2013. With permission.)

TABLE 8.1

Two Classification Schemes for Plant Pathogenic Genera of Saprolegniales, Peronosporales, and Albuginales

Classification System (sensu Alexopoulos et al.,
1996)

Order: Saprolegniales
Family: Saprolegniaceae
Genus: Aphanomyces
Subclass: Peronosoporomycetidae
Order: Peronosporales
Family: Pythiaceae
Genera: Pythium and Phytophthora
Family: Peronosporaceae
Genera: Downy mildews (e.g., Peronospora, Plasmopara, Bremia,
etc. (about 10)
Family: Albuginaceae

Genus: Albugo

Classification System (sensu Thines, 2013; Thines
and Spring, 2005)

Order: Saprolegniales
Family: Saprolegniaceae
Genus: Aphanomyces
Subclass: Peronosoporomycetidae
Order: Peronosporales
Family: Pythiaceae
Genus: Pythium
Family: Peronosporaceae
Genera: Downy mildews (e.g., Peronospora, Plasmopara, Bremia,
etc. (about 20), Phytophthora
Subclass: Albuginomycetidae
Order: Albuginales
Family: Albuginaceae
Genera: Albugo, Pustula, Wilsononia
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as Pythium and some Phytophthora species that cause
seedling diseases, wilts and root and seed rots; other
Phytophthora species are facultative saprophytes that
cause aerial (stem and leaf) blights, and root rots; and
the obligate parasitic downy mildews. The white (blis-
ter) rusts, classified in the genera Albugo, Pustula, and
Wilsoniana of the Albuginales (Albuginaceae; Table 8.1),
are also obligate parasites that typically attack only the
aerial portions of plants.

The Peronosporales can be further subdivided into
the following three major families based primarily on
characteristics of sporangia and sporangiophores, eco-
logical niche, biotroph versus necrotroph, and more
recently, by molecular data: Pythiaceae, Peronosporaceae,
and Salisapiliaceae (Table 8.1). The dozen or so species
in the Salisapiliaceae are primary inhabitants of saline
or brackish habitats, and these are not discussed fur-
ther here. Albuginales is composed of a single family,
the Albuginaceae. Species in Pythiaceae have sporangia
that are borne variously, but not in chains, on somatic
hyphae or on sporangiophores of indeterminate growth
(grows continuously). This family includes plant patho-
genic species in the genus Pythium. About 20 genera
classified in the Peronosporaceae form sporangia on well-
defined, branched sporangiophores of determinate growth
(Hawksworth et al., 1995). This family includes the downy
mildew organisms (some common genera: Peronospora,
Plasmopara, Bremia, and Pseudoperonospora) and many
species of Phytophthora. For many years, classification
of Phytophthora species into a family was uncertain,
and until recently, many considered the genus to belong
in the Pythiaceae. However, with advanced molecular
techniques, it became clear that the genus Phytophthora
should be classified in the Peronosporaceae (Thines, 2013).
Albuginaceae contains the following three genera: Albugo,
Pustula, and Wilsoniana, which produce chains of spo-
rangia on club-shaped sporangiophores of indeterminate
growth below the epidermis of the host plant. The species
of Albuginaceae are known as the white rusts or the white
blister rusts. For a more extensive treatment of the taxon-
omy of the Peronosporales and Albuginales (Figure 8.3),
refer to Thines (2013) and Beakes and Sekimota (2009).

PYTHIACEAE

The family encompasses 10 genera (Hawksworth
et al., 1995) and includes plant pathogenic Pythium spe-
cies. Many soilborne species of Pythium are not plant
pathogens.

PYTHIUM

According to Thines (2013), there are about 300 species
of Pythium and more are being described each year. Many
species cause seed and root rots and pre- and post-emer-
gence damping-off of many greenhouse and field crops.

Robert N. Trigiano, et al.

In preemergence damping-off, the germinating seedling
is attacked, colonized, and killed before breaking through
to the soil surface. Often, seedlings will emerge from soil
and immediately begin to wilt (postemergence damping-
off). In this scenario, the young feeder roots are destroyed
and cortical tissues of the primary root are invaded by the
pathogen. Dark, water-soaked lesions develop on the stem
at the soil line. Extracellular hydrolytic enzymes, various
pectinases, cellulases, and hemicellulases produced by the
pathogen degrade cell walls and cause plant tissues to lose
their structural integrity. When the seedlings can no lon-
ger support themselves, they collapse and fall onto the soil
surface (damping-off; Figure 8.4). Often and especially in
high humidity environments such as greenhouses, white,
watery-appearing mycelia can be seen growing on the
rotting remains of the shoots. Pythium root diseases can
also severely damage established plants in the greenhouse
(Figure 8.5) and field. Plant roots often lack the small feeder
roots, and secondary roots are discolored (brown or black).
The first symptom noticed on shoots is wilting and some
will possibly exhibit mineral deficiencies. Older plants

?'{'L sl

FIGURE 8.4 Damping-off of Boston ivy caused by Pythium
species. Note the dead roots and stems near the soil line.
(Courtesy of A.S. Windham.)

FIGURE 8.5 Root rot of chrysanthemum caused by Pythium
species. Note the discoloration of roots. Healthy roots should
be white. (Courtesy of A.S. Windham.)
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infected with Pythium can also exhibit necrotic, watery-
appearing lesions on the stem (Figure 8.6). Pythium blight
has become a serious problem of turfgrass, especially on
high-value sports fields and golf courses (Figure 8.7).

The life history of Pythium debaryanum (Figure 8.8)
is generally representative of most Pythium and other
oomycete species in that meiosis occurs in gametangia,
diploid oospores are the resting or overwintering spore,
and biflagellated zoospores are produced. Pythium species
survive in soil as somatic hyphae or oospores. Zoospores
from sporangia and/or oospores are attracted to roots
where they encyst and germinate to infect tissue. Somatic
hyphae may also directly infect roots. Hyphae grow inter-
cellularly within host tissue and do not produce haustoria.
The asexual part of the life cycle is completed with the for-
mation of sporangia. Sporangia may be indistinguishable

FIGURE 8.6 Black leg of geranium caused by Pythium
ultimum. Note the necrotic stem lesions. (Courtesy of A.S.
Windham.)

FIGURE 8.7 Pythium blight of turfgrass (tall fescue). (a)
Pythium blight of a tall fescue plot. Notice the irregular brown
patches. (b) Mycelium of Pythium sp. growing on tall fescue.
(Courtesy of A.S. Windham.)
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from somatic hyphae or be quite distinct depending on the
species. The contents of sporangia migrate into vesicles
where zoospores are differentiated. Vesicles burst and
zoospores are liberated to the surrounding environment.
Sexual reproduction is initiated with the differentiation of
gametangia (antheridia and oogonia) from somatic hyphae.
There are a few heterothallic Pythium species, which
require different mating types, but most are homothal-
lic where both gametangia involved in the sexual process
may arise from the same hyphae or they may be formed
on different hyphae of the same individual that are located
nearby each other. One or more antheridia contact a single
oogonium and meiosis occurs, reducing the ploidy of the
nuclei in the gametangia to haploid. A nucleus or nuclei
from an antheridium passes into the oosphere (plasmog-
amy) and eventually fuses with a nucleus or nuclei in the
oosphere (karyogamy) to restore the diploid condition. The
oosphere develops a smooth thick wall, which is capable of
germinating after a resting period. Oospores may germi-
nate directly via a germ tube or by zoospores depending
on the prevailing environmental (primarily temperature)
conditions to initiate infection. Some of the more impor-
tant Pythium species include P. aphanidermatum,
P. debaryanum, and P. ultimum.

Unfortunately, host resistance to Pythium species is
not available for field and greenhouse crops. Control of
these diseases is primarily through cultural practices and
fungicides, although there are some biocontrol strategies
for some oomycetes. Good soil drainage and management
of soil moisture are important cultural practices used to
control diseases caused by Pythium species in both field
and greenhouse situations. Sound nutritional manage-
ment of the crop, especially avoiding excess nitrogen fer-
tilization, can help to prevent diseases by these organisms.
Crop rotation using nonhosts may also be an effective
management tactic. In nursery crops, adoption of com-
posted hardwood bark as a container medium instead of
peat has helped manage root rot diseases. Seedbeds and
greenhouse benches can be treated with captan or other
contact fungicides to prevent damping-off. Systemic fun-
gicides such as metalaxyl (specific for the oomycetes) can
be used to either prevent or control root rots.

PERONOSPORACEAE

PHYTOPHTHORA

There are approximately 100 species of Phytophthora
(Thines, 2013), but with the advent of molecular tech-
niques in recent years, this number is rapidly growing.
Phytophthora species cause many of the same types
of diseases as Pythium species on the same plants
(Table 8.2) and thus may be easily confused with one
another when only considering symptomology. In addi-
tion, they can cause a number of other diseases, including
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FIGURE 8.8 Life history of Pythium debaryanum. (Drawing by R.W. Scheetz. Reprinted from Alexopoulos, C. J., Mims, C. W.,
and Blackwell, M., Introductory Mycology, John Wiley & Sons, NY, 1996. With permission.)

foliar blights of field, nursery, forest, and greenhouse
crops (Figure 8.9).

The life history of Phytophthora species differs in
detail compared with that exhibited by Pythium spe-
cies. The most notable difference between the two gen-
era is that zoospores are delimited and functional within
the sporangium for species of Phytophthora, whereas
in Pythium species, zoospores are formed from the

cytoplasm of sporangia that has migrated into a vesicle.
Phytophthora species also have indeterminate sporan-
gia, but many species have very differentiated sporan-
giophores and/or sporangia (Figure 8.10). For example,
Phytophthora infestans produces sympodially branched
sporangiophores, which have swollen nodes, and produces
lemon-shaped, papillate sporangia. Some Phytophthora
species produce haustoria, unlike Pythium species.
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TABLE 8.2
Some Common Diseases Caused by Phytophthora
Species

Phytophthora Disease
Species
P. fragariae Red stele of strawberry

P. megasperma Root and stem rot of soybean

P. parasitica Black shank of tobacco
P. citrophthora Foot rot of citrus

P. cinnamomi Root rots of forest and nursery crops and avocado

P. capsici Cucurbits (squash, pumpkins), tomato, peppers
P. ramorum Sudden oak death (SOD)
P. infestans Late blight of potato and tomato

P. palmivora Black pod of cacao

FIGURE 8.9 Foliar blight of impatiens caused by Phytophthora
species. (Courtesy of A.S. Windham.)
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Phytophthora infestans: late blight of potato (and
tomato). P. infestans is the most well-known member of
the genus. The Irish famine of 1845 and 1846 caused by
P. infestans was largely responsible for the deaths of many
who were overly dependent on the potato crop and for the
subsequent mass emigration to the United States. Along
with a few other species, it is also the most extensively stud-
ied species because of its economic impact on agriculture
and history. This organism is heterothallic and requires two
mating types for sexual reproduction by gametangial con-
tact. Sexual reproduction is not necessary for the survival
of the organism as the mycelium may survive in infected
tubers. The disease can be initiated when infected tubers
are planted or when volunteer potatoes sprout in the spring.
Under favorable environmental conditions (cool and moist),
the pathogen grows into the shoot, and after sufficient
time, a matter of days, sporangia on sporangiophores will
emerge through stomata on the bottom surface of leaves.
Sporangia are dispersed by air currents and rain to other
plants and deposited on the soil surface. Typically less than
10 biflagellated zoospores form and are liberated from
each sporangium. Zoospores that land on leaves encyst
and then germinate via germ tubes. Germ tubes form
appressoria that penetrate the leaf surface either directly
or indirectly through stomata. Sporangia that are in soil
also produce zoospores, which may infect the existing or
developing tubers. Under favorable conditions, many gen-
erations or cycles of sporangia are produced to infect plants.
Late blight is a polycyclic disease and may quickly dev-
astate entire fields. As the pathogen grows and produces
sporangia, host tissue is destroyed, which creates lesions
that coalesce. Often the entire shoot portion of the plant
is destroyed, and yield is dramatically reduced. Infected
tubers are often small with sunken lesions, stained purple
or brown, and may have an offensive odor due to secondary
bacterial and fungal invaders.

Control of late blight of potatoes is accomplished
using several tactics. Seed potatoes should be free of the
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FIGURE 8.10 Sporangiophores and sporangia of a Phytophthora species. (a) A stained sporangiophore (SP) and oblong-shaped
sporangium (S) with prominent papillae (P) of P. capsici. Bar = 20 um. (b) Sporangia (S) of P. nicotianae. Arrows point to papillae
on the sporangia. The zoospores have not differentiated within the sporangia. Bar = 20 um. ([a] Courtesy of K. Lamour. [b] Courtesy

of A.S. Windham.)
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pathogen; volunteer plants should be rouged and infected
debris from any previous potato crop destroyed. Disease-
resistant varieties should be used when possible, although
resistance may be broken by environmental conditions
favorable to pathogen development, or when new strains
of the pathogen develop. Contact fungicides can be applied
at prescribed intervals, according to disease development
models based on temperature and moisture. Metalaxyl, a
systemic fungicide specific for the oomycetes, has been
used extensively to protect crops. However, an increasing
number of reports indicate resistance to the fungicide.
Control of other diseases caused by Phytophthora
species is similar to control tactics used for Pythium spe-
cies. Well-drained soils and careful management of soil
moisture will help minimize damage by these pathogens
to many crops. For greenhouse crops, growing media and
containers should be decontaminated to ensure that patho-
gen propagules are killed. Composted hardwood bark has
been used to control disease in container nursery crops.
Unlike diseases caused by Pythium, there are a number of
crops species (fruits, etc.) in which disease-resistant vari-
eties are available. Systemic fungicides such as metalaxyl
and fosethyl-Al are commonly used to protect various crops
from infection. The regulation and plant losses caused by
Phytophthora ramorum in woody ornamental nurseries
in the United States have prompted an integrated disease
management program by progressive growers (see Case
Study 8.1). This systems approach examines critical control

CASE STUDY 8.1

Robert N. Trigiano, et al.

points such as plant procurement, propagation, irrigation,
and media storage to minimize the introduction, spread,
and growth of P. ramorum (Figure 8.11). Phytophthora
capsici is another pathogen that causes widespread dam-
age to many crop species, especially cucurbits. Provided
favorable environmental conditions, the pathogen can dev-
astate crops quickly. The disease is very difficult to control
(Figure 8.12, Case Study 8.2).

FIGURE 8.11 Phytophthora ramorum mycelium (arrow),
the cause of sudden oak death, expanding from a piece of
Rhododendron leaf onto selective agar medium. (Courtesy of
K. Lamour.)

SupbpeEN OAK DEATH—NEITHER UNIQUE TO OAKS NOR SUDDEN

e Sudden oak death (SOD) is caused by the oomycete P. ramorum, which is a species that attacks a wide variety

of woody hosts and is under intense regulation by the European and the U.S. government agencies.

e P. ramorum was isolated from bleeding stem cankers on tanoak and coast live oak in California in the mid-

1990s, which led to the common name ‘“‘sudden oak death.”

e The time from infection to tree death can be from months to years.

Areas on the west coast of the United States that are known to be affected by the disease are currently under

quarantine and plant production facilities and are routinely inspected and tested for the presence of P. ramorum.

P. ramorum was primarily responsible for the “Systems Approach” movement for procuring and producing

healthy woody ornamental in nurseries.

The pathogen is primarily isolated from aboveground plant parts and has been isolated on numerous occa-

sions from plants shipped to many other areas of the United States (Figure 8.11).

It is spread via rain splash, infested soil, and infected plant material.

P. ramorum is an obligately outcrossing species.

* Makes abundant thick-walled asexual chlamydospores.

» Epidemics in the United States likely comprise one to two clonal lineages of P. ramorum.

* Does not appear to be completing the sexual stage in natural epidemic populations.

The Joint Genome Institute, U.S. Department of Energy, completed a whole-genome sequence in 2004.

* Contains a large gene family of rapidly evolving “effector” proteins that play a key role in overcoming
plant defenses.
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PERONOSPORACEAE—THE DOWNY MILDEWS

The downy mildews are obligate, biotrophic para-
sites of aerial portions of flowering plants and belong
to Peronosporaceae. There are almost 20 genera in the
family (Figure 8.3). Some genera can be distinguished
by the highly differentiated branching patterns of spo-
rangiophores that always exhibit determinate growth
(Figure 8.13), host range restriction (only occurring on
Brassica species [Hyaloperonospora and Perofascial)
with hyaline sporangia, production of colored sporangia

FIGURE 8.12 Vegetable blight caused by Phytophthora
capsici. Note the white areas on the fruit, which are millions
of sporangiophores and sporangia produced by the pathogen.
(Courtesy of K. Lamour.)

CASE STUDY 8.2

VEGETABLE BLIGHT CAUSED BY PHYTOPHTHORA CAPSICI
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(Peronospora and Pseudoperonospora), shape of haus-
toria (e.g., Basidiophora, Bremia, Plasmopara, and
others), only occurring on grasses (Graminivora,
Peronosclerospora, and others), and all genera are dif-
ferentiated by molecular methodologies. Thines (2013)
provides a complete listing of genera and classification.
Sporangiophores emerge through stomata predominately
on the lower leaf surface, and they develop completely
before any sporangia are formed. Formation of spo-
rangia on individual sporangiophores is synchronous
(Figure 8.14), and mature sporangia are disseminated by
air currents. The sporangia of many species germinate
by producing biflagellated zoospores, characteristic of
Oomycota. However, sporangia of Pseudoperonospora
and Peronospora and some species of Bremia germinate
via a germ tube and for this reason (among others), the
sporangia have been termed conidia by some authors.
Regardless of the mode of sporangial germination, these
propagules serve to infect either healthy plants or healthy
tissue remaining on an infected plant. They penetrate the
leaf surfaces directly either through the epidermal wall
or through stomata. Intercellular hyphae ramify through-
out the mesophyll and establish haustoria within the host
cells (Figure 8.15a and b). The infection may be localized
in a leaf or become systemic in the plant. When suffi-
cient energy has become available to the organisms and
when environmental conditions are satisfactory, usually
cool temperatures with high humidity and darkness, spo-
rangiophores and sporangia are produced and initiate the
disease cycle over again. Many crops of sporangia can be
produced in a growing season, and thus diseases caused

The oomycete plant pathogen Phytophthora capsici is an introduced species that causes serious crop loss to tomato,
pepper, eggplant, snap, pumpkins, lima beans, and all cucurbits at locations worldwide.

e P. capsici attacks all parts of a plant including root, stem, foliage, and fruit.

e P. capsici produces millions of deciduous (caducous) lemon-shaped spores (sporangia) on the surface of the

infected tissue (Figure 8.12).

¢ Disease is favored by warm and wet conditions. A single rainstorm can lead to the rapid and devastating

spread within a field.

* P. capsici is one of the few outcrossing (heterothallic) species of Phytophthora to complete the sexual stage

and produce thick-walled sexual spores (oospores) in nature.

* Thick-walled oospores remain dormant for years and germinate to produce genetically diverse strains, which

are the products of meiosis.

* Once P. capsici has been introduced into a field, it is very difficult to eradicate.

* A recent genome project resulted in a high-quality reference genome sequence, thousands of new molecular

markers, and a dense genetic linkage map.

» Disease is very difficult to control, and vegetable plant breeders are working to develop resistant vegetable

varieties.
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Basidiophora

Bremia

Peronospora

FIGURE 8.13 Sporangiophores characteristic of five downy
mildew genera of the Peronosporaceae. (Reprinted from
Alexopoulos, C.J., Mims, C. W., and Blackwell, M., Introductory
Mycology, John Wiley & Sons, NY, 1996. With permission.)

FIGURE 8.14 Scanning electron micrograph of synchro-
nous development of sporangia (S) on a sporangiophore (SP)
of Peronospora tabacina. Bar = 15 um. (From Trigiano et al.,
Tob. Sci., 29, 116121, 1985. With permission.)

Robert N. Trigiano, et al.

FIGURE 8.15 Haustoria of Peronospora tabacina in tobacco.
(a) Scanning electron micrograph of a finger-like haustorium
(arrow) in a host cell (HC). Bar = 2 pm. (b) Transmission elec-
tron micrograph of a developing (immature) haustorium (H) in
a host cell (HC). Notice the plasmalemma (cell membrane is
intact, see arrow). Bar = 1 um. (From Trigiano et al., Can. J.
Bot., 61, 3444-3453, 1983. With permission.)

FIGURE 8.16 Leaf blight and necrosis caused by tobacco
blue mold Peronospora tabacina. (Courtesy of O. Spring.)

by these organisms can be considered polycyclic. Sexual
reproduction is by gametangial contact. Ornamented or
nonornamented oospores are usually produced within
the host tissue and serve as overwintering structures
(Figure 8.2a and b). Oospores usually germinate directly
via germ tubes, but sometimes indirectly by forming a
germ sporangium or vesicle that produces zoospores.
Members of the downy mildews infect and cause dis-
eases in many plants, but in general, the susceptibility is
restricted to a single host species or genus, as expressed
in the specific epithet of the scientific name of the patho-
gen (Table 8.3). Probably the most well-known disease
in this group is downy mildew of grapes caused by
Plasmopara viticola (Figure 8.17). Briefly, a root aphid
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TABLE 8.3

Some Common Diseases Caused by Downy Mildews

Species

Bremia lactucae
Peronospora tabacina
Peronospora destructor
Peronospora antirrhini
Peronosclerospora sorghi
Plasmopara viticola
Plasmopara halstedii
Plasmopara obducens

Crop

Lettuce

Tobacco (blue mold)
Onion

Snapdragon
Sorghum

Grape

Sunflower

Impatiens

Pseudoperonospora cubensis Many cucurbit species
Pseudoperonospora humili Hops

Sclerophthora macrospora Cereal and grass species

FIGURE 8.17 Downy mildew of grape (Vitis vinifera) caused
by Plasmopara viticola. Sporangiophores and sporangia on
immature berries. (Courtesy of O. Spring.)

native to North America was introduced to France in the
mid-1860s with devastating consequences for the wine
industry. In an attempt to control the aphid, the wine pro-
ducers imported American rootstock, which had good
tolerance to the insects. Unbeknown to them, they also
imported P. viticola with the plants. The French grapes
were extremely susceptible to the disease, which threat-
ened the continued existence of the industry. In 1882,
Alexis Millardet noticed some vines that were sprayed
with copper sulfate (CuSO,) did not have the disease.
The owner of the vines had applied a mixture of cop-
per sulfate and lime to persuade passersby not to eat his
crop. Millardet, being a professor at a university, seized
upon his observation and developed the first fungicide,
Bordeaux mixture. Thus, the French wine industry had
solutions to the aphid and downy mildew problems.

In the recent years, downy mildews have become
major diseases of herbaceous ornamentals such as
Rudbeckia and Impatiens. A Plasmopara species and
Plasmopara obducens are pathogens of Rudbeckia and
Impatiens walleriana, respectively, in greenhouses,

FIGURE 8.18 Downy mildew of garden impatiens caused by
Plasmopara obducens. (a) A planting of impatiens defoliated
by downy mildew. (b) Sporangiophores and sporangia of P.
obducens (white) on the bottom surface of an impatiens leaf.
(Courtesy of A.S. Windham.)

nurseries, and landscapes (Figure 8.18). P. obducens has
become so widespread in the Eastern United States that
sales of 1. walleriana, one of the two most popular bed-
ding plants, have dropped by 75% or more. The movement
of plant material internationally is likely responsible for
the introduction of these fungi into the United States.

Varieties of some crops resistant to downy mildews
are available, but contact fungicides are still used to con-
trol diseases. More recently, systemic fungicides, includ-
ing metalaxyl and fosetyl-Al, which may or may not be
combined with contact fungicides, have been used suc-
cessfully to control downy mildew diseases. However,
in the last several years, some of the species, which
cause downy mildew diseases (e.g., Pseudoperonospora
cubensis—downy mildew of cucurbits [see Case Study
8.2] and Peronospora tabacina—blue mold of tobacco
[see Case Study 8.3 and Figure 8.18]) have developed
resistance to acylalanine class fungicides.

ALBUGINALES/ALBUGINACEAE—
THE WHITE (BLISTER) RUSTS

The white rusts are obligate plant parasites on flower-
ing plants and are represented by the genera Albugo,
Pustula, and Wilsoniana. Genera are differentiated
by host range with Albugo typically occurring on
Brassicaceae, Pustula on Asteridae, and Wilsoniana
on Caryophyllales. Albugo candida is the most com-
mon and economically relevant species and affects
numerous crops of Brassica, Raphanus, and Sinapis.
Another very frequently observed species is Albugo
ipomoeae-panduratae and is found growing in
sweet potatoes and, more frequently, in wild morn-
ing glory (Figure 8.19). Species are differentiated by
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CASE STUDY 8.3

PerONOSPORA TABACINA—BLUE MoLD oF ToBAcCcO

Blue mold of tobacco, the downy mildews. It is only a pathogen of Nicotiana (tobacco) species (Main, 2005).
All downy mildews are obligate plant parasites (cannot live and reproduce without a living host) and as such
form an intimate relationship with their host. These relationships are characterized by the formation of haus-
toria (Figure 8.15), which transport nutrients from the host to the intercellular hyphae.

Peronospora tabacina seldom reproduces sexually by oospores (Figure 8.2a), but is highly reproductive
asexually by sporangia (sporangiospores) borne on sporangiophores (Figure 8.14). Sporangia are the primary
mode of dissemination for this pathogen.

The disease may affect seedlings as well as older plants and derives its name from blue to grayish-blue mass
of sporangia and sporangiophores, which emerge from stomata on the undersurface of leaves with chlorotic
(yellow) lesions. These lesions will eventually turn brown or necrotic (Figure 8.16). Leaves or portions of
leaves may be “cupped.” The pathogen usually produces discrete lesions on leaves, but may also be found as
systemic infections, which may be common in some regions.

Peronospora tabacina probably does not overwinter in the United States and Canada in production fields.
Annual outbreaks and/or epidemics of the disease are initiated by sporangia arriving on wind currents from
tropical zones south of the 30th parallel.

Rapid disease development and spread are favored by cool, wet, and overcast conditions, whereas hot and dry

weather and UV irradiation in sunlight adversely affect disease development and spread.
* Some general strategies for controlling blue mold are as follows:

* Local management of tobacco crops
* Use more than one control method

* Make the environment less favorable for the pathogen and for the spread of the disease

» Use protective fungicides (see websites for details)

* Manage beds, greenhouses, and fields to favor the crop

¢ Also, see Ivors et al. (2006).

(@) ' (b)

FIGURE 8.19 Albugo ipomoeae-panduratae infecting morn-
ing glory. (a) Upper surface of leaf showing chlorotic lesions.
(b) White crusty pustules containing sporangia on the bottom
surface of a leaf. (Courtesy of A.S. Windham.)

host-specificity and oospore ornamentation. Pustula
and Wilsoniana are differentiated from Albugo by
having an equatorial, ring-type wall thickening in
zoosporangia. Pustula species are typically found
in the members of Asteraceae, and Pustula helian-
thicola causes a very serious disease in sunflower
(Figure 8.20). Wilsoniana potulacae is an impor-
tant pathogen of Portulaca oleraceae (Potulacaceae,
Caryophyllales), whereas W. amaranthi and W. bliti
are frequently found in Amaranthus species.

The life history of Albugo species is similar to that
exhibited by many other oomycetes except in the produc-
tion of sporangiophores and sporangia. The club-shaped
sporangiophores are contained within the host tissue, and
each sporangiophore produces several sporangia in the
intercellular space under the epidermis. While the apical
sporangium is globose, the subsequent sporangia in the
chain are box- or cube-like. In contrast to former assump-
tions that the pressure from growing sporangia finally
ruptures the epidermis, enzymatic digestion is the more
important factor in liberating the sporangia and forming
a white crust. Old pustules on morning glory may appear
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FIGURE 8.20 Infection of sunflower (Helianthusannuus)
by Pustula helianthicola. (a) Typical lesions caused by
P. helianthicola on leaves of sunflower (upper leaf surface).
(b) Scanning electron microscopy of a ruptured pustule
of P. helianthicola (lower leaf surface). Bar = 100 pum. (c)
Scanning electron micrograph of sporangiophores (SP) and
sporangia (S) within the pustule. Bar = 20 pm. (Courtesy of
O. Spring.)

orange to pink. Sporangia are disseminated by wind and
rain and germinate via zoospores. Zoospores encyst,
form germ tubes, and initiate infections in suitable host
plants. Oospores are formed by gametangial contact and
serve as resting spores.

The plant pathogens classified in Oomycota are an
interesting and distinct group of organisms. They cause
a number of economically important diseases and have
influenced the history of humans. There is no doubt that
with additional research we will understand their taxo-
nomic position better and learn more about the diseases
they cause and how to control them.

LABORATORY EXERCISES

The oomycetes occur worldwide in diverse ecosystems
including estuaries, lakes, oceans, rivers, and streams.
Taxa within the group, however, can also occur in agricul-
tural fields and in forest habitats growing as saprophytes
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or parasites of green plants. Because of the diversity of
oomycetes and because they are found in many different
environments, several representative experiments have
been included in this chapter to enable students to learn
more about the methods to study this unique group.

Many fascinating and intriguing experiments can
be conducted with the members of the oomycetes,
including those that are not plant pathogens. However,
we will be limiting consideration to some of the more
common species that cause plant diseases such as those
in the genera: Pythium, Phytophthora, and Albugo.
Soil-inhabiting species of Pythium and Phytophthora
are easy to grow and manipulate in axenic cultures,
whereas species of Peronospora and Albugo are obli-
gate parasites that require a living host to complete their
life cycles and cannot be grown in culture. Obligate
pathogens are difficult to work with in most experimen-
tal systems. Although these obligate pathogens are very
challenging to maintain, some educational and research
exercises can be completed with relative ease. As has
been emphasized throughout this book, secure the
proper permits to obtain and transport pathogens and
then destroy all experimental materials by autoclaving
or by other means when the experiments are completed.

The following experiments are designed to provide
hands-on experiences for students working with Pythium
species that cause root rots and damping-off of peas
and beans, isolation of Phytophthora species from dis-
eased plant tissues and directly from soil, sporangia, and
oospore formation by Pythium and Phytophthora in cul-
ture, and microscopic observation of Peronospora and
Albugo species in host materials.

ExPERIMENT 1. RooT RoTt oF BEAN AND
Peas CAUSED BY PYTHIUM SPECIES

Several Pythium species cause root and seed rots
of various crops. These diseases can devastate both
field-grown and greenhouse crops. This experiment is
designed to demonstrate the symptoms and signs of the
diseases.

Materials

Each student or team of students will require the follow-
ing items:

* Culture of P. ultimum or P. aphanidermatum;
cultures may be obtained from ATCC or col-
leagues with the proper permits

* Untreated (no fungicides) seeds of any cultivar(s)
of common edible beans (Phaseolus vulgaris)
and peas (Pisum sativum)

» Six plastic pots of 10 cm diameter, pot labels,
and permanent marker
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Follow the protocol listed in Procedure 8.1 to com-

Sand for plastic pots and pencil or large glass
rod for making holes in sand; autoclave sand
prior to use

Two plastic flats with pasteurized Promix or
other soilless medium and paper towels
Laboratory blender, scissors, and long transfer
forceps

250-mL flask containing 125 mL of sterile corn-
meal (CM) broth (Difco, Detroit, MI) and two
1000-mL beakers

Four Petri dishes of 10 cm diameter containing
CM agar (add 15 g agar to the above formulation)
Compound microscope and microscope slides

plete this experiment.

Robert N. Trigiano, et al.

Anticipated Results

Depending on the temperature at which the inoculated
plants are grown and the amount of inoculum applied,
symptoms of damping-off should be evident between 3
and 7 days with both bean and pea plants. The inoculated
plants should appear wilted at first, and then necrotic and
water-soaked lesions will occur on the stem at the soil
line. Infected plants will not be able to maintain stature
and will fall over. Plants whose roots are cut will typi-
cally display symptoms 1 or 2 days earlier than plants
with uncut roots. Roots of infected plants should appear
dark and very soft compared with white and firm roots
from uninoculated plants. Seeds treated with Pythium
will fail to germinate and rot, or germinate poorly with
the seedling succumbing to the disease very quickly. All
plants that are not treated with Pythium, including those

Procedure 8.1
Root and Seed Rots Caused by Pythium Species

Step

Instructions and Comments

10

Plant seeds in flats are filled with pasteurized soilless medium 7-10 days before the laboratory. Grow in a cool
greenhouse or laboratory. Each team of students will require at least 12 germinated seeds of each bean and pea.
Space seeds so that the roots of individual plants will not grow together and seedlings can be easily separated.
Inoculate the sterile CM broth in 250-mL flasks with several plugs from the margin of 5-day-old colonies of
either P. ultimum or P. aphanidermatum growing on CM agar dishes 1 week before the laboratory. Incubate
the liquid cultures at 18°C—22°C either on a slow (30 rpm) shaker or on a shelf in an incubator or laboratory.
Prepare an equal number of uninoculated flasks (medium without Pythium species).

Autoclave the sand the day before the experiment. This step is essential for the success of the exercise.
Gently remove the seedlings from the flats and wash the particles of soilless medium from the roots using tap
water. Store plants with roots wrapped in moist paper towels on the laboratory bench.

Swirl the liquid culture to remove hyphal growth from the glass and empty the contents of the flasks into the
blender. Add 375 mL of sterile distilled water and homogenize the mixture with short bursts (high speed) of
the blender. Pour the suspension into a 1000-mL beaker.

Dip the roots of three bean plants into the Pythium species suspension. Make three large holes in the sand
in each plastic pot using a pencil or glass rod. Be sure that sand is moist. Very gently plant the beans with as
little damage to the roots as possible. Label each pot: Pythium-intact roots. Repeat the procedure with pea
seedlings and label.

Trim about 25% of the root length from another group of three bean plants. Dip the remaining roots in the suspen-
sion and plant as in Step 6. Label the pot: Pythium cut roots. Repeat the procedure with pea seedlings and label.
Plant three bean seeds about 2 cm (0.5-1.0 inch) deep in a pot. Pour about half of the remaining Pythium
species homogenate onto the surface of the sand in the pot. Label the pot: Pythium bean seeds. Repeat the
procedure with pea seeds and label.

Repeat Steps 6—8 using the contents of an uninoculated flask mixed with 375 mL of sterile water for the dip
and drench treatments. Label pots according to the treatment.

Set the plants on a laboratory bench near a window and observe for symptom development. Water with dis-
tilled water and do not allow the sand to dry out.
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with cut roots, should grow normally unless a contami-
nating pathogenic Pythium species is present in the pot-
ting medium. Uninoculated seeds should germinate and
grow normally.

Questions
* What are the controls in this experiment and
why are they necessary?
* How would you complete Koch’s postulates for
this experiment?

EXPERIMENT 2. ISOLATION OF PHYTOPHTHORA
Species FRom PLANT Tissues AND SoiL

Many members of Pythiaceae (Pythium species) and
Peronosporaceae (Phytophthora species) are widely dis-
tributed in soils. They may survive for long periods with-
out a host. This exercise is designed to provide experience
isolating Phytophthora species from diseased plants and
infested soil using a selective medium.

Materials

Each student or group of students will need the following
items:

* Roots, stems, or leaves from diseased plants
(rhododendron, azalea, soybean, tomato, pep-
per, or tobacco work well)

* Soil sampling tool (2.5 cm diameter)

e Ice chest

» Paper towels and plastic bags

* Scalpel with #10 blade (caution: very sharp)

» Twenty, plastic Petri dishes of 10 cm diam-
eter containing PARPH medium (Jeffers and
Martin, 1986; Ferguson and Jeffers, 1999; Table
8.4)

* Incubator set at 20°C without light

* Sieves with 4- and 2-mm openings

» Several aliquots of 100 mL of 0.3% water agar
(3 gagar in 1 L of water) in 250-mL beakers

* Magnetic stirrer and stir bars

* One-mL wide-bore pipette and bulb or pump

» Top loading balance and plastic weigh boats

* Compound microscope and glass slides and
coverslips

Follow the protocol outlined in Procedure 8.2 to
complete this exercise.

Anticipated Results

Colonies of Phytophthora species should develop on
PARPH from both soil and diseased tissues between 24
and 72 h. Colonies of Pythium species may also develop
if hymexazol is omitted from the isolation medium
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TABLE 8.4
Growth/Isolation Media for Phytophthora Species

V8 Agar (V8A) Growth and Sporulation Medium
V8 juice?, 200 mL

CaCO,,2 ¢

Distilled water, 800 mL

Agar, 15 g

PARP(H) Isolation Medium
Delvocid (50% pimaricin): P, 10 mg
Sodium ampicillin: A, 250 mg
Rifamycin-SV (sodium salt): R, 10 mg
75% PCNB (Terraclor): P, 67 mg
Hymexazol®: H, 50 mg

Clarified V8 juice®, 50 mL

Agar, 15 g

Distilled water, 950 mL

Note: All antimicrobial amendments should be added after the base
agar medium has been autoclaved and cooled to 50°C-55°C
(autoclaved vessel can be held in hand without discomfort).

Clarified V8A (cV8A) can be made by stirring 200 mL V8 juice

with 2 g CaCO, for 15 min and then centrifuging for 10 min at

4000xg. Supernatant may be stored frozen at —20°C and use 100
mL with 900 mL water and 15 g agar to make cV8A.

® Inclusion is optional: hymexazol inhibits Pythium species.

¢ Corn meal agar (CMA) may be substituted for clarified V8 juice
and agar.

(PARP), or if there are hymexazol-tolerant Pythium spe-
cies present in the samples. Soil from sources without
infected plants may or may not contain Phytophthora
and Pythium species. Phytophthora colonies should not
develop on PARPH from healthy plant tissues.

Questions

*  What morphological characteristics would you
use to recognize and identify Pythium and
Phytophthora species?

*  What are the characteristics used to distinguish
Pythium and Phytophthora species from each
other?

e Can a plant be infected with Phytophthora and
Pythium species at the same time? Can soil be
infested with both genera?

EXPERIMENT 3. PRODUCTION OF SPORANGIA AND
OO0SPORES BY PHYTOPHTHORA AND PYTHIUM SPECIES

Many species of Phytophthora and Pythium will form
sporangia and oospores in culture if proper environmen-
tal conditions are provided. These simple experiments
are designed to allow students to observe asexual and
sexual reproduction in these genera.
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Procedure 8.2
Isolation of Phytophthora Species from Infected Plant Tissues

Step Instructions and Comments

1 Place roots and stem segments from diseased plants into plastic bags, and keep moist using damp towels.
Healthy plants should also be sampled. Transport the samples to the laboratory in a cool ice chest. Samples
should be kept in the dark.

2 In the laboratory, gently wash the tissues under running tap water for 5-10 min and blot excess moisture with
a paper towel.

3 Cut samples into 1-cm segments and place four segments on each of five PARPH Petri dishes. Each piece should
be pushed into the agar so that the tissues are surrounded by agar. Incubate the cultures at 20°C in the dark.

4  Observe colony growth on PARPH agar dishes after 48—72 h. Continue to examine the dishes for up to 1 week.
Transfer small pieces of mycelium from individual whitish-colored Phytophthora colonies to fresh dishes
containing PARPH medium and incubate at 20°C in the dark.

Isolation of Phytophthora Species from Soil

1 Collect soil cores up to 20 cm deep using a sampling tool approximately 2 cm in diameter. Collect 10 core
samples within 20 cm of target symptomatic plants and 10 samples of “noninfested” soil from around healthy-
appearing plants of the same type.

2 Place each set of 10 soil cores into separate and individually labeled plastic bags to make one infested and one
noninfested composite soil sample. Return the composite soil samples to the laboratory in a cool ice chest. All
samples should be stored in a dark, cool place until the assay begins.

3 Prepare each composite soil for isolation by breaking up the clods. Remove rocks and plant debris by first using
a coarse (4 mm) screen followed by a smaller screen (2 mm). Thoroughly mix the soil and return to plastic bags.

4  Add 50 mL of the infested soil to 100 mL of 0.3% water agar contained in a 400-mL beaker with a stir
bar. Place on a magnetic stirrer at high speed for about 3 min. Pipette 1-mL aliquots of the suspension onto
PARP(H) dishes. Evenly spread the suspension across the surface of the agar. Use up to five dishes per com-
posite soil sample. Repeat for the “noninfested” soil.

5 Incubate the dishes at 20°C in the dark for 48—72 h. Do not enclose dishes in plastic bags or boxes. Wash soil
from dishes under running tap water. Examine dishes with a dissecting microscope (30x to 50x) and count
colonies. Subculture from these colonies to fresh PARP(H) medium if desired. Subcultured colonies may be
saved for later identification. Compare the number of colonies from different locations and soil types.

Materials * Fine-tipped forceps.

e Several 60-mm plastic Petri dishes.

e VB8A and clarified V8A (Table 8.4).

* Centrifuge and Whatman #1 filter paper.

* Incubator or laboratory bench equipped with
fluorescent lights.

» Sterile plastic drinking straws.

Each team of students will require the following materials:

* Agar (CM) cultures of several homothallic species
of Pythium and Phytophthora (e.g., Phytophthora
cactorum or Phytophthora citricola).

* Freshly gathered grass (tall fescue, blue grass,
etc.) clippings autoclaved for 20 min on two suc- * Soil.
cessive days. * Nonsterile soil extract solution (NS-SES)—Stir

* Sterile distilled water (to enhance sexual repro- 15 g of soil in 1 L of distilled water for at least
duction in Pythium cultures, a drop of chloroform 4 h and allow the suspension to settle overnight.
containing cholesterol [1 mg in 10 mL chloroform] Decant the water and centrifuge for 10 min at
may be added to 8 mL of distilled water. Allow 4000 x g followed by filtration through Whatman

the chloroform to evaporate under a transfer hood
before adding grass or inoculating with Pythium).
Sharp scissors to cut grass.

# 1 filter paper (Jeffers and Aldwinckle, 1987).
Store the filtered soil extract in the refrigerator.
Dissecting and compound microscopes.
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* Microscope slides and coverslips.

» Lactoglycerol solution (lactic acid : glycerol 1:1
v:v) with 0.1% acid fuchsin.

* Brightly colored nail polish or Vaseline.

Follow the protocol in Procedure 8.3 to complete this
experiment.

Anticipated Results

Sporangia should form in all Pythium and Phytophthora
cultures in as little as 24—-48 h for many Pythium and
Phytophthora species in NS-SES. Gametangia and
oospores usually take 2—4 weeks to form in the cultures.

Questions

*  Why where homothallic species of Phytophthora
and Pythium used?

* Are all species of Phytophthora and Pythium
homothallic?

e What is the taxonomic significance of the origin
of antheridia?

*  What purpose do oospores serve in the life cycle
of these organisms?

» Assign a ploidy level (haploid or diploid) to each
of the structures seen in the cultures.
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EXPERIMENT 4. OBSERVING MORNING GLORY LEAF
TissUE INFECTED WITH ALBUGO IPOMOEAE-PANDURATAE

White rust of morning glory is very common. Infected
morning glory leaves have chlorotic halos on the upper
surface and white “pustules” on the lower surfaces of the
leaves (Figure 8.19). White pustules may appear pink and
very crusty in the fall.

Materials
Each student will require the following items:

* Morning glory leaves infected with A. ipomoeae-
panduratae (Figure 8.19)

* Compound microscope, glass microscope
slides, and coverslips

* Water in a dropper bottle

* Razor blades (caution: very sharp)

* 0.1% calcofluor in water

* Epifluorescense microscope equipped with
395—-420 nm excitation filter and 470 nm absorp-
tion filter

Follow the protocol in Procedure 8.4 to complete this
experiment.

Procedure 8.3

Production of Sporangia and Oospores by Pythium and Phytophthora Species

Step Instructions and Comments

1 Grow cultures of Pythium species on CM agar in 60-mm plastic Petri dishes at 20°C in darkness for 3 days.

2 Add 8 mL of sterile distilled water to a number of empty Petri dishes of 60 mm diameter. Separate and add 5—10
autoclaved blades of grass to the water. Remove several plugs of mycelium from the margin of the Pythium species
colony with a sterile plastic straw and cut into quarters with a sharp scalpel. Transfer four quarters to the Petri dish

with the blades of grass. Make sure that the agar pieces are in contact with the grass. Incubate at 20°C in the light.

3 Cultures may be observed weekly, with either a 40X dissecting scope, or individual pieces of grass from the

culture may be mounted in lactoglycerol (with or without acid fuschin) on microscope slides and viewed with

a compound microscope. The slide may be made semipermanent by painting the clean, dry edges of the cov-

erslip with nail polish. Draw and label all structures. To stimulate zoospore release from sporangia of Pythium

species, chill (2°C—4°C) the grass cultures for a few hours and then allow them to warm to room temperature.

Observe sporangia, vesicle formation, and zoospores with the aid of a dissecting microscope.
4  Transfer Phytophthora species cultures to V8A and incubate in the dark at 20°C—25°C for 48—72 h. Note that
the colonies should be at least 2 cm in diameter. Aseptically remove agar plugs (2 mm) near the margin of the

colony with a sterile drinking straw and place five of them into a sterile, empty Petri dish of 60 mm diameter.
5  Cover the agar plugs with 7-10 mL of NS-SES. Place dishes under continuous fluorescent lights at 20°C-25°C.
Observe plugs with a dissecting microscope after 12—24 h for sporangia or if not present, after an additional

24 h. Draw and label all structures.

6  To initiate oospore formation in the cultures of Phytophthora and Pythium species, transfer the organisms to

60-mm Petri dishes containing cV8A and incubate at 20°C-25°C in the dark. Microscopically examine the cul-

tures weekly for up to 6 weeks. Draw and label all structures. This procedure works well for homothallic species

of both Pythium and Phytophthora. Oospores are usually present after 2 weeks and are mature by 4 weeks.
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Procedure 8.4
Morphological Features of Albugo ipomoeae-panduratae in Infected Morning Glory Plants
Step Instructions and Comments

1 Observe pustules on morning glory leaves using a dissecting microscope (Figure 8.19).
2 With a razor blade, cut cross sections (as thin strips as possible) from morning glory leaves infected with

Albugo ipomoeae-panduratae and mount in water on a microscope slide. Try to include a portion of a pustule

in the section. Draw sporangia and pustule morphology.

3 Cut other thin sections of leaf tissue and pustules and mount in calcofluor solution. View these sections using
epifluorescense, and draw all pathogen and host structures. Caution: do not look directly at the UV light source.

Anticipated Results

Sectioned mounts of pustules should reveal many square-
or rectangular-shaped sporangia. Knob-like haustoria
may also be seen in host cells. Compare with a prepared
slide if these structures cannot be observed in the fresh
sections. If the tissue is observed with calcofluor, hyphae,
sporangia, and haustoria should “glow” white. Plant cell
walls will also “glow.”

Questions

*  Whyisitrelatively difficult to observe sporangio-
phores of Albugo compared with Peronospora?

e Why are Albugo sporangia box-shaped?

* Why does calcofluor stain Albugo structures?
Would it stain structures of most oomycetes?
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Non-Oomycota Zoosporic

Plant Pathogens

Sharon E. Mozley-Standridge, David Porter, and Marc A. Cubeta

CoNcEPT Box

e Several different unrelated lineages of plant pathogenic fungi and fungus-like organisms that reproduce by the

production of zoospores are represented in this chapter.

e Labyrinthula terrestris, Plasmodiophora brassicae, and Synchytrium macrosporum have been chosen here as
diverse examples of lesser-studied simple eukaryotic plant pathogens.

e The genus Labyrinthula in the kingdom Stramenopila shares a common ancestry with the Oomycota (Chapter 8).
Plasmodiophora appears to be in the Cercozoa, distantly related to Foraminifera, and Synchytrium is a chytrid,

in the kingdom Fungi.

* Knowledge and understanding of the phylogeny and taxonomy of genetically diverse assemblages of plant patho-
genic microorganisms can contribute to improved diagnosis and management of plant disease.

The scientific discipline of plant pathology is focused
largely on the study of microorganisms that cause dis-
ease (i.e., pathogens) on economically important species
of vascular plants, but plant pathologists must be familiar
with a wide variety of pathogens to ensure accurate iden-
tification of the causal agent for deploying economical
and environmentally sound, disease management strate-
gies. In addition, plant pathologists must also be able to
recognize a diverse range of plant-associated organisms
typically studied in related disciplines outside of plant
pathology (e.g., biology, botany, mycology, microbiology,
and zoology). Because of the need to be broadly trained,
we present here the background information and some
simple hands-on experiments for three unusual (and often
overlooked) plant pathogens, Plasmodiophora brassicae
Wor., Labyrinthula terrestris (DM Bigelow, MW Olsen,
and Gilb), and Synchytrium macrosporum Karling, which
all students of plant pathology should be familiar.

Plasmodiophora brassicae, L. terrestris, and S. mac-
rosporum are often referred to as “zoosporic fungi.”
Zoosporic fungi are found in several phylogenetically
unrelated groups of microorganisms that produce motile,
flagellated spores (zoospores), usually due to asexual
reproduction during some stage of their life (Fuller and
Jaworski, 1987).

Although the phrase “zoosporic fungi” is descriptive,
it does not have evolutionary or phylogenetic significance.

Zoosporic fungi are found in two different kingdoms of
eukaryotic organisms: the kingdom Fungi and the recently
named kingdom Stramenopila (or Straminipila) (Dick,
2001). One of the most basal branches of the kingdom
Fungi is the phylum Chytridiomycota, all of which are
zoosporic fungi. The more familiar (but not zoosporic)
Ascomycota, Basidiomycota, and Glomeromycota are also
in the kingdom Fungi. The phylum Zygomycota (Chapter
10)is currently being revised, and students should be aware
that several clades (Mucormycotina, Kickxellomycotina,
Zoopagomycotina, and Entomophthoromycotina) are
being used in place of the phylum until relationships can
be fully resolved (Hibbett et al., 2007). The zoosporic
fungi in the kingdom Stramenopila include hyphochy-
trids, labyrinthulids, and oomycetes. This kingdom rep-
resents an extremely diverse group of organisms, which
also includes photosynthetic organisms such as brown
algae, chrysophyte algae, and diatoms. Organisms clas-
sified in the phylum Chytridiomycota produce zoospores
that usually have a single, posteriorly directed, and
smooth flagellum, whereas organisms classified in the
kingdom Stramenopila (stramenopiles) are characterized
by the production of zoospores that usually have two fla-
gella (biflagellate), but always with tripartite tubular hairs
on the anterior flagellum (Dick, 2001; Figure 9.1). A fla-
gellum that possesses two rows of tripartite tubular hairs
is also referred to as a heterokont or tinsel flagellum
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(@) (b) ()

FIGURE 9.1 Zoospores of (a) Synchytrium macrosporum,
(b) Plasmodiophora brassicae, and (c) Labyrinthula zosterae.
The tripartite tubular hairs on the posterior flagellum of L. zos-
terae are not visible with a light microscope. (Illustration pre-
pared by Lynnette J. Gray, redrawn from zoospore diagrams in
Dick, M\W., Straminipilous Fungi, Springer, the Netherlands,
2001. With permission.)

(Kirk et al., 2001). While the flagella exhibited by zoo-
spores in each group can be seen by light microscopy,
details such as the tripartite hairs and diagnostic internal
features must be viewed using an electron microscope,
which can unfortunately limit proper identification.

The plasmodiophorids are often considered zoo-
sporic fungi because of their osmotrophic mode of nutri-
tion and production of zoospores, but are distantly related
to both the stramenopiles and chytrid fungi (Dick, 2001).
Recent molecular evidence suggests that the plasmodio-
phorids are in Cercozoa, a diverse group of protists that
includes Foraminifera (Archibald and Keeling, 2004). As
a group, the plasmodiophorids are obligate endoparasites
(biotrophs) of algae, fungi, protists, and plants. Some
plasmodiophorids are important pathogens of agricul-
tural crops and include P. brassicae (clubroot of cruci-
fers), Polymxya graminis (root diseases of cereals), and
Spongospora subterranea (powdery scab of potato). The
latter two pathogens can also transmit viruses that cause
plant diseases (Chapter 4).

Labyrinthulids produce a network of fine hyaline fila-
ments through which the characteristic spindle-shaped
cells move (called an ectoplasmic net), thus prompting some
researchers to classify them with the slime molds. However,
morphological, ultrastructural, and recent molecular data
place the labyrinthulids into the kingdom Stramenopila as
a sister group to the oomycetes (Chapter 8), clearly separat-
ing them from both the plasmodiophorids and true slime

molds (Porter, 1990; Baldauf and Doolittle, 1997; Honda
et al., 1999; Leander and Porter, 2001; Dick, 2001; Blanton
1990; Spiegel et al., 2004; Schaap et al., 2006). The laby-
rinthulids include organisms that are important decom-
posers and parasites of algae and plants in coastal marine
habitats. Labyrinthula zosterae Porter and Muehlstein is a
pathogen of eelgrass (Zostera marina L), an ecologically
important seagrass that forms vast subtidal meadows in
estuarine communities in temperate regions of the world.
Between 1934 and 1935, most populations of eelgrass pres-
ent in the North Atlantic were killed due to a pandemic
“wasting disease” caused by L. zosterae. Atlantic eelgrass
beds have partially recovered, but are not as extensive as
before the pandemic. L. zosterae is still associated with
localized dieback of eelgrass. Another pathogenic species
of labyrinthulid, L. terrestris, is responsible for rapid blight
disease of turfgrass (Bigelow et al., 2005). The unexpected
occurrence of a marine organism as the cause of an emerg-
ing disease of terrestrial grass may be the result of changes
in our cultural practices for turfgrass management, such as
the increased use of saline or reclaimed water for irriga-
tion. Certain other labyrinthulids are parasites of marine
invertebrates (Porter, 1986).

Chytrids are members of the phylum Chytridi-
omycota, the most basal clade within the kingdom Fungi
(James et al., 2006). Because of their early evolutionary
divergence, most chytrids exhibit certain characteristics
that are not shared by fungi in the phyla Ascomycota and
Basidiomycota, such as determinate growth and produc-
tion of zoospores via asexual reproduction. Chytrid spo-
rangia are microscopic in size and much smaller than the
fruiting bodies of most Ascomycota and Basidiomycota.
Although a large number of chytrid species are parasitic
on a wide variety of other organisms including fungi, only
a few plant hosts are economically important. Chytrids
often appear simple in form and structure on initial
examination, but their morphological characteristics can
exhibit considerable variation in shape and size. Chytrids
are of great ecological importance as decomposers of
a wide variety of biological substrates. For example, a
large number of chytrids degrade cellulose in the leaves
and stems of plants, whereas others can degrade chitin,
keratin, and sporopollenin, the latter is a biopolymer
associated with pollen grains that is highly resistant to
biological degradation (Sparrow, 1960). Chytrids present
within the rumen of certain herbivores (e.g., cows and
sheep) are also associated with the breakdown of cel-
lulosic substrates and provide much needed energy and
nutrients for the growth and development of animals.

Similar to other true fungi, chytrids have chitin in their
cell walls, flattened plate-like mitochondrial cristae, and
exhibit an absorptive mode of nutrition. However, unlike
all other members of the kingdom Fungi, chytrids repro-
duce by the formation of zoospores and lack true mycelium.
Chytrid zoospores differ from stramenopile zoospores by
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having only one posteriorly directed, smooth flagellum
(Figure 9.1). Because chytrids are microscopic and usually
determinant in their growth, they are often overlooked in the
environment but can be readily found and observed using
baiting techniques and a dissecting microscope. Although
chytrids are sometimes referred to as aquatic fungi or water
molds, chytrids are present and can be found nearly any-
where that water is available, including soil. A large num-
ber of chytrids are parasites of algae, fungi, plants, and even
frogs. Many chytrids can also exist as saprotrophs.

The genus Synchytrium has over 200 species that are
parasites of a wide range of algae and plants in fresh water
and terrestrial habitats. Synchytrium endobioticum is the
best-known species and is the causal agent of potato wart
disease (see Case Study 9.1). The fungus can also attack
tomato and noncultivated species of Solanum. Since the
initial discovery of potato wart in Hungary in 1896, this dis-
ease has been identified in most of the continents. Because
of the serious nature of potato wart, S. endobioticum was
placed on the list of quarantined organisms established
in 1912 by the United States Department of Agriculture
(USDA) under the Plant Protection Act. Canada and other
countries have also established quarantine laws to prevent
movement of this fungus on potatoes and in soil. A recent
outbreak of potato wart in a single field in Prince Edward
Island (PEI) in Canada in 2000 prompted the USDA to
impose a quarantine that banned importation of seed pota-
toes from PEI into the United States for 1 year. Potato wart
was also discovered in two additional fields on PEI in 2002.
The resting spores of S. endobioticum can survive for
20-30 years in soil (Agrios, 2005).

CASE STUDY 9.1

WART DISEASE OF POTATO
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Other chytrid pathogens of economically important
species of agricultural plants include Olpidium spp.
(infects roots of many plants and serves as a vector
for at least six viruses that cause plant diseases, see
Chapter 4), Physoderma alfalfae (causal agent of crown
wart of alfalfa) and Phyllachora maydis (causal agent of
brown spot of corn).

PLASMODIOPHORA BRASSICAE

Plasmodiophora brassicae is an important pathogen
of cultivated agricultural crops that belong to the mus-
tard family (Brassicaceae) (Figure 9.2). Members of this
plant family are often referred to as crucifers (because of
their cross-shaped flowers) or cole (which is German for
stem) crops and includes the following: broccoli, Brussels
sprouts, cabbage, Chinese cabbage, canola, cauliflower,
collards, kale, kohlrabi, mustard, radish, rape, rutabaga,
and turnip. Several additional genera of cultivated and
weed species of plants in the genera Alyssum, Amoracia,
Brassica, Camelina, Capsella, Erysimum, Iberis,
Lepidium, Lobularia, Lunaria, Matthiola, Nasturtium,
Raphanus, Rorippa, Sinapis, Sisymbrium, and Thlaspi are
also hosts for P. brassicae (Farr et al., 1995). Arabidopsis
thaliana, a mustard species known as mouse-ear cress,
widely employed as a model system in the genetic research
of plant development and plant—microbe interactions, is
also a host for P. brassicae (Siemens et al., 2002).
Plasmodiophora brassicae is a biotrophic (obligate)
parasite that causes a devastating disease of crucifers

e Potato wart is caused by the chytrid fungus Synchytrium endobioticum and is distributed worldwide. Wart

disease is of economic significance to the potato industry on an international scale.

e Synchytrium endobioticum is related genetically to S. macrosporum, but has a narrower host range and infects

plants in the family Solanaceae, such as potato and tomato.

» Potato wart disease is challenging to manage with traditional approaches such as breeding plants for resis-

tance and crop rotation.

* The fungus can survive for many years in soil in the absence of a plant host by producing resting spores. These

spores germinate to produce swimming spores (zoospores) that penetrate host cells directly to initiate disease.

e Synchytriumendobioticumis abiotroph and obtains nutrients inside of plant cells thatresultin abnormal cell enlarge-

ment (hypertrophy) and division (hyperplasia) and formation of galls (warts) on roots, stems, and tubers of potato.

e The fungus is dispersed mainly by the activities of humans by moving potatoes, animal manure, soil, and

equipment that harbor the organism.

e Potato wart is managed primarily by plant inspection, legislation to establish quarantine laws, and eradication

to prevent potential spread of the fungus.

* Plant and soil bioassays coupled with DNA-based molecular methods are providing useful tools for detecting

and identifying S. endobioticum.
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FIGURE 9.2 Life cycle of Plasmodiophora brassicae (From Agrios, G.N., Plant Pathology, Academic Press, New York. With

permission.)

known as clubroot. The disease occurs throughout the
world in commercial crucifer production fields, but is also
a serious problem in home gardens. Clubroot has been
known since the thirteenth century in Western Europe and
was first studied in detail by Woronin in Russia in the late
1870s. Woronin originally described P. brassicae as a slime
mold. Despite the tremendous amount of research on club-
root, it still remains as one of the most serious diseases of
crucifers and is largely responsible for the disappearance of
commercial cabbage production in many regions through-
out the world.

Because P. brassicae produces resting spores that can
persist in soil for many years, traditional approaches such
as crop rotation are of limited value in managing club-
root. Some success has been achieved in breeding plants
for resistance to P. brassicae. However, field populations
of P. brassicae are genetically diverse and composed of
many races of the pathogen. Races are represented by
genetically distinct individuals and typically identified by
inoculating a series of well-defined species of crucifers
and observing them for disease symptoms (Williams,
1966; Cubeta et al., 1998). Although some resistant vari-
eties of crucifers have been developed and are commer-
cially available, there are no varieties that are resistant to

all known races of P. brassicae. One approach for manag-
ing clubroot used for centuries involves the modification
of the soil environment by adding lime (either calcium
carbonate or calcium oxide) to increase soil pH to at least
7.2. This approach provides an economical and effective
means of reducing the damaging effects of clubroot, and
it is hypothesized that the increased soil pH interferes
with zoospore movement and the initial infection process
on roots. Unfortunately, a soil pH of 7.2 or higher is often
not a favorable growth environment for many cultivated
agricultural crops.

Lire HISTORY OF PLASMODIOPHORA BRASSICAE

Plasmodiophora brassicae can survive for at least 10 years
in soil by forming resting spores (Agrios, 2005; Figure
9.2). During the periods of cool, wet weather when the
soil becomes saturated with water, resting spores (also
referred to as cysts) germinate to produce usually one pri-
mary zoospore with two hairless flagella (Figure 9.1). These
zoospores swim to the root and penetrate hairs of young
roots or enter the plant through wounds in secondary roots
(Williams, 1966). Once inside the root, P. brassicae pro-
duces an amoebae-like structure called a plasmodium
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(plural: plasmodia), which passes through the cells and
becomes established in them. In plant cells, the nucleus of
each plasmodium divides and becomes transformed into
a multinucleate structure called a zoosporangium (plural:
zoosporangia) that contains four to eight secondary zoo-
spores. Secondary zoospores are discharged through exit
pores in the plant cell wall. They usually fuse with each
other to cause more infection of roots and form additional
plasmodia. These diploid plasmodia divide by meiosis and
produce clusters (sorus, plural: sori) of resting spores with
a single haploid nucleus.

As plasmodia continue to grow and develop, they
ingest proteins and sugars in the plant cells as a source of
nutrients while stimulating them to divide (hyperplasia)
and enlarge (hypertrophy). This abnormal plant growth
results in the production of small, spindle-shaped swell-
ings on roots that later develop into larger-sized galls or
clubs (Figure 9.3). Root galls interfere with nutrient and
water movement in the plant, and the initial symptoms
on infected plants often appear as yellowing and wilting
of the lower leaves, particularly on warm, sunny days.
Severely infected plants are often stunted and smaller
than healthy plants. Eventually the galls become a food
source for other soil-dwelling microorganisms that initi-
ate their decay and release of resting spores into the soil.

SYNCHYTRIUM MACROSPORUM

Synchytrium macrosporum is a biotrophic pathogen of
more than 1400 different species of plants representing
185 families and 933 genera ranging from liverworts (hep-
atophytes) to flowering plants (angiosperms), especially
those in the Asteraceae, Brassicaceae, Cucurbitaceae,
Fabiaceae, and Solanaceae (Karling, 1964). Synchytrium
macrosporum has the largest and widest host range of any
biotrophic fungus in the kingdom Fungi (Karling, 1964).

FIGURE 9.3 Healthy (left) and infected (right) Chinese
cabbage roots. (Courtesy of Lisa A. Castlebury.)
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Synchytrium macrosporum is a weak pathogen that
primarily attacks young seedlings. Although most plants
survive early infection and grow to maturity, some seed-
ling death may occur in rare cases of severe infection, par-
ticularly if environmental conditions are favorable. As with
P. brassicae, galls caused by the hypertrophy and hyper-
plasia of infected host epidermal cells are the most recog-
nizable symptom produced by S. macrosporum on plants.
In general, galls form on leaves and stems of developing
plants and range in size from 0.35 to 1.3 mm. However,
galls can also form on the roots and underground fruits
of certain legumes. The characteristic galls are composed
of a central infected cell with a single resting spore and a
sheath of surrounding cells of increased size. Occasionally,
some portion of the host cell cytoplasm is retained around
the resting spore.

Lire HISTORY OF SYNCHYTRIUM MACROSPORUM

Synchytrium macrosporum survives primarily as rest-
ing spores in soil and infected plant debris (Figure 9.4).
Depending on the host and geographic location, dormant
resting spores usually germinate in the presence of mois-
ture in late winter or early spring. When resting spores
germinate, they function as prosori (singular: prosorus),
or container for cellular contents that will later become
sori. During germination, contents of the resting spore
and prosorus exit the thick-walled casing through an
opening or exit pore in the wall that is eventually filled by
a plug of dark pigmented material. The cytoplasm, sur-
rounded by a plasma membrane, undergoes a number of
mitotic divisions before partitioning into numerous spo-
rangia. The number of sporangia within a single sorus
can range from 120 to 800, while the diameter of an indi-
vidual sporangium ranges from 18 to 60 um. Sporangia
within a sorus can remain dormant for 1-2 months, and
the infected plant tissue needs to dry completely and be
rehydrated to induce resting spores to germinate (Karling,
1960). These conditions may simulate events that occur
in nature where infected material senesce, dry out and
then become rehydrated with water from dew or rain.
The cytoplasm within each sporangium cleaves up into
individual zoospores, each with its own nucleus. In order for
zoospores to be released, the sorus has to open up (dehisces)
and release individual sporangia from the soral membrane.
The sporangia, in turn, release zoospores by the split-
ting of the sporangial inner membrane. Zoospores swim
to new hosts through the thin film of water present either
on the surface of a plant or in soil to infect young seed-
lings. Zoospores can also be dispersed in water splashed
from one plant to another. The zoospores are egg-shaped
(ovoid) to slightly elongate (3—3.8 X 4—4.5 um, with a sin-
gle yellowish-orange refractive lipid globule) and possess a
single, posteriorly directed, hairless flagellum (12—14 um in
length). The flagellum can be seen extending out from the
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FIGURE 9.4 Galls with sporangia, sori, and resting spores of Synchytrium macrosporum on infected chickweed leaves. (a) Galls
filled with either dark orange resting spores (RS) or yellow sori containing sporangia (SS); (b) Microscopic view of galls showing
hypertrophied plant cells (HPC) containing resting spores (RS) and sori with sporangia (SS). (Courtesy of M.J. Powell and P. Letcher.)

body of the zoospore, but electron microscopy is required
to see internal zoospore details necessary for identification.
When zoospores are released from the sporangium in the
spring, they alternate between swimming and moving in an
amoeboid fashion for as long as 24 h before settling down
on the surface of a host. Once settled, encystment occurs
and the flagellum is either retracted into the zoospore, later
referred to as a zoospore cyst, or cleaved-off completely,
and a membrane is produced on the outside of the zoospore.
A narrow germ tube develops from the encysted zoospore
and penetrates the host cell wall. Cytoplasm flows into the
host cell from the zoospore cyst, and both the zoospore cyst
and germ tube disintegrate. The cytoplasm can assume a
variety of different shapes from round to amoeboid once
inside the host and moves within the cell positioning itself
near the host nucleus. The cytoplasm, now called an initial
cell or uninucleate thallus, increases in size and develops a
thick wall as it matures. After the thick-walled initial cell
goes into a state of dormancy, it becomes a resting spore.

Resting spores can be either spherical or ovoid in shape.
They range in diameter from 80 to 270 um. The color of the
resting spore wall varies from dark amber to reddish-brown
and is usually 4—6 um thick. The walls of resting spores and
sporangia are yellow-orange colored, as are the character-
istic galls that form because of infection. Although Karling
(1960) observed the production of zygotes from the fusion
of two zoospores and their nuclei, no one has substantiated
this observation or determined the role that sexual repro-
duction plays in resting spore formation.

LABYRINTHULA TERRESTRIS

The devastating eelgrass wasting disease of 1934
and 1935 brought attention to the obscure protist
Labyrinthula, which at the time was known only from a

few nineteenth-century German publications. Muehlstein
et al. (1988) demonstrated that L. zosterae was the causal
agent responsible for the necrotic lesions on eelgrass and
dieback disease symptoms observed in seagrass mead-
ows by satisfying Koch’s postulates. Recently, the iden-
tification of a species of Labyrinthula (L. terrestris) that
causes rapid blight of turfgrass has stimulated interest in
this unusual protist (Figure 9.5, see Case Study 9.2). Other
species are not pathogens of grasses and exist primarily
as saprotrophs. In contrast to P. brassicae and S. macros-
porum, most species of Labyrinthula can be easily grown
on nutrient medium in culture, and none of them appear
to be biotrophs. In culture, labyrinthulids are most easily
grown with yeast or bacterium coinoculated on the nutri-
ent medium as a food organism (Porter, 1990; Figure 9.6).

LABYRINTHULA SPECIES

Species of Labyrinthula are known primarily from their
trophic (or feeding) stage. This stage, which can be observed
on nutrient medium in a Petri dish, is composed of a col-
ony of cells within a network of interconnecting filaments
(called the ectoplasmic network; Figure 9.7). The cells are
spindle shaped and move with a gliding motion within the
ectoplasmic network with speeds as rapid as 150 um/min.
The network plays an important role in the biology of the
Labyrinthula colony by the following: (1) providing a struc-
ture through which the cells move, (2) aiding in the attach-
ment of the colony to the substrate, (3) housing digestive
enzymes necessary for feeding by the cells, and (4) serving
as a conduit for transmitting signals within the colony to
coordinate communal movement (Porter, 1990).

In L. terrestris, the trophic colony is the only stage
of the life history that has been observed. In other closely
related species, such as L. vitellina, a sexual life cycle
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FIGURE 9.5 (a) Healthy uninfected Poa annua (turfgrass) FIGURE 9.6 Labyrin.thula terrestris from Arizona Turf
and (b) Labyrinthula terrestris-infected turfgrass on the right Grass (Poa annua) growing as a pure culture on SSA. (Courtesy
showing characteristic symptoms of rapid blight. (Courtesy of of D. Porter.)

Julia Kerrigan.)

CASE STUDY 9.2
RaAPID BLIGHT OF CooL SEASON TURFGRASSES—AN UNEXPECTED PATHOGEN

¢ Rapid blight is a disease of several cool season turfgrasses and a major concern to golf course managers using
low-quality irrigation water in the southeast and western United States and United Kingdom.

* The symptoms include a patchy water-soaked appearance and browning followed by chlorosis and death of
roughstalk bluegrass (Poa trivialis), annual bluegrass (Poa annua), perennial ryegrass (Lolium perenne), colo-
nial bentgrass (Agrostis tenuis), and creeping bentgrass (Agrostis stolonifera) on golf courses during autumn
and spring.

e Rapid blight is an emerging disease that was first noted in the late 1990s. The disease can quickly cause severe
damage on high amenity turf and is costly and challenging to manage.

* An endobiotic chytrid fungus was originally thought to cause rapid blight, but in 2005 Labyrinthula terrestris,
a marine net slime organism, was identified as the causal agent of this disease (Figure 9.11).

e Other species of Labyrinthula grow in estuarine and marine habitats where some are known to cause diseases
of seagrasses. Prior to the description of L. ferrestris on turfgrasses, none were known to be pathogens of ter-
restrial plants. The key link was that all affected turf areas were being irrigated with high salinity irrigation
water (>2.0 dS/m).

* An obvious question: how has a pathogen, whose known relatives are inhabitants of marine habitats, become
a serious and emerging disease problem on turfgrasses? How did it become established in land-locked states
like Arizona, Nevada, and Utah?

» The answer is not known, but turfgrass management practices may be important in selecting for this emergent
pathogen.

* Rapid blight is very challenging to manage with fungicides, and only a few are known to be effective.
Fungicide use that did not suppress L. ferrestris could have possibly reduced microbial competition in the
turfgrass ecosystem.

* Golf courses are increasingly using effluent water for irrigation, which often has higher salinity.

* Frequent and close mowing allows for the entry of the pathogen into grass leaves.

* Rapid blight is an excellent reason for plant pathologists to expect the unexpected and to be broadly trained
(see infected turfgrass in Figure 9.4).
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FIGURE 9.7 Labyrinthula terrestris on SSA. (Courtesy
of D. Porter.)

was observed and characterized by biflagellate, het-
erokont zoospores produced by meiosis (Porter, 1990).
However, the fusion of gametes (syngamy) has never
been observed. The life cycle of L. vitellina is presented
in Figure 9.8 (Porter, 1990).

LABORATORY EXERCISES

Plant diseases have been observed and recorded by
humans for more than 2000 years (Agrios, 2005). Many
plant diseases were initially described based on the obser-
vation of visible signs (vegetative reproductive structures
of the pathogen) and symptoms (reactions of the plant to
infection) on fruits, leaves, roots, and stems. Since then,
scientists in the discipline of plant pathology have con-
tinued to investigate the causal role that microorganisms
play in plant disease and how their biology, ecology, and
genomes influence pathogenesis (i.e., the disease-causing
ability of an organism). The majority of scientific studies
conducted by plant pathologists have focused primarily
on plant species of economic importance to agriculture
and fostered the development of experimental methods to
examine plant pathogens and their associated diseases. In
general, most agricultural crops are subject to many dis-
eases caused by a wide array of plant pathogens. Some of
these pathogens have a narrow host range (host special-
ists) and can infect on a single species or a variety of plant,
whereas other pathogens have the ability to infect a wider
range of plants (host generalists) often in genetically dif-
ferent families. The incidence and severity of disease can
also vary depending on the environmental conditions and
genetic composition of the pathogen and plant.

In the following laboratory exercises, the biology
of P. brassicae, a well-studied pathogen of crucifers in
agricultural production systems (Sherf and MacNab,
1986), S. macrosporum, an important pathogen of plants
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FIGURE 9.8 Life cycle of Labyrinthula vitellina (the
sexual phase of the life cycle of L. zosterae has not been
observed). (a) Colony of trophic cells within an ectoplasmic
network; (b) sorus within which meiosis occurs and haploid
zoospores (meiospores) are released; and (c) biflagellate zoo-
spore (which possibly develops into new spindle-shaped tro-
phic cells, although the developmental process is not known).
(From Porter, D., Handbook of Protoctista, Jones and Bartlett,
Boston, 1990. With permission.)

in natural ecosystems, and L. ferrestris, a pathogen of
high maintenance turf grasses, will be examined. The
first two of these organisms produce motile spores (zoo-
spores) that are an important component of their dis-
ease ecology (Agrios, 2005; Fuller and Jaworski, 1987;
Karling, 1960). Labyrinthula terrestris is not known to
produce zoospores, but appears to be transmitted by
contact with injured plant leaves. Differences in the
life cycle, feeding behavior, and symptom expression of
each organism on specific host plants will provide the
basis for determining differences in host susceptibility,
and how these organisms cause plant disease. In each
laboratory exercise, students will examine the infected
plant material to familiarize themselves with the signs of
each organism and the symptoms of the diseased plants.
Various extraction and artificial inoculation methods
(depending on the organism) will be employed to moni-
tor and record disease development. Because L. zos-
terae can be readily isolated in pure culture on nutrient
medium, the students will initially isolate this organism
from infected grasses and then reisolate the organism
from plants they have artificially inoculated in order
to fulfill Koch’s postulates and offer “proof of patho-
genicity” (Chapter 1). The biotrophic feeding nature of
P. brassicae and S. macrosporum that prevents their
culturing on a nutrient medium also provides a unique
opportunity for students to understand how Koch’s pos-
tulates are modified to examine the disease-causing
activities of these biotrophic plant pathogens.
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EXPERIMENT 1. SuUSCEPTIBILITY OF CRUCIFERS
TO PLASMODIOPHORA BRASSICAE

The selection of species or varieties of crucifers with
reduced susceptibility to P. brassicae can often be used
to manage clubroot disease. However, because of the
inherent genetic diversity that exists in field populations
of P. brassicae, no variety of plant is likely to be resistant
to all genetic individuals of P. brassicae. In this labora-
tory experiment, a modification of the procedures devel-
oped by Williams (1966) and Castlebury et al. (1994) for
the isolation of resting spores and plant inoculation will
be employed to examine the susceptibility of different
crucifers to infection by P. brassicae. Each crucifer host
will be critically examined for the incidence and severity
of disease symptoms and compared with noninoculated
plants (control) (Figures 9.9 and 9.10). Students will also
have an opportunity to examine the characteristic micro-
scopic structures of P. brassicae in infected plant tissue
(Figure 9.11).

Materials

Each student or team of students will require the follow-
ing laboratory items:

¢ Beakers (50 and 100 mL)
e Blender

() (b)

FIGURE 9.9 (a) Unstained and (b) stained resting spores of
Plasmodiophora brassicae. Bar represents 4 um. (Courtesy of
Lisa A. Castlebury.)

rg\

FIGURE 9.10 Clubroot disease rating scale (0—4) for cru-
cifer seedlings. (Modified by L.J. Gray, from Williams, P.H.,
Phytopathology, 56, 624—626, 1966. With permission.)
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FIGURE 9.11 Resting spores of Plasmodiophora brassicae in
root cells of Chinese cabbage. (Courtesy of Lisa A. Castlebury).

» Centrifuge (tabletop or swinging bucket)

* Centrifuge tubes

e Cheesecloth

* Compound light microscope

* Dissecting microscope

* Distilled water

* Erlenmeyer flasks or Pyrex round media storage
bottles with screw caps (500 and 1000 mL)

* Forceps

e Funnel

* Glass slide and coverslips

* Graduated cylinder (1000 mL)

* Hemacytometer

* Infected plant material—100-500 g fresh
weight of infected roots from a local
county agricultural extension agent or plant
pathologist or student collection of infected
roots from crucifers grown in a home garden
or a commercial field with a history of clubroot
disease (see Figure 9.3 for an infected root).
Infected plant material should be placed in a
paper bag and transported to the laboratory
in a cooler for processing, and any infected
roots not used for the laboratory exercise can
be stored for 2-3 years in a nondefrosting
freezer at —20°C.

¢ Mortar and pestle

* Paper cups (6—8 cm deep)

* Pasteur pipettes with rubber bulb

» Plastic Petri plates (9 cm)

* Plastic stakes and trays

* Potting soil (peat moss and vermiculite, 1:1, v/v)

* Seeds—obtain small packages from local gar-
den center, Asian market, or seed company
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and try to obtain as many crucifers as possible.
Have each student or group of students select
one or two species of plants for the inoculation
experiments.

» Staining solution (0.005% cotton blue in 50%
acetic acid)

 Stir plate and stir bars

* Whatman #1 filter paper (9 cm)

* Wooden Petri dish holder

Follow the instructions in Procedures 9.1 through 9.3
to complete the experiment on P. brassicae.

Anticipated Results

Crucifers will vary in their susceptibility to infection by
P. brassicae, and galls of various sizes will be produced
on infected roots. Galls should not be observed on roots
of crucifer plants in the control treatment. Resting spores
should be readily observed inside of root cells with the
microscope after sectioning and staining.

Questions

* Why is it important to include a noninoculated
control and replicates of each crucifer crop in
the experiment?

*  What was the response of each crucifer species
and variety to infection? Were there differences
in disease incidence and severity?

* What are some differences in morphology of
infected and healthy roots based on macro-
scopic and microscopic examination?

EXPERIMENT 2. CHARACTERIZATION AND COMPARISON
OF PLANT INFECTION BY THE GALL-INDUCING
CHYTRID FUNGUS SYNCHYTRIUM MACROSPORUM

The plant pathogen S. macrosporum has the widest
host range of any known biotrophic fungus (Karling,
1960). The organism can infect more than 1400 dif-
ferent species of plants, most of which grow in natural
rather than agricultural ecosystems. Plants infected with
S. macrosporum can also exhibit considerable variation
in symptom expression. In this laboratory exercise, stu-
dents will examine diseased chickweed plants for resting
spores, sporangia, and sori of S. macrosporum and will
observe the unique swimming pattern of zoospores asso-
ciated with this organism. Subsequent experiments will
be conducted to compare and contrast the disease symp-
toms of asparagus, bean, corn, and turnip artificially
inoculated with S. macrosporum. The inability to culture
S. macrosporum on nutrient medium also requires the
use of a modified method for isolation of resting spores
and inoculation of plants.

Materials

Each student or team of students will require the follow-
ing laboratory items:

e Commercial peat-based soil mix—well drained!
e Commercial soluble fertilizer

* Compound light microscope

* Dissecting microscope

* Dissecting needles

* Glass slides and coverslips

Procedure 9.1
Germination of Mustard Family Seeds

Step

Instructions and Comments

Prepare five plates each of the following seeds: broccoli (Brassica oleracea L. var. italica Plenk), cabbage
(B. oleracea var. capitata L.), canola (Brassica napus L.), cauliflower (B. oleracea var. botrytis L.), Chinese
cabbage (Brassica pekinensis [Lour.] Rupr.), collard (B. oleracea L. var. acephala DC), kale (B. oleracea L.
var. acephala DC), mustard (Brassica nigra L.), radish (Raphanus sativus L.), rutabaga (B. napus L.), and
turnip (B. rapa L. [=B. campestris L.]).

Place a piece of Whatman #1 filter paper into a plastic Petri plate of 9 cm diameter and moisten with distilled
water. Arrange seeds (30—50 per plate) on filter paper 1- to 2-cm apart and gently press each seed into the
filter paper with a pair of forceps. Offset seeds in each row to allow roots to grow straight and not become

Incubate seeds at 20°C-25°C with 12 h of supplemental lighting from two cool watt fluorescent bulbs placed
10 cm above plates (250 pmol s~' m=2). After seeds have germinated (usually 24—48 h), carefully place Petri

2

entangled.
3

plates on wooden holder at a 45° angle (Figure 9.12).
4

Check plates daily to ensure that the filter paper remains moist. If the filter paper begins to dry out, remove lid
and add 1-3 mL of distilled water at the base of the plate.
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Procedure 9.2
Isolation and Quantification of Plasmodiophora brassicae Resting Spores

165

Step

Instructions and Comments

To release resting spores of P. brassicae from roots, place 100 g of diseased roots (either fresh or frozen) in
400 mL of sterile distilled water, and macerate in a blender for 2 min at high speed.

Place a glass funnel with five layers of cheesecloth at the top of a 1000-mL Erlenmeyer flask and collect fil-
trate from blended solution. If cheesecloth becomes clogged with plant material and does not filter properly,
remove the plant material and liquid from the cheesecloth, and repeat blending and filtering procedure.
Remove plant debris from cheesecloth and place it in a mortar with 5—10 mL of distilled water. Grind debris
with a pestle for 1-2 min, filter the solution as described earlier, and combine with previously collected filtrate.
Place equal volumes of filtrate into centrifuge tubes (10- or 50-mL tubes depending on the size of the rotor)
and adjust their weight by adding appropriate amounts of distilled water to each tube. Once centrifuge tubes
have a similar weight and are balanced, place them in the rotor and centrifuge for 10—15 min at 2000 X g at
room temperature.

Gently remove centrifuge tubes and place in a rack. Carefully remove the top, gray-colored fraction with a
Pasteur pipette (this fraction contains the resting spores and will often appear above a whitish-colored layer
in the middle of the tube) and place into another centrifuge tube. Repeat the centrifuge process as needed,
particularly if the filtrate is cloudy or contaminated with excessive plant material. Place the collected filtrate
containing the resting spores in a glass beaker with a stir bar for quantification.

Gently mix the collected filtrate using a stir plate to distribute the resting spores evenly. Pipette a small drop
of the collected filtrate on a clean glass slide, add a coverslip, and examine with a microscope at 400X to
1000x magnification. Resting spores are round and approximately 4 um in diameter (Figure 9.7). For better
resolution of resting spores, add one drop of staining solution (0.005% cotton blue in 50% acetic acid) to the
slide preparation prior to examination (Figure 9.7). If resting spores are observed, determine their concentration
in the collected filtrate with the following procedure. Spores without cytoplasm are not viable and should not be
counted.

Measure the volume of the collected filtrate in a graduated cylinder, pour the collected filtrate into a glass
beaker, and gently swirl the mixture to distribute the resting spores evenly. Place one drop of spore solution
at the edge of a coverslip on a hemacytometer counting chamber with a ruler and allow solution to be drawn
into area between coverslip and glass slide. Let the slide sit for 2—3 min to allow spores to settle on the slide.
Examine the center of the slide and locate the area of the ruler with 25 cells (5 rows and 5 columns), consisting
of 16 smaller squares each. Count the number of resting spores in each corner and center squares (5 squares
total). Calculate mean number of spores per square, apply correction factor for the area (2.5 x 105) and
determine the concentration of the resting spores per mL of the collected filtrate. For example: upper left
square = 74; upper right square = 56; lower left square = 45; lower right square = 60; and center square = 80;
(74 + 56 + 45 + 60 + 80)/5 = 63; 63 x (2.5 X 105) = 1.575 x 107 resting spores per mL of the collected
filtrate.

After determining the concentration of the resting spores, adjust spore concentration to 1 X 107 spores per mL
and pour equal amount of stock solution into 50-mL beakers. The number of beakers required is determined
by the total number of plant species and the varieties to be inoculated. Freshly extracted resting spores are pre-
ferred for inoculation. However, the resting spore solutions may be stored for 3—5 days at 4°C or 3—4 months
at —20°C prior to use.

Kimwipes® * Plastic bags with twist ties

Pasteur pipettes with rubber bulb * Plastic pots (10 or 15 cm diameter)
50-mL beakers * Plastic or wooden stakes

10-cm plastic Petri dishes * Seeds (asparagus, bean, corn, and turnip)
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Procedure 9.3
Inoculation of Seedlings and Collection of Data

Step Instructions and Comments

1 For each crucifer examined, fill 20 paper cups (6- to 8-cm deep) with a potting mixture consisting of 1 part
peat moss and 1 part vermiculite. Poke several small holes at the bottom of the cup to allow for adequate
drainage and water potting mixture until moist. Place one set of 10 cups into a plastic tray and repeat this
process for a second set of cups (two replicates).

2 Remove 20 seedlings from Petri dishes and dip roots into quantified resting spore solution of P. brassicae for
10 s. Create a 5-cm deep hole with a pencil and transplant one seedling into each individual paper cup. In a
separate set of 20 cups, also include seedlings dipped in sterile distilled water as a control. Incubate seedlings
at 18°C-28°C for 6—8 weeks. During the first week of incubation, keep potting mixture saturated with water.
Thereafter, water seedlings as needed and fertilize after 3 weeks (1 g of 20-20-20 fertilizer in 3.78 L of water).

3 After incubation, remove the inoculated seedlings and gently wash soil from roots in running tap water.
Examine roots of each seedling for galls. Determine the percentage of infected seedlings based on gall symp-
toms (disease incidence) and severity of infection with the 0—4 rating scale (Figure 9.9). Follow the example
presented in Table 9.1. Repeat the aforementioned procedure for each of two replicates of each plant species
examined and then calculate a separate average for disease incidence and severity. Also, examine seedlings in
each control treatment for the incidence and severity of clubroot disease.

4 Cut a thin section of healthy and diseased roots with a sharp scalpel or razor blade. Place the section in dis-
tilled water on a glass slide and observe cells for the presence of resting spores (Figure 9.10).

5 Cut the infected roots from the remaining seedlings, place in a plastic freezer bag, and store at —20°C for
future laboratory exercises.

6 At the completion of the experiment, place all paper cups, plant materials, and soil in an autoclave for 1 h at
121°C.

This will prepare you to identify S. macrosporum-
infected chickweed and zoospores, both of which are key
to completing this experiment. After Procedure 9.4, you
need to complete Procedure 9.5 in order to obtain the nec-
essary S. macrosporum inoculum (zoospores) required
for Procedure 9.6. In addition, before starting Procedure
9.6, you need to prepare the host plants for inoculation
by allowing the seeds to germinate. Use the follow-
ing list of germination times: bean (Phaseolus vulgaris)
6-10 days; corn (Zea mays) 57 days; turnip (Brassica
rapa) 7-10 days, and asparagus (Asparagus officinalis)
14-21 days. Asparagus seeds should be soaked in warm
water for 48 h prior to planting. Be sure to replenish warm
water when it is cooled down at least two or three times
during the 48-h soaking period. Asparagus seeds germi-
nate slowly and should be planted 2—-3 weeks before plant-
ing bean, corn, and turnip seeds. This will ensure that all
species of plants can be inoculated with S. macrosporum at

FIGURE 9.12 Wooden apparatus for holding Petri dishes at a
45° angle. (Courtesy of Brian R. Cody.)

* Tape (double-sided) the appropriate growth stage. Also, note that when grow-

» Toothpicks (wooden) ing the host plants, the peat soil mix should be kept moist

* Tween 80 (0.1% solution) but not saturated with water. Host plants can be grown in a

* 9-cm Whatman #1 filter paper greenhouse or in the laboratory at room temperature with
supplemental fluorescent lighting photoperiod and 0.3 m

Follow the instructions in Procedure 9.4 to observe from the light source. When plants are 21-days-old, fertil-

S. macrosporum resting spores, galls, sori, and zoospores. ize once a week with a 1/2 recommended rate of a complete
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TABLE 9.1
Example Data Sheet to Calculate Disease Incidence and Severity
Number of Number of Number of Number of Number of
healthy plants diseased diseased diseased diseased
with rating = plants with plants with plants with plants with
Crucifer tested 0 rating = 1 rating = 2 rating = 3 rating = 4
Cabbage 2 1 3 2 2

Notes: Disease incidence = (number of diseased plants/total number of plants) X 100 = (1 +3 + 2 + 2)/(2+1 + 3 + 2 + 2) x 100 = 80%.

Disease severity = (number of diseased plants in each rating category X correction factor associated with each disease rating category)/total number

ofplants =[0X2) + (I X 1) +BX2)+2X3H+CXxH/2+1+3+2+2)=2.1.
Procedure 9.4
Squash Mount Procedure
Step Instructions and Comments
1 Collect several chickweed (Stellaria media) plants infected with S. macrosporum. Diseased plants will have

galls with dark amber to reddish-brown resting spores or bright orange-yellow sori from germinated resting
spores on aboveground stems (Figure 9.10a and b). Infected chickweed plants can be collected from February
to March in the Southeastern United States (e.g., Alabama and Georgia). This may change into a later date for
areas farther north depending on when chickweed seeds germinate.

2 Place a piece of infected chickweed tissue in a clean Petri dish, secure with double-sided tape and then affix
the Petri dish on the stage of a dissecting microscope with double-sided tape.

3 Add six separated drops of sterile double-distilled water on an inverted Petri dish lid and place the lid next
to the dissecting scope. Flame sterilize the tips of two dissecting needles, cool for 10 s, and carefully remove
orange sori and resting spores from tissue.

4  Rinse sori and resting spores by serially running them through the six drops of sterile water before placing on
a clean glass slide in a small drop of sterile water.

5 Carefully place a clean coverslip over the drop of water and gently tap it with the eraser end of a pencil to
break open the sori and release the individual sporangia. Examine the prepared slide with a compound light
microscope.

6 Place slide in a Petri dish with a moist Kimwipe® folded into the bottom. Take a small wooden toothpick,
break in half, and use the two halves to hold the slide above the moistened Kimwipe®.

7

Examine the slide after 1 h and again after every 2 h. Sporangia from mature sori are usually ready to release
zoospores after 1-2 h. Moisten the Kimwipe® periodically by adding a small amount of water to ensure that
the slide does not dry completely.

soluble fertilizer. Plant six seeds of each host plant in a
10- or 15-cm diameter pot and thin to three plants after
seedlings have emerged from the soil. Because S. mac-
rosporum is not available commercially, cultures for use
in the laboratory exercise will be prepared from infected
chickweed plants collected from the field. Infected plant
tissue can be dried and stored at room temperature in a
low-humidity environment to provide a source of viable
resting spores for future experiments. Once you have the
required inoculum (zoospores), and you have prepared
the host plants, then carry out Procedure 9.6 to complete

Experiment 2. The inoculation procedure is a modifica-
tion of the method developed by Karling (1960).

Anticipated Results

After completing Procedure 9.4, students should observe
the multicellular sheath produced from the host epidermal
cells surrounding both sporangial and resting spore galls.
The students should also observe zoospore discharge from
individual sporangia, be able to distinguish different parts
of the life cycle, and observe the “jerky” swimming pattern
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Procedure 9.5
Preparation of Inoculum of Synchytrium macrosporum

Step Instructions and Comments

1 Soak fresh or dried leaves of chickweed infected with S. macrosporum in sterile distilled water for 5—7 days
to soften tissues around prosori with resting spores of the fungus.

2 With dissecting needles and a dissecting microscope, tease prosori from tissue and rinse gently in distilled
water.

3 Transfer prosori to a Petri plate lined with two layers of moistened, Whatman #1 filter paper and incubate in
the laboratory for 2-3 weeks or until prosori germinate and sori mature.

4 Transfer 25-50 mature sori individually with a fine dissecting needle into a drop of distilled water on a clean
glass slide.

5 Cover the suspension of sori with a coverslip and press gently with a pencil eraser to break open the sori to
release zoosporangia.

6  Zoospores are released from zoosporangia within 1-2 h and can be collected by gently washing the slide with
distilled water into a 10-mL beaker 2-2.5 h after zoospores have formed.

Procedure 9.6
Inoculation of plants with Synchytrium macrosporum

Step Instructions and Comments

1 Swab the emerging leaves of each seedling with Tween 80 (0.1% v/v) and rinse with sterile distilled water.
This procedure provides a wet surface for zoospores to swim on the leaf. The Tween solution should be
applied to leaves of similar age 1-2 weeks prior to conducting the experiment to determine whether it is toxic
to each species of plant. If phytotoxicity is observed, dilute the Tween solution with water to a concentration
that does not damage the leaves.

2 Dilute the zoospore mount from Steps 5 and 6 of the Procedure 12.5 with 5 mL of sterile distilled water and
place a drop of the zoospore mount onto the treated emerging leaf. Inoculate nine plants (three plants in three
separate pots). Also, include another pot of three seedlings on which a few drops of sterile distilled water are
placed on emerging leaves (control treatment).

3 Place a bell jar or plastic container over the seedling to maintain high humidity. If seedlings are too large to
cover, then place a wet pad of absorbent cotton around the inoculated leaf. For corn and asparagus, several
pots can be covered with a plastic dome or large plastic bag with a twist tie.

4 Each seedling should be inoculated once a day for six consecutive days.

5 Once the inoculations are completed, remove the bell jar or plastic container, bag, or dome and maintain
plants in a greenhouse or laboratory for 3—4 weeks after inoculation. Galls should be apparent 2 weeks after
infection and will mature in 2—4 months.

of the zoospores, which is typical for chytrid fungi. After Questions/Activities

carrying out Procedure 9.6, students should see a differ- * Draw an infected chickweed plant and label
ence in infection levels between the different host plants: S. the S. macrosporum galls. Try to determine the
macrosporum should not infect asparagus, but will usually size, shape, and color of the galls. Why might it
cause moderate to severe infection of bean, corn, and turnip. be important to note such features of the infec-
The type, size, and structure of galls produced by S. mac- tion? What kind of damage do the galls cause to
rosporum will vary on chickweed, corn, bean, and turnip. the plant?

[vww.ebook3000.con)



http://www.ebook3000.org

Non-Oomycota Zoosporic Plant Pathogens

Draw resting spores, sori, and sporangia

observed with a light compound microscope.

Try to determine the color, shape, and size of

each structure. Do you see any unique features

for each? Why might it be important to note such
features?

What kind of swimming pattern do the zoo-

spores have and how are they released from the

sporangia? Can you see how many flagella each
zoospore has? Why might this be important to
know?

» Using a life cycle diagram for S. macrospo-
rum, label the structures observed (Figure 9.4).
Were you able to observe a complete life cycle?
Why is it important when diagnosing disease
to know the complete life cycle of a pathogen?

* What differences can you note in the appear-
ance of galls on asparagus, bean, corn, and tur-
nip? Are these galls similar in appearance to the
galls observed on chickweed?

* Do you think these differences are attributable
to the plant, the fungus, or both? Explain your
answer.

* Complete the data sheet in Figure 9.13 Answer

yes or no in the “Infected” column. Put “YES” in

the appropriate box corresponding to each spe-
cies of plant if galls, resting spores, and/or prosori
are present on the plant tissue and “NO” if no
symptoms (i.e., galls) and/or signs of the fungus
are evident. In the “Degree of Infection” column,
indicate the severity of disease with the follow-
ing scale; sparse = 2—-10 galls per plant, moderate
= 10-20 galls per plant, heavy = 20-100 galls
per plant, and severe 2100 galls per plant. In the

“Type of Gall” column, indicate whether galls

were single-celled (e.g., simple) or multi-celled

(e.g., composite). If the degree of infection was

severe, then place the term “Confluent” in the

type of gall column. Confluent galls occur when
several epidermal cells adjacent to one another
become infected and the individual sheaths of
enlarged host cells that form around the develop-
ing gall merge together (Karling, 1960).
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* Summarize the results of your observations in
Figure 9.13 What can you conclude from these
observations?

» Karling advocated the use of host range for the
identification of species of Synchytrium. What
modern techniques could be used to aid in the
identification of a fungus rather than conduct-
ing a host range study? Do you think host range
studies are still important? Explain your answer.

EXPERIMENT 3. (OBSERVATIONS OF
EeLGRASS WASTING DISEASE

Labyrinthula zosterae is an important pathogen of sea-
grass in estuarine environments. The organism can be
grown in pure culture by using yeast cells to supplement
their nutrition. In this laboratory exercise, students will
observe eelgrass (Zostera marina) wasting disease and iso-
late L. zosterae from diseased eelgrass exhibiting typical
symptoms. To demonstrate that L. zosterae is the causal
agent of eelgrass wasting disease, students will follow
Koch’s postulates to establish “proof of pathogenicity.”

Materials

Each student or team of students will require the follow-
ing laboratory items:

e Agar (Difco)

* Air pump and tubing

* Alcohol lamp

e Antibiotics (ampicillin, penicillin G, and
streptomycin sulfate)

e Artificial or natural seawater—20-30 L for the
SSA+ medium if being used

For Procedure 9.8

* Buchner funnel with rubber cork

e 25-L Carboy

e Clorox (sodium hypochlorite, NaOCI)

e Compound light microscope

e Culture of yeast (any nonfilamentous, nonmu-
coid yeast—preferably one cultured from non-
surface disinfested and decaying eelgrass leaves)

Species Infected

Degree of Infection Type of Gall

Asparagus
officinalis

Brassica
rapa

Phaseolus
vulgaris

Zea mays

FIGURE 9.13

Datasheet for Recording Susceptibility of Asparagus, Bean, Corn, and Turnip to Synchytrium macrosporum.
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» Dissecting microscope mix can be obtained commercially with the cor-
* Dissecting needles and scissors rect chemistry and made from distilled water and
» Eelgrass leaves (Z. marina)—collect fresh Instant Ocean.
leaves from drift near seagrass meadows at low- » Sterile distilled water
est tides (easiest to wade or swim to). Make sure » Tygon tubing
to check with the local authorities before collect- e Vacuum pump with rubber tubing
ing as most seagrass beds are protected by law. * 9-cm Whatman #1 filter paper
Can be found along both the North American
Atlantic coast (Labrador to North Carolina) and Follow the instructions in Procedures 9.7 through
the North American Pacific Coast (Alaska to 9.11 to complete the experiment on L. zosterae.
Baja California).
e 2-L Erlenmeyer ﬂa§ks with cotton stoppers and Anticipated Results
. ilt?:ntoulb(eg(f)(% ?:g?;n Wasting disease should be readily observed on eelgrass,
« Filters (<04 um pore diameter) and L. zosterae should be easily cultured from infected
. 2Lsi de_ar.m Aasks eelgrass leaves on SSA+ isolation medium. Eelgrass
« Forceps plants inoculated with L. zosterae will produce typical
« Germanium dioxide (GeO,) wasting disease symptoms of leaves, followed by isola-
« 5-mL glass pipettes 2 tion and observation of the microorganism from diseased
« Glass slides and coverslips leaves on SSA+ isolation medium. No symptoms should
« Paper towels (sterile) be observed, agd L. zosterae should not be isolated from
* 4.5 and 10-cm-diameter plastic Petri dishes celgrass plants in the control treatment,
* 50-mL plastic screw top tubes
» 3.78-L plastic Ziploc bags Questions
* Scalpel *  Why is it necessary to clip a noninoculated, dis-
e Serum seawater plus medium (SSA+)—can be infested leaf piece to a green eelgrass plant as an
made according to Procedure 9.8 or a prepackaged experimental control?
Procedure 9.7
Preparation and Filtration of Seawater from Natural Sources
Step Instructions and Comments
1  Place a Buchner funnel containing two pieces of Whatman #1 filter paper into a 2-L side-arm flask connected
to a vacuum source with flexible rubber tubing.
2 Once the vacuum has been established, slowly pour the seawater into the Buchner funnel and proceed until
the flask is full.
3 Filtered seawater should be stored at 4°C—10°C in clean plastic carboys and covered with black plastic. For the
production of sterile seawater, use a filtration system (0.4 um pore diameter) or autoclave for 20 min at 121°C.
Procedure 9.8
Preparation of Serum Seawater Plus (SSA+) Isolation Medium
Step Instructions and Comments
1 Add 12 g of agar and 3 mg of germanium dioxide (a diatom inhibitor) to 1 L of filtered seawater (Procedure
9.7). Autoclave the medium for 20 min at 121°C.
2 After the medium has cooled to 50°C, add 4—10 mL of sterile horse serum (1% v/v, BBL or Gibco) and 250 mg

each of the antibiotics ampicillin, penicillin G, and streptomycin sulfate. Gently switl to mix the medium and
pour into 10-cm plastic Petri dishes. Caution: All of the SSA+ medium should poured immediately into Petri
dishes because reheating (remelting) of this medium after it has solidified will cause the horse serum protein
to coagulate and render it useless as an isolation medium.
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Procedure 9.9
Collecting Healthy and Diseased Samples of Zostera marina
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Step

Instructions and Comments

One week before beginning the isolation procedure, streak several plates of SSA+ medium with a culture of
yeast (see the list of materials provided previously). The yeast will serve as a food source for Labyrinthula
zosterae. Monthly transfer on SSA without antibiotics can maintain monoxenic cultures of L. zosterae and yeast.
Collect approximately 20 healthy plants (without disease symptoms manifested by the appearance of blackened
or dead necrotic areas present on leaves) with at least three inner (youngest) green leaves from the eelgrass bed.
While collecting, also include a portion of the rhizome and roots with each collected shoot. Place shoots in a
3.78-L plastic Ziploc® bag with a paper towel dampened with seawater.

While transporting, keep the plants cool, but not directly on ice.

After collecting healthy plants, carefully examine plants in the eelgrass beds for wasting disease symptoms.
Plants infected with L. zosterae will have black streaks and patches of necrotic tissue (lesions) on older leaves
(Figure 9.7).

Collect approximately 30 leaves with disease symptoms by selecting leaves with some areas of healthy green
tissue adjacent to the necrotic lesions. Place the diseased leaves into a new 3.78-L plastic Ziploc® bag, and
keep it moist and cool until ready to isolate the pathogen as described earlier.

If you are unable to collect healthy and diseased eelgrass plants, request them from a colleague in a coastal
area. Eelgrass plants can be shipped overnight in an insulated container and successfully used for this labora-
tory experiment.

Procedure 9.10
Isolation of Labyrinthula terrestris from Eelgrass (Zostera marina)

Step

Instructions and Comments

Dip forceps and scalpel into a 50-mL tube containing 70% ethanol and flame to disinfest.

Cut eelgrass leaves into small pieces (5—10 mm?) using the disinfested forceps and scalpel. Use leaf pieces
from the edge of the blackened, necrotic lesions where L. zosterae is likely to be most active.

Place cut leaf pieces to a sterile 4.5-cm Petri dish, add 0.5% sodium hypochlorite to cover leaf pieces and gen-
tly swirl them for 1 min. Aseptically transfer each disinfested leaf piece to new 4.5-cm Petri dish, add sterile
distilled water and gently swirl for 2 min.

Repeat the rinsing process with sterile, filtered seawater. Transfer leaf pieces to a sterile paper towel or filter
paper to remove excess water and place four to five disinfested pieces of eelgrass leaf tissue on a Petri dish of
10 cm diameter containing SSA+ medium.

Observe each SSA+ plate daily for the growth of L. zosterae from each piece of eelgrass tissue (Figure 9.11).
Continue to observe plates for at least 1 week or until they become overgrown by bacteria and/or fungi, mak-
ing observation and isolation of Labyrinthula difficult.

When an appropriate Labyrinthula colony is located and ready for transfer, first streak a clean dish of SSA+
with a small amount of yeast from an actively growing culture.

Then transfer a portion of the actively growing Labyrinthula colony to the yeast streak on the new Petri dish
of SSA+.

Low salinity has been reported to inhibit wast- * How could you determine whether necrotic
ing disease. How could you test this hypothesis lesions on leaves of other seagrasses are
with the inoculation apparatus set up for this caused by L. zosterae or other plant pathogenic

laboratory experiment? microorganism(s)?
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Procedure 9.11

Demonstrating Labyrinthula zosterae as the Causal Agent of Eelgrass Wasting Disease Using Koch’s Postulates

Step

Instructions and Comments

1

O o0 3 O

Fill 2-L Erlenmeyer flasks to the neck with artificial or natural sterilized seawater. Place a single healthy
eelgrass shoot in each flask and weigh down with a short piece of rubber tubing slipped over their rhizome.
Plug the flasks with cotton through which a glass tube extends to near the bottom of the flask (a sterile 5-mL
pipette is a good substitute). Attach an air pump or airline with a cotton plug filter to the glass tube and adjust
the rate to deliver about one bubble per second.

Place several 1-cm pieces of green eelgrass leaf in distilled water and autoclave for 20 min at 121°C. Place
some of these sterilized leaf pieces in cultures of Labyrinthula isolated by using Procedure 12.10. Place them
on the agar surface adjacent to the spreading colonies of Labyrinthula but not on the top of the yeast cells.
Allow the Labyrinthula cells to grow into the leaf piece for 24—48 h.

Cut 0.5-cm pieces of thin Tygon® tubing and slit the tube wall along one radius to create a small clip to attach
the inoculated leaf pieces to healthy eelgrass plants. Clips should be sterilized before use.

Remove a green shoot of eelgrass from a flask and place on a sterile paper towel. Pick up a piece of inoculated
carrier leaf using sterile forceps and clip it to a green leaf of the eelgrass shoot with a Tygon® clip. Replace
the inoculated shoot into the flask.

As an experimental control, clip a sterilized piece of leaf tissue to a green leaf of an eelgrass shoot in a sepa-

rate flask.

Repeat the experimental and control inoculations for at least five flasks each.

Place the flasks on a lighted bench or greenhouse where the plants will receive at least 20% full sunlight.

Observe plants for wasting disease symptoms 1-7 days after inoculation (Figure 9.7).

Complete Koch’s postulates by reisolating L. zosterae on SSA* medium from diseased leaves with necrotic

lesions in the flasks.
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O Plant Pathogenic Zygomycetes

Kathie T. Hodge

CoNCEPT Box

¢ Relatively few zygomycetes are plant pathogens. Those that are, belong to the Mucormycotina, an early diverging

subphylum of Fungi.

¢ Fungi in this group grow as a haploid coenocytic mycelium and produce haploid asexual spores in stalked spo-
rangia. They also produce sexual spores called zygospores at the site of fusion of gametangia of opposite mating

types.

e The genus Rhizopus includes key pathogenic species.

e Most are necrotrophic pathogens that cause diseases called wet or soft rots. They infect fruit and other plant

parts, causing significant postharvest losses.

e They are typically soilborne and can persist in soil.

¢ Infected plants and fruits develop a coarsely hairy appearance from the abundant, stalked, asexual sporangia.

The fungi called zygomycetes are really a number of dis-
parate groups with ancient origins that predate the asco-
mycetes and basidiomycetes. For a long time, we have
been uncertain about the evolutionary relationships of
these groups that arise near the base of the fungal tree
of life. However, this murky picture is of little concern
to plant pathologists, as all of the significant plant patho-
genic zygomycetes belong to a single lineage, the fungal
subphylum Mucoromycotina, order Mucorales.

Zygomycetes that do not belong to the Mucoro-
mycotina fall into a few other major lineages. Their
various lifestyles include parasitizing other soil micro-
fauna like amoebae (e.g., order Zoopagales), growing as
parasites in the guts of insects (e.g., orders Harpellales
and Asellariales), colonizing animal dung (e.g., order
Kickxellales), living in soil (e.g., Mortierella), and forg-
ing mycorrhizal partnerships with mosses (Endogone
spp.). Arbuscular mycorrhizal fungi, which are all obli-
gate symbionts of plant roots, were once classified among
zygomycetes, but now boast their own distinct phylum,
Glomeromycota. It is likely that other “zygomycete”
groups will also be recognized as new phyla as we learn
more about them.

The order Mucorales is a well-defined group of fungi
with coenocytic hyphae. That is, the hyphae generally
lack septa, although septa may be produced occasion-
ally to delineate reproductive organs or wall off damaged

areas or older mycelium. The nuclei within the hyphae
are haploid. Mucoralean fungi reproduce asexually by
producing sporangia containing one or often many spo-
rangiospores. The globose sporangia are held aloft on
long stalks called sporangiophores, which can be tall
enough to be seen with the naked eye—a mass of them
lends a colony a distinctly hairy appearance.

These fungi are typically heterothallic; each haploid
strain is one of two alternate mating types. The sexual
cycle involves mating between strains of compatible mat-
ing types via special inflated cells called gametangia.
The gametangia fuse at their tips, merging their cyto-
plasm, and for a brief time they are dikaryotic, then dip-
loid as the nuclei go through karyogamy. At the point of
fusion, a globose cell or sporangium develops, in which
a single, dark zygospore is formed (Figure 10.1). Inside
the zygospore, meiosis occurs at some point prior to the
germination of the zygospore via sporangium produc-
tion. Zygospores are typically thick-walled and may
serve as resistant structures during winter or drought.
In mucoralean fungi, the alarmingly hairy patches of
asexual sporangia on the host surface represent the domi-
nant reproductive state, and the sexual stage is of minor
importance in the disease cycle. However, genetic recom-
bination during zygospore formation is likely key to the
evolution of novel traits such as fungicide resistance or
cold temperature tolerance.
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FIGURE 10.1 Dark, sexual zygospores (Z) of Rhizopus
sp., formed at the point of fusion between two gametan-
gia (G) of compatible mating types. (Courtesy of Curtis
Clark; [CC-BY-SA-3.0 (http://creativecommons.org/licenses/
by-sa/3.0)], via Wikimedia Commons; http://commons.wiki-
media.org/wiki/File:Rhizopus_zygospores.jpg.)

ZYGOMYCETES AS PLANT PATHOGENS

Most members of Mucorales are saprobic, growing
on dead plant parts, dung, or in soil. A few have plant
pathogenic abilities. All economically significant plant
pathogenic zygomycetes belong to the order Mucorales,
in the fungal subphylum Mucoromycotina. These fungi
have often been called “pin molds” because of their long-
stalked fruiting bodies with rounded heads full of asex-
ual spores.

The genus Rhizopus includes the most significant
plant pathogens; a few others are minor players. Rhizopus
species are amazing fungi. They include opportunis-
tic human pathogens that need to be diagnosed and
treated quickly because of their horrifying rate of growth
through human flesh. One species is used to prepare tem-
peh, an Indonesian food made from cooked soybeans
fermented by Rhizopus oligosporus. The common bread
mold Rhizopus stolonifer can fill a Petri dish and burst
out under the lid in just 4 or 5 days, and it often eats my
strawberries in the refrigerator before I can.

PATHOGENESIS

Rhizopus and kin are necrotrophic pathogens that do
not directly invade living plant cells. Some are important
postharvest pathogens, particularly of fruits. They pro-
duce and excrete a small arsenal of enzymes that break
down the pectins that make up the middle lamella of a
plant’s cell wall. This process causes plant cells to fall
apart, and then the unrestrained turgor of the cell makes
them lyse—this process gives the zygomycete rots a wet
appearance. Only one species, Rhizopus microsporus, is
known to produce a toxin that is a pathogenicity factor—
its intriguing story is described in Case Study 10.1.

Kathie T. Hodge

Invasion of a host is often through wounds, but under
wet conditions, the fungi may be able to invade directly
through the host cuticle. In some cases, fungi that infect
the flowering heads may become seedborne and thus are
vertically transmitted. Under permissive conditions, the
fungus emerging from the seed after germination may
cause damping-off of the seedling. When conditions are
not permissive, the fungus may nevertheless be intro-
duced to the field where the seeds are planted and persist
in the soil.

The ability of Rhizopus species to degrade cell walls
makes them useful in flax retting, in which flax fibers
are separated from other stem materials by microbial
fermentation. Some species see industrial use as sources
for pectin-degrading enzymes. These fungi are not par-
ticularly adept at degrading cellulose, but they do swiftly
degrade many plant sugars and polysaccharides, and
under ideal conditions, they grow extremely rapidly.

IMPORTANT ZYGOMYCETES

Relatively few zygomycetes are plant pathogens. Most
belong to the genus Rhizopus, named for its character-
istic “root feet” (Figure 10.2). The genera Choanephora,
Gilbertella, Blakeslea, and Mucor include a few other
plant pathogens. The most significant of this small group
is R. stolonifer. It can grow very swiftly when conditions
are right, and it sporulates profusely on the plant surface.
It can be impressively hairy (Figure 10.3).

Rhizopus and Mucor Rots

Wet rots of many different fruits, vegetables, and orna-
mentals are caused by a number of zygomycetes. Among
them, R. stolonifer is the main cause, but other species of
Rhizopus and Mucor can cause similar symptoms. These
fungi are ubiquitous in soil and may sporulate profusely
on decayed fruits on the soil surface.

Wounds may predispose fruits to infection, but
unwounded plants can also be susceptible when condi-
tions are wet. Fruit flies and other insects may spread
spores among ripe fruits, and birds can distribute spores,
particularly on confectionary sunflowers, which birds
love even more than people do.

Rhizopus rots affect over 300 kinds of fruit, flowers,
and vegetables. In strawberries, it is often called “straw-
berry leak,” because the affected fruits bleed copious
amounts of red juice as they rapidly decay (Figure 10.3).
Other victims include jackfruit, cherries, flowers, seeds
(sunflower and amaranth), and vegetables like summer
squash and sweet potato. On ornamentals such as poin-
settia, Rhizopus rot is infrequent, but can be devastating
when conditions are right (Figure 10.4). Wet conditions
with little airflow promote infection, and the disease may
develop rapidly when ornamentals are packed in plastic
sleeves for shipment.
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CASE STUDY 10.1

RHizopus MiCROSPORUS AND I1s SYMBIONT-DERIVED TOXINS

Rhizopus seedling blight of rice, caused by the fungus R. microsporus, is an important disease of rice seed-

lings in Asia.

This fungus, unique among zygomycetes, produces a toxin that acts as a pathogenicity factor, rhizoxin

(Figure 10.5).

Rhizoxin inhibits cell division, causing characteristic swelling of the rice root and facilitating invasion by the

fungus.

Surprised researchers found that the toxin is not produced by the fungus itself but by bacteria (Burkholderia

rhizoxinica) that live in the lumen of hyphae as endosymbionts. Without its bacterial symbiont, the fungus

cannot infect rice.

* The bacteria live within fungal cells (Figure 10.6).

e They produce rhizoxin, a toxin that inhibits mitosis in the plant host by binding beta-tubulin and disrupting
mitotic spindle formation.

* The bacterial toxin contributes to the necrosis of rice cells, allowing the fungus to invade.

* The fungus is resistant to rhizoxin, permitting it to harbor the bacteria without itself being damaged.

* The bacteria constrain host reproduction—a fungus that loses its endobacteria cannot produce sporangia.

Researchers are looking for ways to control the disease by controlling the bacterium itself.

Because it inhibits mitosis and cell division, rhizoxin is a chemical of some promise in the treatment of human

cancers.

Note that some other strains of R. microsporus produce rhizonins, potent cyclopeptide toxins that damage

mammalian livers. These toxins do not seem to be important in infecting the plant host, but they may contrib-

ute to food spoilage. They are produced by a different endosymbiotic bacterium, Burkholderia endofungorum.
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FIGURE 10.2  Rhizopus stolonifer. (a) A spherical sporangium (SG) is held aloft on a stout stalk (sporangiophore: SP) as the spores
(white arrow) develop inside. (b) Its fragile outer wall breaks soon, releasing a mass of spores and revealing the lollipop-like colu-
mella inside, which is obscured by spores. (c) A cluster of root-like rhizoids (R) anchor the sporangium to the substrate. The fungus
often produces arching side-shoots or stolons (ST), on which new sporangia are formed. (Courtesy of K. Hodge.)

Good field sanitation may diminish the amount of
Rhizopus inoculum. Because the disease is most often a
postharvest problem, fungicides and temperature control
can also be important in disease control. Temperature
control is especially key in controlling postharvest rots of
stone fruits and pears caused by Mucor piriformis, which
can grow at lower temperatures than most of its kin (see
Case Study 10.2). Water used to hydrocool fruits after

harvest can spread spores if not kept clean and chlorinated.
A fungicide with good activity against zygomycetes may
be needed to protect ripe fruit such as cherries on their way
to market. Dichloran, one such fungicide, is often added to
agar media that is used to culture a range of food spoilage
fungi. It preferentially inhibits the growth of most Rhizopus
and Mucor strains, which can grow so quickly that they
grow right over other fungi that develop more slowly.
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Most Rhizopus and Mucor rots proceed in a similar
manner: host cells die because of enzymatic damage to
cell walls. However, R. microsporus relies on a different
mechanism of pathogenesis. It causes rice seedling blight
by using toxins to kill cells, which it can then digest. It
was a great surprise to researchers to find that these tox-
ins, rhizoxins, are not produced by the fungus itself, but
by a bacterial endosymbiont.

Rhizopus stolonifer is a versatile and powerful fun-
gus. It is often found in homes, growing in damp places,
and is common in compost and soils worldwide. It and

FIGURE 10.3 Time sequence of Rhizopus rot of strawberry,
also called “strawberry leak.” Few fungi can match the speed
of Rhizopus stolonifer once it starts. (a) Time zero, (b) 36 h,
(c) 44 h, and (d) 58 h elapsed. (Courtesy of Kent Loeffler.)

Kathie T. Hodge

several related species can be opportunistic human
pathogens, causing a disease called zygomycosis.
People and animals with healthy immune systems are
very rarely affected, but patients with poor immunity
or extensive injuries occasionally acquire Rhizopus or
Mucor infections that advance rapidly through tissues—
they can be quickly fatal. Do not worry; your chances
of acquiring an infection from a fuzzy strawberry are
vanishingly small.

Choanephora

Choanephora is a genus of only two species, both of
which are plant pathogens of relatively minor impor-
tance. It differs from Rhizopus and Mucor in producing a
second type of asexual sporangium called a sporangiole.
A sporangiole is small, lacks a columella, and contains
a small number of spores. Choanephora infundibulifera
causes Choanephora leaf blight of soybean and may
cause a pod rot of other legumes.

Choanephora cucurbitarum is best known for caus-
ing a rot of summer squashes (Figure 10.7) and other
cucurbits. It can attack a variety of other crops, includ-
ing amaranth, various brassicas, peppers, and ornamen-
tals including dahlia, hibiscus, petunia, and zinnia. It is
often acquired in the field by water splash or wind disper-
sal of the spores, but can also become seedborne when
it affects flowers. In the seed, the fungus may kill the
embryo, preventing germination, or it may bide its time
and later cause damping-off of a seedling. Seed infec-
tion may introduce the fungus into soil in locations where
Choanephora diseases were previously absent.

Gilbertella

Gilbertella persicaria causes rot in fruit such as peaches,
nectarines, pears, and tomatoes. It resembles Rhizopus,
but lacks rhizoids, and is further distinguished by the
unusual method by which its sporangia open—they split

FIGURE 10.4 (a) Rhizopus rot of poinsettia. (b) Wetness due to packing or poor ventilation of ornamentals favors the development

of Rhizopus stem rots. (Courtesy of Margery Daughtrey.)
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CASE STUDY 10.2

Mucor piriFormis: SHALL | EAT A PEacH?
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* Mucor wet rot can be an important postharvest disease of peaches and other stone fruit in cold storage, par-

ticularly in western North America.

e Zygomycetes really like peaches: Fruit rots caused by M. piriformis greatly resemble rots caused by Rhizopus

and Gilbertella.

e Unlike most fungi, M. piriformis can grow in cold storage at temperatures as low as 3°C.

e When temperatures in cold storage are too high, M. piriformis can quickly spread through whole cases of fruit.

e It may also be a problem during long-distance shipping when temperature is not well controlled.

* Good sanitation, postharvest fungicide application, and careful temperature control are key in managing this
disease.

FIGURE 10.5 Rhizoxin, a toxin produced by a bacterium,
Burkholderia rhizoxinica, lives within the cells of Rhizopus
microsporus, enabling it to infect rice. From https://commons
wikimedia.org/wiki/File:Rhizoxin.png [accessed Jul 2, 2016].)

FIGURE 10.6 Confocal laser scanning micrographs of fungi
after microinjection with green fluorescent protein (GFP)-labeled
bacteria. (a) Hypha showing bacteria migrating to the tip (scale
bar represents 25 um). (b) A single vegetative spore containing
a rod-shaped GFP-labeled endobacterium (scale bar represents
2 um). (c and d) Sporangiophores, sporangia, and spores formed
after restitution of the symbiosis (white light and fluorescence
mode, scale bar represents 30 um). (From Partida-Martinez, L.P.,
et al., Curr. Biol., 17, 773-777, 2007. With permission.)

FIGURE 10.7 Choanephora rot of summer squash caused by
Choanephora cucurbitarum. (Courtesy of Michelle Grabowski.)

in half longitudinally and release spores that are crowned
with slender appendages. In peach orchards, Gilbertella,
Mucor, and Rhizopus rots are often found together and
strongly resemble each other on fruit: gray and hairy. As
the three fungi differ in their sensitivity to fungicides, it
may be important to know which is prevalent in a given
orchard. Wounding facilitates infection. The pathogens
persist in soil, so soil contact must be avoided. After
harvest, hydrocooling the fruit in chlorinated water and
application of postharvest fungicides can help suppress
fruit rot in vulnerable growing regions. Chlorine can kill
spores, but will not halt an infection that is already in
progress.

Other Zygomycete Pathogens

Blakeslea trispora has been reported as a plant patho-
gen in India and southeastern Asia. It is more often found
as a soil-associated saprobe. Its greatest claim to fame,
however, is in industrial production of beta-carotene and
lycopene as food additives and nutritional supplements.
The fungus synthesizes a precursor to these compounds,
trisporic acid, as a part of its sexual cycle.
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LABORATORY EXERCISES

ExPERIMENT 10.1. OBSERVATION OF RHIZOPUS
STOLONIFER ASEXUAL STRUCTURES

Identification of plant pathogenic zygomycetes requires
knowledge of their key asexual characteristics. The pur-
pose of this exercise is to learn to mount and observe
zygomycete structures using a compound microscope.
Because their structures tend to be larger than most other
plant pathogenic fungi, observation using a dissecting
scope can help students develop a sense of the character-
istic colonies and mycelia.

Cultures in Petri dishes are appropriate for this
exercise, but infected fruit may also be used. Strawberries
can be easily infected with R. stolonifer by using a scal-
pel or pin tool to insert spores or a fragment of an agar
culture into a wound. Place the inoculated strawberry in
a moist chamber, and after 3-5 days at room temperature,
asexual sporangia can be observed on the fruit surface.

Materials

The following materials are needed for each student or
pair of students:

e Petri dish cultures of one or more species of
Rhizopus, Mucor, or Phycomyces

* Potato dextrose agar (PDA) medium

* Pencil and paper

* Compound and dissecting microscopes

Kathie T. Hodge

* Glass slides and coverslips

* Dropper bottle containing a mounting medium
such as water or lactic acid cotton blue

e Tissues or bibulous paper for blotting excess
mounting medium

* Two pin tools and/or scalpels with #11 blade

* Alcohol lamp or Bunsen burner for sterilizing
tools and a striker or match

Follow the instructions outlined in Procedure 10.1 to
complete the experiment.

Anticipated Results

Rhizopus and kin grow rapidly in culture on PDA and
other media and readily produce asexual sporangia.
Sexual structures are not expected to develop because
these fungi are usually heterothallic. Students should be
careful to distinguish the outer sporangial wall from the
columella: the outer wall often breaks down, releasing its
spores, and the smaller columella may be mistaken for a
young sporangium (see Figure 10.2).

Questions

e Describe the color and texture of the culture,
and note its age. Could you recognize a muco-
ralean plant pathogen using only a dissecting
microscope?

e Using the compound microscope, describe
and draw the asexual reproductive structures
of the fungus: coenocytic hyphae, sporangia,

Procedure 10.1
Observation of Asexual Structures of Zygomycetous Fungi

Step

Instructions and Comments

Observe the culture by placing the Petri dish on the stage of the dissecting microscope. Begin at low power,
and increase magnification. Notice the pin-shaped asexual sporangia and other features of the culture.

While leaving the culture on the stage of the dissecting scope, open the dish and use a flame-sterilized pin tool
or scalpel to remove a small amount of material including the sporangia. Avoid scraping up much agar, and in
general aim for a small wisp of fungus. Transfer the material to a drop of mounting medium (water) on a glass
slide. If it forms a clump, use two pin tools to tease it apart a little. Mounting too much material is a common
cause of frustration—you want to be able to see through your sample and observe individual structures. Once
the material is spread, gently apply a cover slip, tapping it down with a pencil eraser or the handle of the pin
tool. Do not use your finger—fingerprints look rather interesting under a microscope, but they will obscure
your view. If there is excess mount fluid, blot it away at the edge of the cover slip with bibulous paper or a
tissue.

Observe your slide under the compound microscope, beginning with a low power lens such as 4x or 10x objec-
tive. First, move the stage around to look at what you have captured and get a sense of how the fungus is orga-
nized. Next, increase the magnification to see more detail: the 40x objective is probably sufficient. Look for the
characteristic structures of Mucoralean fungi: coenocytic hyphae, the sporangium, the sporangiophore topped
with an inflated columella, and the sporangiospores. If you are examining a Rhizopus species, look also for sto-
lons and rhizoids. Once you have seen these structures, prepare a drawing, including a scale bar to indicate size.
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sporangiophores, columellae, and in the case of
Rhizopus spp., rhizoids and stolons.

* Are the spores of the fungus smooth or striated?

* Observe the attachment of the sporangium wall to
the columella. This feature is often important in
the identification of mucoralean fungi. In some,
the columella is entirely inside the sporangium;
in others, the columella bulges out the bottom.
The latter is called an apophysate sporangium.
Does your fungus have apophysate sporangia?

EXPERIMENT 10.2. OBSERVATION OF
MATING IN PHYCOMYCES

Heterothallic mating and formation of sexually recom-
binant zygospores are key features of the life cycle of
mucoralean fungi. Although this stage is not essential to
the disease cycle, it may allow a pathogenic fungus to
respond to strong selection pressures such as fungicide
application, cold temperature storage, or host resistance.

Although Phycomyces species are saprobes and not
plant pathogens, they make a tractable and rather spectac-
ular system for observing zygosporogenesis in Petri dish
culture. Alternatively, this experiment could be done with
two compatible strains of a plant pathogenic Rhizopus
species. Compatible Phycomyces strains will mate read-
ily on many different media that contain at least some
thiamine. We suggest cornmeal agar (CMA) because it
is relatively weak and therefore suppresses aerial growth
that might conceal the mating structures.
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Materials

The following materials are needed for each small group
of students:

 Petri dish cultures of Phycomyces blakesleeanus
or Phycomyces nitens: one of each mating type

+ CMA

e Parafilm®

* Pencil and paper

* Permanent marker

e Compound and dissecting microscopes

* Glass slides and coverslips

* Dropper bottle containing a mounting medium
such as water or lactic acid cotton blue

e Tissues or bibulous paper for blotting excess
mounting medium

* Two pin tools and/or scalpels with #11 blade

* Alcohol lamp or Bunsen burner for sterilizing
tools and a striker or match

Follow the instructions outlined in Procedure 10.2 to
complete the experiment.

Anticipated Results

Phycomyces species are heterothallic and readily undergo
sexual reproduction in the lab when compatible strains
are paired on CMA or other media (must contain a trace
of thiamine). Students will be able to observe the stages of
mating and zygospore formation at the interface between
the colonies of compatible mating types (see Figure 10.1).

Procedure 10.2
Observation of Mating and Sexual Structures of Phycomyces

Step Instructions and Comments

1 Approximately 2 weeks before the laboratory, obtain or revive two cultures of Phycomyces species: one of

each mating type (4 and —). They should be growing vigorously before they are coinoculated on a mating

plate. At this stage, the choice of culture medium is unimportant: PDA or a similar rich medium works well.

The fungus will likely produce its impressively long sporangiophores in culture.
2 Prepare the mating plate by labeling the Petri dish containing CMA: On the agar side of the dish, use a marker

to write the fungus name, the date, and time near the edge. Mark “+” and “-” at the points on the underside

of the agar plate where you will inoculate the plate with strains of the two mating types. Aim for the strains

to be 3—4 cm apart near the center of the dish.

3 Working under sterile conditions in a transfer hood, use a flame-sterilized scalpel to cut a small cube of the

“+” culture from near the growing edge of the colony. Place it on the agar surface of the mating plate over the

9

“+” mark. Do the same for the culture.

4 Use a dissecting microscope to monitor the plate over the next week, paying close attention to the zone of

contact between the two strains.

5 Observe and draw the gametangia, the developing zygospore, and the spiny, branching appendages.
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Expect mating to begin about 4 days after inoculat-
ing the mating plate, and zygospores begin to form 4-7
days after that. Ideally, students should observe their
mating plates several times during the process, but in
general, each plate will contain a number of stages at
the same time in the week after the two strains grow
together.

Questions

e Because of the twining of basal hyphae at the
agar surface, you will not be able to be certain
which parent gametangium is “+” and which
is “=” Is there any difference between the two
gametangia in each mating?

* Each parent mycelium is haploid. Consider the
nuclear events going on during mating. Where
do meiosis and karyogamy occur?

e Although we will not observe it, after dor-
mancy is broken, the zygospore will germinate
by forming a small sporangium. What is the
nuclear state and mating type(s) of the sporan-
giospores inside?
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’I ’I Taphrinomycete and
Saccharomycete Pathogens

Margery L. Daughtrey, Kathie T. Hodge, and Nina Shishkoff

CoNcEPT Box

e Taphrina and Protomyces are two genera of Taphrinomycetes, an early diverging clade of Ascomycota.

e Both Taphrina and Protomyces have a saprobic yeast stage and a parasitic mycelial stage during which asci are

formed.

e The asci of Taphrina and Protomyces are naked (not contained in an ascocarp).

e Typical symptoms of diseases caused by Taphrina or Protomyces are galls, leaf curls, and leaf spots.

e Peach leaf curl is a common disease caused by 7. deformans.

e Eremothecium is unusual in that it is a plant pathogen within the Saccharomycetes (ascomycetous yeasts).

Taphrinomycete and saccharomycete pathogens cause a
number of obscure diseases as well as some commonly
recognized problems such as peach leaf curl and oak leaf
blister. Many of the diseases discussed in this chapter
affect weeds or native plants rather than cultivated spe-
cies, which tend to receive the most attention from plant
pathologists. The plant—pathogen interactions in these
groups are unique and quite fascinating.

Phylogenetic studies based on DNA sequences
reveal three major lineages (subphyla) within
Ascomycota: Taphrinomycotina, Saccharomycotina, and
Pezizomycotina (Hibbett et al., 2007; Kurtzman, 2011).
Taphrinomycotina (roughly approximate to the previ-
ous name Archiascomycetes) appear to have diverged
before Saccharomycotina (ascomycetous yeasts) and
Pezizomycotina (filamentous ascomycetes).

TAPHRINOMYCETE PATHOGENS

There are four classes in the subphylum Taphrinomycotina:
Neolectomycetes, Pneumocystidomycetes, Schizosaccha-
romycetes, and Taphrinomycetes; each of these is com-
posed of a single order (Hibbett et al., 2007). Although
they are known to associate with trees, it is not
known whether Neolectomycetes are plant pathogens.
Pneumocystidomycetes are yeast-like animal patho-
gens; and Schizosaccharomycetes are fission yeasts.

The plant-parasitic Taphrinomycetes undergo sexual
reproduction that is ascogenous, but lack ascogenous
hyphae and ascocarps. The single order in this class,
Taphrinales, includes two families, Protomycetaceae
and Taphrinaceae, both of which contain exclusively
plant pathogens. Members of these families produce both
yeast-like and mycelial states; they lack defined fruiting
bodies; and asexual reproduction occurs by budding.

PROTOMYCETACEAE

Protomycetaceae includes six genera (Burenia, Proto-
myces, Protomycopsis, Saitoella, Taphridium, and
Volkartia) (Table 11.1). The genus Protomyces causes
galls on leaves, stems, flowers, and fruit of plants in
Apiaceae (dill family) and Asteraceae (composite fam-
ily). Protomyces macrosporus, for example, causes a
leaf gall of wild carrot (Daucus carota); it has been
reported to occur in 26 plant genera, including 14 in
Asteraceae. Protomyces gravidus causes a stem gall on
giant ragweed (Ambrosia trifida) in the United States
(Figure 11.1) and affects tickseed (Bidens). Of the
other members of the family Protomycetaceae, Burenia
and Taphridium occur only in Apiaceae, whereas
Protomycopsis and Volkartia occur only in Asteraceae.
These three genera cause color changes or galls and
spots on their hosts.
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TABLE 11.1

Kingdom Fungi

Phylum Ascomycota
Subphylum Taphrinomycotina
Class Taphrinomycetes
Order Taphrinales
Family Taphrinaceae
Genus Taphrina

Fungi
Ascomycota
Taphrinomycotina
Taphrinomycetes
Taphrinales
Protomycetaceae

Burenia, Protomyces, Protomycopsis, Saitoella,
Taphridium, Volkartia

FIGURE 11.1 Diseases caused by Protomyces and Taphrina.
Stem gall of giant ragweed (Ambrosia trifida) caused by
Protomyces gravidus. (From Holcomb, G.E., Plant Dis., 79(8),
1995, cover. With permission.)

Protomyces produces an intercellular, probably
diploid, mycelium and thick-walled intercalary ascog-
enous cells that form in the host tissue. These cells are
sometimes mistaken for the spores of smuts, such as the
white smut, Entyloma (Preece and Hick, 2001). The
ascogenous cells of Profomyces overwinter and in the
spring either produce a synascus themselves or form a
vesicle that serves as a synascus. A synascus is a com-
pound ascus. Inside the multinucleate synascus, meiosis
apparently occurs for each nucleus, and then the four
spore mother cells thus formed from each nucleus con-
tinue to divide mitotically to form many ascospores.
Hundreds of these spores are forcibly released en masse,
and they continue budding after release. Fusion of two
compatible ascospores forms a (probably diploid) cell
that grows into a hypha that can infect leaves once again.

TAPHRINACEAE

The genus Taphrina was created in 1832 by Fries; it is
the only genus of the Taphrinaceae (Table 11.1). Species

concepts in Taphrina have changed over the years—it
originally included some 95 species (Mix, 1949), but
lately 28 species have been defined on the basis of molec-
ular analysis (Fonseca and Rodrigues, 2011); additional
species will likely be accepted after further research.
Taphrina species are parasites of members of many plant
families. Those on ferns generally differ from species that
attack angiosperms in having thin, clavate asci. The fern
hosts of Taphrina show some very elaborate symptoms:
Taphrina cornu-cervi causes antler-shaped galls on the
fern Polystichum aristatum Presl. and T. laurencia causes
highly branched bushy protuberances on the fronds of
Pteris quadriaurita in Sri Lanka. The fern-parasitizing
Taphrina species are in need of further research.

Although Taphrina spp. affect many herbaceous and
woody plants, the symptoms that they cause are often
overlooked. The woody plant hosts that occur in the
United States and Canada are shown in Table 11.2. Some
of the most frequently encountered Taphrina diseases are
those affecting the genus Prunus—a number of species
occur on plums, apricots, and cherries. Taphrina pruni
causes deformed fruits called “plum pockets” or “blad-
der plums” on plums and related species. The witches’
brooms caused by 7. wiesneri on Japanese flowering
cherries caused some concern in Washington, DC, in the
1920s, but these perennial infections were successfully
eradicated by pruning (Sinclair et al., 1987).

Taphrina species often cause small, yellow leaf spots
that may or may not be thickened or blistered into con-
cave or convex areas; these often turn brown with age
(Figure 11.2). Spots on maples (Acer species) caused by
a number of different Taphrina species may be brown
to black. Asci generally appear as a white bloom on
one or both leaf surfaces within the areas colonized by
Taphrina. Twig deformation, galls, witches’ brooms, and
distorted inflorescences of fruit are also possible. Alder
cones infected by T. robinsoniana show antler-shaped
outgrowths (Figure 11.3).

Within the host, Taphrina forms a dikaryotic myce-
lium that is intercellular and subcuticular or that stays
within the epidermal wall. Eventually the hyphae form
a mass beneath the cuticle and rounded ascogenous cells
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TABLE 11.2

Taphrina Species and Their Woody Plant Hosts Reported in the United States and Canada

Plant Host
Acer spp.

Aesculus californicus

Alnus spp.

Amelanchier alnifolia
Amelanchier sp.

Betula spp.

Carpinus caroliniana
Castanopsis spp.
Corylus

Malus

Ostrya virginiana

Populus spp.

Potentilla spp.

Prunus spp.

Pyrus sp.
Quercus spp.

Rhus spp.

Pathogen Species

Taphrina aceris, UT

T. carveri, ¢, s USA, ONT

T. darkeri, nw USA, w Can

T. dearnessii, c, e NA

T. letifera, e, nc USA, NS

T. sacchari, c, e USA, QUE

T. aesculi, CA, TX

T. alni (catkin hypertrophy), AK, GA, ¢ Can, Eur, Japan
T. japonica, nw NA, Japan

T. occidentalis (catkin hypertrophy), nw NA, QUE

T. robinsoniana (catkin hypertrophy), c, e NA

T. tosquinetii (catkin hypertrophy), NH, NS, Eur

T. amelanchieris (witches’ broom), CA

T. japonica, CA

T. americana (witches’ broom), NA

T. bacteriosperma, n hemis

T. boycei, NV

T. carnea, ne USA, e, w Can, Eur

T. flava, ne USA, e Can

T. nana, WY, e, w Can, Eur

T. robinsoniana, NA

T. australis, e USA, ONT

T. castanopsidis, CA, OR

T. coryli, USA, Japan

T. bullata, WA, Eur

T. virginica, c, e US, e Can

T. johansonii (catkin hypertrophy), USA, e Can, Eur, Japan
T. populi-salicis, nw NA

T. populina, n hemis

T. rhizophora NY, W1, Eur

T. potentillae, USA, Eur

T. armeniacae, USA

T. communis, (plum fruit hypertrophy), NA

T. confusa (chokecherry fruit hypertrophy, witches’ broom), USA, e Can
T. farlowii (cherry leaf curl, fruit and shoot hypertrophy), c, e USA
T. deformans, cosmopolitan

T. flavorubra (cherry and plum fruit and shoot hypertrophy)
T. flectans (cherry witches’ broom), w USA, BC

T. jenkinsoniana, NV

T. mirabilis, e and s USA

T. pruni (plum pockets), n hemis

T. pruni-subcordatae, (plum witches’” broom), w USA
T. thomasii (witches’ broom on holly-leaf cherry), CA
T. wiesneri (cherry witches’ broom) cosmopolitan

T. bullata, WA, BC, Eur

T. caerulescens, NA, Eur, n Africa

T. purpurescens, c, e USA, Eur

(continued)
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TABLE 11.2 (CONTINUED)

Taphrina Species and Their Woody Plant Hosts Reported in the United States and Canada

Plant Host
Salix laevigata
Sorbopyrus auricularia

Ulmus americana

Pathogen Species

T. populi-salicis, CA

T. bullata, BC

T. ulmi, ¢, e USA, QUE, Eur

@ Diseases caused by the fungi listed for each host genus are leaf blisters or curls unless otherwise noted. Geographic distributions are identified with

postal abbreviations of states and provinces or more broadly as follows: c, central; e, east; n, north; s, south; w, west; Can, Canada; Eur, Europe;
hemis, hemisphere; NA, North America. A number of fungi in this table have not yet been confirmed as distinct species by molecular analysis.

Source: Courtesy of W.A. Sinclair, Cornell University.

FIGURE 11.2 Taphrina purpurescens leaf blister of dwarf
sumac (Rhus copallina). Affected leaves display red-brown
blisters. (Courtesy M.L. Daughtrey.)

develop, in which karyogamy takes place. Each of these
cells is then divided by a septum into two: the lower cell
becomes the stalk and the upper will become the ascus.
Meiosis occurs in the upper cell, then a second mitotic divi-
sion, yielding eight haploid nuclei that are then packaged
into eight ascospores. There are no ascocarps, purely naked
asci (Figure 11.4). Ascospores in many species bud within
the ascus, packing the ascus with blastospores. This bud-
ding may continue after spores are forcibly discharged
from the ascus. Much of the Taphrina life cycle is spent in
the saprotrophic yeast state, during which the fungus is
haploid and uninucleate. For some of these haploid yeasts,
the dikaryotic state and the host plant it parasitizes are not
known (Fonseca and Rodrigues, 2011). Taphrina species
generally overwinter as haploid blastospores in bud scales
or on bark, although in a few cases overwintering is accom-
plished by means of perennial dikaryetic mycelium within
the host. For many Taphrina species, the details and loca-
tion of mating and dikaryotization are not known.
Cultures made from ascospores or blastospores of
Taphrina grow slowly on artificial media as pale pink yeast

FIGURE 11.3 Catkin hypertrophy on hazel alder, Alnus
serrulata, caused by Taphrina robinsoniana. (Courtesy M.L.
Daughtrey.)

FIGURE 11.4 Asci of Taphrina purpurescens. The asci
are “naked,” that is, they are produced directly from the host
tissues and not inside an ascocarp. Several ascospores can be
seen in the ascus at the center. (Courtesy M.L. Daughtrey.)

colonies. Without the knowledge of the parasitic phase of
the organism, the fungus in culture might be mistaken
for one of the pink basidiomycetous yeasts that are com-
mon in plant tissue. Molecular methods are important for
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the identification of such cultures. They have also been
employed for the detection of 7. deformans in washings
from symptomless peach buds (Tavares et al., 2004).
PCR fingerprints have been used to distinguish a number
of species of Taphrina occurring on alder (Alnus spp.)
that would otherwise be inseparable based on yeast phase
characteristics (Bacigalova et al., 2003).

Some important diseases are caused by Taphrina.
Most diseases caused by Taphrina attract the attention
of only the most curious observer. Two stand out as more
obvious and damaging to cultivated plants: oak leaf blis-
ter caused by T. caerulescens (see Case Study 11.1 and
Figure 11.5) and peach leaf curl caused by T. deformans
(see Case Study 11.2 and Figure 11.6).

Taphrina deformans causes the best-known disease
in this group, peach leaf curl. This disease is notorious
because it causes striking symptoms and significant dam-
age on economically important hosts. Peaches, nectarines,
and almonds are affected (possibly by different strains); the
disease occurs all over the world where peaches are grown,
but has a more limited geographic occurrence on its other
hosts. Tissues of peach leaves that are infected when they

CASE STUDY 11.1

TAPHRINA CAERULESCENS: OAK LEAF BLISTER
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are still undifferentiated later show yellow, pink or reddish
areas that are buckled and curled into weird shapes; entire
leaves may be distorted (Figure 11.6). Cynthia Westcott
(1953), a noted ornamental pathologist, described peach
leaves as sometimes looking “as if a gathering string had
been run along the midrib and pulled tight.” The leaf distor-
tion results from growth-regulating chemicals secreted by
the fungus: cytokinins and auxins are produced by some
Taphrina species. Leaf drop may lead to poor fruit qual-
ity and weaken trees. The young peach fruits may be dis-
torted or show reddish warty spots lacking the usual fuzz;
infected twigs are swollen. The blistered portions of leaves
or fruit develop a powdery gray coating of naked asci on
the upper surface. After the ascospores are released, the
diseased leaves sometimes turn brown, wither, and drop.
Ascospores that land on the surface of a peach tree
will bud to produce a saprotrophic, epiphytic yeast
phase. During the summer, fall, and winter, the fungus
lives thus invisibly and harmoniously on the peach tree.
This haploid inoculum can persist on the host plant for
several years. In the spring, expanding leaf buds are
subject to fungal invasion when plant surfaces are wet

e Oak leaf blister affects about 50 species of white and red oaks, but is particularly significant on red oaks in

the southern United States.
e Haploid ascospores overwinter on bud scales.

e Infection occurs during wet periods in springtime.

» Affected leaves display yellow to brown blisters on the leaves, leaf curling, and leaf drop (Figure 11.5).

* A layer of naked asci forms between the leaf cuticle and epidermis and then swells to break the cuticle before

forcibly discharging ascospores.

» Control measures are not usually necessary for oak leaf blister because the disease does not usually result in
leaf drop or reduced vigor.

FIGURE 11.5 Leaf blister of red oak (Quercus sp.) caused by
Taphrina caerulescens. (Courtesy M.L. Daughtrey.)

FIGURE 11.6  Peach leaf curl caused by Taphrina deformans.
(Courtesy M.L. Daughtrey.)
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for a minimum of 12.5 h (Rossi et al., 2006). Cool tem-
peratures (lower than 16°C) during a wet period allow
infection, and temperatures below 19°C are required for
disease development. Disease susceptibility is negatively
correlated with the rate of host shoot development. The
fusion of two yeast cells is thought to form the mycelium
that infects the plant. Asci later form beneath the cuticle
of the host and then burst through to release wind-dis-
persed, haploid ascospores (Rossi et al., 2007).

Although the pathogen stays in constant contact with
its host, infection by the parasitic phase of T. deformans
occurs only on immature leaves, during a series of infec-
tion periods in early spring (Rossi et al., 2007). Thus,
by the time the symptoms are noticed, weeks later, it is
generally too late to achieve any disease control in that
same year. Environmental factors such as the timing of
spring rains and the severity of the preceding winter will
influence how extensive disease symptoms are from one
year to the next. Because the fungus overwinters on the
surface of the host, this is one of the few diseases that

CASE STUDY 11.2

TAPHRINA DEFORMANS: PEACH LEAF CURL

Margery L. Daughtrey, Kathie T. Hodge, and Nina Shishkoff

can be controlled with spray treatments at the close of
the growing season. Dormant sprays in late fall or treat-
ments before bud swell in the spring can curb infection.
Lime-sulfur and Bordeaux mixture have traditionally
been used in this fashion. Other effective fungicides
include chlorothalonil, fixed coppers, ferbam, or ziram.
Chemical control is used for only a few other diseases
caused by Taphrina species, primarily those affecting
plums and cherries.

SACCHAROMYCETE PATHOGENS

Most ascomycetous yeasts (Saccharomycetes) are not plant
pathogens, but the genus Eremothecium (syn. Ashbya,
Holleya, Nematospora) is an exception (Kurtzman and
Sugiyama, 2001) (Table 11.3). Eremothecium species are
filamentous fungi that also produces yeast cells within
the host (Batra, 1973). Asci that are formed directly from
the mycelium and not enclosed in any fruiting body con-
tain needlelike ascospores.

* Developing leaves are infected, resulting in blistered, puckered, and discolored areas (Figure 11.6).

» Premature leaf drop can hurt tree vigor; rarely, young fruits may be infected and drop.

Years with mild winters followed by cool, rainy springs foster this disease and increase the chance of negative
effects on peach yield.

If it is unusually cool while peach leaves are emerging from buds, damage from 7. deformans is increased,
because leaves mature more slowly; leaves are no longer vulnerable once they reach a certain stage of maturity.
Often in home gardens, the disease is not noticed until it is too late in the season to take any action that will
reduce the problem for that year.

Pesticide applications made after the onset of symptoms are wasted because mature leaf tissue is not
susceptible.

The unusual life cycle of the pathogen makes it vulnerable to disease management actions taken during the
tree’s dormant season.

A single preventive spray of fungicide during dormancy eliminates the overwintering stage of 7. deformans
and thus controls the disease. Trees can be sprayed either after 90% of the leaves have fallen in the autumn or
before bud swell in the spring.

TABLE 11.3

Classification of Eremothecium

Kingdom Fungi

Phylum Ascomycota
Subphylum Saccharomycotina
Class Saccharomycetes
Order Saccharomycetales
Family Dipodascaceae
Genus Eremothecium
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Sucking insects, especially the true bugs, often vec-
tor pathogens in this genus. Eremothecium coryli fruit
rot associated with stink bug feeding was responsible for
losses of more than 30% in field tomatoes in California
(Miyao et al., 2000). In addition to tomatoes, E. coryli
infects cotton, citrus, hazelnuts, and soybeans, and
Eremothecium sinecaudii, a related species, infects the
seeds of mustards. The three species Eremothecium
cymbalariae, Eremothecium ashbyi, and Eremothecium
gossypii all infect Hibiscus species and coffee and cause
surface lesions on citrus fruits and cotton bolls. E. ashbyi
is also used for the industrial production of riboflavin
(vitamin B,) via fermentation process.

CONCLUSION

Although most of the curious swellings, discolorations,
and spots due to fungal pathogens in Taphrinomycetes
and Saccharomycetes remain little studied and largely
ignored, the interaction of 7. deformans with peach trees
is considered a major disease because it can cause sig-
nificant economic loss. Societal value placed on the host
plant often determines whether a disease is of minor or
major import—it is not just a matter of how many plants
are killed or disfigured, but which plant species are
affected determines whether control efforts and research
dollars will be focused on the problem.
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12 The Powdery Mildews
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CoNcEPT Box

¢ Powdery mildews are obligate parasites that show interesting morphological adaptations to herbaceous versus

woody hosts.

* Powdery mildew fungi have specialized feeding cells called haustoria that absorb nutrients from their hosts.

*  Molecular genetic studies and scanning electron microscope studies have led to a recent reversal in taxonomic
thought and a new paradigm: the anamorphs reflect phylogeny much better than the teleomorphs.

e Many powdery mildew fungi have recently been renamed to reflect the newly apparent relationships.

¢ Powdery mildews injure many ornamental crops and garden plants because of the highly conspicuous colonies
that cause aesthetic injury; vegetable, field, and fruit crops suffer from yield and quality reduction.

The powdery mildew fungi (order Erysiphales with the
single family Erysiphaceae) in the phylum Ascomycota
cause easy-to-recognize diseases. The fungus grows across
the surface of the host in conspicuous colonies, creating
whitish circular patches that sometimes coalesce until the
entire leaf surface is white. The colonies may form on either
the upper or the lower surface of leaves, as well as on stems,
flower parts, and fruits. Because energy from photosynthe-
sis is diverted into growth of the pathogen, infected plants
may be stunted and produce fewer or smaller leaves, fruits,
or grain. The impacts of powdery mildews on their hosts
may be mainly esthetic or may reduce yield or quality.
Many floral and nursery crops (Figure 12.1) as well as fruit,
vegetable and field crops are affected (Figure 12.2).

Powdery mildews are spread over great distances
by wind and can be moved around the world on plants
with inconspicuous or latent infections. Within the pow-
dery mildew family, Erysiphaceae, some members have
very narrow host ranges, whereas others have broad
host ranges and affect plants in multiple plant fami-
lies. Powdery mildews differ from the vast majority of
other fungal pathogens in that, with few exceptions, the
mycelium grows superficially over host tissues. Only
specialized feeding cells, called haustoria (Chapter 7),
invaginate the host epidermis (Figure 12.3). Powdery
mildew life cycles (Figure 12.4) are entirely biotrophic.
No species has been grown in axenic culture apart from
its host for any significant duration, and none can grow
on dead plant material.

Conidiophores develop directly from the mycelium
on the host surface throughout the growing season, pro-
ducing infective conidia one at a time (Figure 12.5), or
in short chains. In tropical climates or greenhouses, this
may be the only spore stage in the life cycle. Conidia
are windborne or splash-dispersed and serve as second-
ary inocula during the growing season. Crops grown
in greenhouses may suffer repeated cycles of infection

FIGURE 12.1 Powdery mildew of poinsettia caused by
Erysiphe poinsettiae. White colonies on the red bracts of this
Christmas favorite make the plants unsaleable. The sexual
state of this pathogen is unknown, but can be deduced from the
Pseudoidium-type conidiophore. (Courtesy of M.L. Daughtrey.)
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The hosts listed are only suggestions; as long as ascocarps are present, any mildew from any plant can be used for a laboratory
exercise. However, these hosts are commonly infected over much of the United States, so they are particularly dependable sources of
study material.

Dogwood: Host to Erysiphe (sect. Microsphaera) pulchra (ascocarps with multiple asci and dichotomously branched appendage
tips; conidia borne singly) and to Phyllactinia corni (ascocarps with multiple asci and spine-like appendages with bulbous bases;
conidia in chains, the first formed with a different shape from the rest)

Grapevine: Host to Erysiphe (sect. Uncinula) necator (ascocarps with multiple asci and hooked ends to the appendages;
conidia borne singly)

Grasses: Host to Blumeria graminis (ascocarps with multiple asci and threadlike appendages; conidia in chains borne on conidiophores
with bulbous bases)

Lilac: Host to Erysiphe (sect. Microsphaera) syringae (ascocarps with multiple asci and dichotomously branched appendages;
conidia borne singly)

Maple: Host to Takamatsuella circinata (ascocarps with multiple asci and hooked ends to the appendages; no known conidial state)

Monarda (bee-balm) and other members of the mint family: Host to Neoerysiphe galeopsidis (ascocarps with multiple asci and
threadlike appendages; conidia in chains and bearing ridgelike striations)

Oak: Commonly host to three powdery mildews. On the west coast, live oaks are hosts to Cystotheca lanestris (ascocarp with a
single ascus, threadlike appendages; conidia in chains, crystalline inclusions [fibrosin bodies] visible in cytoplasm). On the
east coast, oaks are host to Erysiphe (sect. Microsphaera) extensa (ascocarps with multiple asci and dichotomously branched
appendages; conidia borne singly) and to Phyllactinia angulata (ascocarps with multiple asci and spinelike appendages with
bulbous bases; conidia in chains, the first-formed with a different shape from the rest)

Phlox: Host to Golovinomyces magnicellulatus (ascocarps with multiple asci and threadlike appendages; conidia in chains)

Plane tree (Platanus): Host to Erysiphe (sect. Microsphaera) platani (ascocarps with multiple asci and dichotomously branched
appendages; conidia borne singly)

Squash, pumpkin: Host to Podosphaera (sect. Sphaerotheca) xanthii (ascocarp with a single ascus and threadlike appendages;
conidia in chains, crystalline inclusions [fibrosin bodies] visible in cytoplasm).

Rose: Host to Podosphaera (sect. Sphaerotheca) pannosa (ascocarp with a single ascus and threadlike appendages; conidia in chains,
crystalline inclusions [fibrosin bodies] visible in the cytoplasm)

Willow (and aspen): Host to Erysiphe (sect. Uncinula) adunca (ascocarps with multiple asci and with hooked ends to the appendages;
conidia borne singly)

Zinnia: Host to Golovinomyces spadiceus (ascocarps with multiple asci and threadlike appendages; conidia in chains)

FIGURE 12.2 A List of Common Host Plants of Powdery Mildews

FIGURE 12.3 Penetration structures of Blumeria graminis f.
sp. hordei, powdery mildew of barley. A conidium (C, upper
left) that is slightly out of focus on the leaf surface has germi-
nated to produce a primary (top) and a secondary (lower) germ
tube. The secondary germ tube has produced a large appres-
sorium (A, center) and penetrated the epidermal cell wall. A
haustorium (H, bottom right) has been formed inside the epi-
dermal cell. This basic unit of infection may be replicated in

FIGURE 12.4 (a)-(f) Life cycle of a powdery mildew.
(Courtesy of N. Shishkoff.)

via conidia year-round. Spore release typically follows
a diurnal pattern, with the greatest number of conidia
released around midday, in response to decreased relative
humidity. Outdoors, rain may serve as a trigger for the

hundreds of epidermal cells underlying a single mildew colony.
(Courtesy of J.R. Aist, Cornell University.)

release of conidia. Powdery mildews are unusual among
fungi in that their conidia do not require large amounts
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FIGURE 12.5 Conidiophores and conidia of Erysiphe poin-
settiae, cause of powdery mildew of poinsettia. (Courtesy of
Gail Celio, University of Georgia.)

of free water to germinate. Significant disease spread can
thus occur even during dry weather.

Most species of the Erysiphales are heterothallic;
two compatible individuals must mate before asci can
be formed. Compatibility is genetically determined by
the mating type locus. Two different alleles confer two
possible mating types. Some homothallic species are
known, but the genetic basis of homothallism has not
been determined.

After mating, ascocarps are produced superfi-
cially on the host, typically toward the end of summer
(Figure 12.6). Ascocarps can be an important overwin-
tering stage in temperate climates as they provide the pri-
mary inoculum at the beginning of each growing season
for a number of powdery mildews. In arid climates, they
aid in survival during hot, dry periods. In direct contrast
to conidia, free water is required to stimulate ejection of
the ascospores and allow their germination. In some spe-
cies, which attack perennial hosts, such as Podosphaera
(sect. Sphaerotheca) pannosa on rose, the fungus can
survive as mycelium inside the infected buds. In powdery
mildews of tropical climates, the ascocarps are of little
importance and have apparently been lost altogether in
some species.

The appendages on the ascocarps function in dis-
persal by helping ascocarps to adhere to plant surfaces
and trichomes. For powdery mildews on woody plants,
the elaborate appendages allow the ascocarp to cling to
rough bark surfaces. In Phyllactinia, which causes the
powdery mildew of alders and numerous other hard-
woods, the moisture-sensitive appendages play a unique
role in dispersal (Figure 12.6). On maturity, the append-
ages press down on the substrate, breaking the ascocarp
away and releasing it into the wind. Sticky secretions
produced from a second set of appendages on the top of
the ascocarp promote its adherence when it lands. The
ascocarp passes the winter upside down. In spring, the
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FIGURE 12.6 The ascocarp (chasmothecium) of Phyllactinia
angulata, the fungus causing one of the powdery mildew dis-
eases of oak (a) as it appears when first formed, with the bulbous-
based appendages lying flat against the oak leaf surface (b) after
liberation. The appendages have successfully flexed to lift the
ascocarp from the leaf undersurface. After a brief tumble, the top
of the liberated fruiting body has adhered by its sticky cushion to
the nearby plant material. It will overwinter in this upside-down
position. In spring, the ascocarp will split open around its equa-
tor, revealing asci in its “lid” in the perfect position to discharge
infective spores into the air. (Courtesy of M.L. Daughtrey.)

ascocarp splits around the circumference and flips open
completely, like a hinged jewel box, so that the formerly
upside-down asci in the “lid” now point upward to dis-
charge their infective spores. In other powdery mildews,
the appendages are less complex, and the ascocarps typi-
cally open from the pressure of asci against the upper
surface.

HOST RELATIONSHIPS

Powdery mildews engage in fascinating interactions with
their host. Unlike other plant pathogens, a single indi-
vidual penetrates its host at many different sites and does
not proliferate within the plant tissues. A few powdery
mildews are atypical in that they do penetrate the stoma-
tal space and form a limited hemiendophytic mycelium.
The complex organs of infection formed by powdery
mildews are among the best-studied host—pathogen inter-
faces in plant pathology (Figure 12.3).

THE INFECTION PROCESS

Powdery mildew conidia deposited on a hydrophobic
leaf surface excrete an adhesive matrix within minutes
of contact (Nicholson and Kunoh, 1995). This matrix
is believed to mediate host recognition. In a compatible
interaction, conidia rapidly germinate by producing one
or more germ tubes that follow the contours of the host
surface (Figure 12.7). At the apex of the germ tube, an
appressorium (Figures 12.3, 12.7, and 12.8) is produced
at the site where penetration will occur. In different spe-
cies, the appressoria can be undifferentiated, simple,
forked, or lobed, and these morphological variations can
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FIGURE 12.7 Scanning electron micrograph of a conidium
(C) of Blumeria graminis f. sp. hordei (the cause of powdery
mildew of barley) on a leaf surface. A primary (PG) germ tube
and a secondary germ tube are visible; the secondary germ tube
(top, right) has started to differentiate into an appressorium (A).
In this species, the primary germ tube serves a sensing func-
tion, and the secondary germ tube leads to penetration of the
host. (Courtesy of J.R. Aist, Cornell University.)

FIGURE 12.8 Scanning electron micrograph of a powdery
mildew colony on a leaf surface. The small, lobed appressoria
mark points of penetration into the leaf. Several conidiophores
can be seen projecting upwards off the leaf surface. (Courtesy
of Gail Celio, University of Georgia.)

be useful in identification. The fungus also continues to
grow across the host’s surface, forming the distinctive
superficial mycelium.

The difficult traverse of the plant cell wall is the next
step in infection. At this stage, a hypha with narrow diam-
eter, known as a penetration peg, grows from the bottom
surface of the appressorium. Through a combination of
enzymatic and mechanical actions, it penetrates the cell
wall of an epidermal cell. Having gained entry, the fungus
produces a haustorium (Figure 12.3), a special feeding
cell that assimilates nutrients from the plant. Haustoria
can be simple, lobed, or digitate. The haustorium is not
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in direct contact with the host cytoplasm; rather, it is sur-
rounded by a gel-like extrahaustorial matrix and the cell
membrane of its host cell. The fungus induces changes
in the plant membrane surrounding the haustorium that
result in leakage of nutrients that are then taken up by
the fungus. The invaded cell remains alive and function-
ing for some time and receives nutrients from surround-
ing cells that are then leaked to the fungus. This basic
pathogenic interaction is repeated in many different cells,
and the superficial mycelium spreads across the leaf sur-
face and occasionally develops appressoria, each leading
to penetration and parasitism of a single cell. Although
the host is seldom killed outright, the continual drain of
nutrients often depresses growth and sometimes causes
puckering, and chlorotic, or necrotic spotting of the leaf
surface.

HOST RESPONSES

Host plants resist powdery mildew attack through passive
and active defense systems. Leaf surface features, such
as the thick waxes that protect the undersurfaces of some
grass leaves, may inhibit germination. The cuticle and cell
wall present formidable barriers to penetration because
their thickness and durability affect the penetration abil-
ity of fungal germ tubes. Many plants actively respond
to penetration attempts by forming papillae (singular:
papilla), tiny, thick deposits of callose and other mate-
rials that are deposited on the inner surface of the cell
wall. Papillae are a physical barrier to invasion and serve
as foci for the release of antimicrobial compounds. The
hypersensitive response may be induced in incompat-
ible interactions, resulting in the death of an invaded host
cell and starvation of the pathogen. All of these mecha-
nisms are genetically controlled and provide important
sources of genetic resistance for plant breeders.

TAXONOMY

Powdery mildews are classified in the class Leotiomycetes
(with primitive cup fungi), order Erysiphales, and family
Erysiphaceae. For years, the taxonomy of the powdery
mildews relied largely on the morphology of the asco-
carps and their appendages because they showed obvi-
ous differences (Braun, 1987; 1995). Recent advances in
molecular phylogeny have shown the morphology of the
anamorph to be a better indicator of relationships (Saenz
and Taylor, 1999; Takamatsu et al., 1999). Characteristics
of the conidial chains and the ornamentation of the
conidial surface are particularly useful (Cook et al.,
1997). Now it is thought that differences in the ascocarps
merely reflect adaptation to particular hosts. Braun and
Cook (2012) have summarized the changes in the clas-
sification of powdery mildews over time and proposed a
revised classification with 6 tribes and 16 genera.
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CoNIDIA AND CONIDIOPHORES

Conidia (meristem arthrospores) are produced on
unbranched conidiophores, singly or in chains. In the
past, the name Oidium had been used to refer to any
conidial state of a powdery mildew because conidia
of many of the genera looked the same. The electron
microscope work of Cook et al. (1997), however, showed
that most powdery mildew genera could be identified
by unique characteristics of their conidia, so it is now
usually possible to identify each genus from its conidia.
The tribes that are delimited by conidial characteristics
are described in Figures 12.9 and 12.10

AscocARP (CHASMOTHECIUM)

The ascocarps of powdery mildews are initially fully
closed, and they have often been referred to as cleis-
tothecia. They differ from other cleistothecial fungi,
however, in that the ascocarps do eventually rupture and
the ascospores are forcibly discharged. Developmental
features also suggest that the ascocarps are more simi-
lar to perithecia than cleistothecia. Therefore, the term
“chasmothecium” was created for powdery mildew
ascocarps.

Mycologists once assumed that primitive powdery
mildews were Erysiphe-like, with undifferentiated
appendages on the ascocarps (Figure 12.9). New genetic
evidence suggests that the primitive powdery mildews
lived on woody hosts and possessed curled appendages
(Takamatsu et al., 2000). Species on herbaceous hosts
typically lack elaborate appendages. This suggests that
appendages may be “costly” to maintain, valuable in
anchoring ascomata to persistent plant parts, but lost
quickly when the plant host has no persistent parts on
which to anchor. Related species may thus differ in asco-
carp appendage morphology while retaining the same
conidial morphology.

IDENTIFICATION OF POWDERY MILDEWS

Changes in taxonomy (Braun and Cook, 2012) as well
as revisions to the International Code of Botanical
Nomenclature are sure to be confusing for a time because
many familiar names have been changed in order to
reflect our new understanding of relationships among
the powdery mildew fungi. In this system, the fam-
ily Erysiphaceae is divided into 6 tribes and 17 current
genera. A simple overview of modern powdery mildew
genera is presented in Figure 12.9. It is easy enough to
recognize that a disease is caused by a powdery mildew
fungus by noting the white powdery colonies on infected
plant parts. Morphological differences separating the
species can be subtle, however, so the best route to diag-
nose powdery mildew diseases is through the use of a
thorough host index, such as Farr et al. (1989) or Farr and
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Rossman (online, updated index), together with Braun
and Cook (2012).

IMPORTANT DISEASES CAUSED
BY POWDERY MILDEWS

PowbDErY MILDEW OF GRAPE

Powdery mildew of grape is caused by Erysiphe (sect.
Uncinula) necator. The disease can reduce yield and fruit
quality, as well as stunt vines and decrease their winter
hardiness. Vitis vinifera and hybrids such as Chardonnay
and Cabernet Sauvignon are more susceptible to powdery
mildew than are varieties derived from the American spe-
cies. Wine quality can be affected when as few as 3% of
berries are infected. Leaves, green shoots, and fruits are
susceptible to infection. White mildew colonies appear
on upper and lower surfaces of leaves and may coalesce.
Immature leaves may be distorted and stunted, shoot
infections appear as dark patches, and infected berries
can display white colonies (Figure 12.11), abnormal shape,
or rust-colored spots and may split open, rendering them
vulnerable to fruit rot by Botrytis cinerea. Infected leaves
may be cupped-up or scorched and may fall prematurely.

Erysiphe necator overwinters as ascocarps in crev-
ices on the surface of the bark of vines or as mycelium in
buds (Gadoury and Pearson, 1988). Ascospore release is
triggered by even minuscule amounts of rain in the spring
when the temperature is warm enough. The ascospores
are spread by wind to the green tissues of the grapevine
from budbreak through bloom. The short time required
from infection until the production of new inoculum
gives this powdery mildew powerful epidemic potential.
Because little free moisture is needed for conidial germi-
nation, powdery mildew can be a serious problem even
in years when black rot and downy mildew are hampered
by dry conditions. Relative humidity of 40%-100% is
required for the formation of microdroplets of water used
by conidia for germination and infection. Optimum tem-
perature for disease development is from 20°C to 25°C,
but infection is possible over a wide temperature range of
15°C-32°C.

All cultural practices that promote the drying of plant
surfaces will reduce powdery mildew. Full sun exposure
is desirable; alignment of rows with the direction of
the prevailing wind is recommended. Vines should be
pruned and trained to reduce shading and allow air cir-
culation within the canopy. Excessive nitrogen should be
avoided. Irrigation should be done with trickle systems
rather than over-the-vine impact sprinklers. Control of
infections during the immediate pre-bloom through early
post-bloom period is stressed for grapes because this is
when the fruits are most susceptible to the disease. The
more susceptible V. vinifera and hybrid cultivars require
continued suppression of powdery mildew on the foliage
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FIGURE 12.9 Classification of powdery mildews. Braun and Cook (2012) divided powdery mildews into 17 genera, each
characterized by diagnostic vegetative characteristics of the conidiophores and conidia (which they had categorized using the then-
existing anamorph generic names) as well as ascocarp morphology. The family Erysiphaceae is divided into six tribes, with two
genera (Caespitotheca and Parauncinula) basal to the clade and not placed in tribes. Tribe Erysipheae: Erysiphe is shown with
pseudoidium-type conidiophores (i.e., with conidia borne singly, not in chains, which defined the the anamorph genus Pseudoidium
in Braun and Cook [2012]). The current genus Erysiphe embraces several former genera now considered as morphological sec-
tions: (a) Erysiphe sect. Erysiphe, with hair-like appendages; (b) Erysiphe sect. Uncinula, containing the former genera Uncinula
and Bulbouncinula, with curled ends to the appendages; (c) Erysiphe sect. Microsphaera, with dichotomously branched appendage
tips; (d) Erysiphe sect. Californiomyces, with reduced ascomata; and (e) Erysiphe sect. Typhulochaeta, with club-shaped append-
ages. Brasilomyces (below) is phylogenetically similar to Erysiphe, but its exact relationship to other genera is still unclear. Tribe
Golovinomycetae: Golovinomyces has two-spore asci and euoidium-type conidiophores (with conidia in chains). Neoerysiphe has
asci that only mature after overwintering and striatoidium-type conidiophores (with striate conidia). Arthrocladiella has dichoto-
mously branched appendages and graciloidium-type, small conidiophores. Tribe Phyllactinieae: Phyllactinia has bulbous-based
appendages and ovulariopsis-type conidiophores (conidiophores long, conidia large, clavate). Pleochaeta has curled appendages
and ovulariopsis-type conidiophores. Leveillula is unusual in having internal mycelium and conidiophores that grow out of stoma-
tal pores, has undifferentiated appendages and oidiopsis-type conidiophores (emerging from plant stomata, conidia dimorphic, the
first-formed conidium lanceolate, the rest ellipsoidal or cylindrical). Queirozia has pigmented conidiophores and conidia, and the
mycelium contains pigmented aerial hyphae. Tribe Cystotheceae: Podosphaera has fibroidium-type conidiophores (conidia borne
in chains and with cytoplasmic inclusions). This genus now consists of (a) Podosphaera sect. Podosphaera (with branched append-
ages), and (b) Podosphaera sect. Sphaerotheca (with hair-like appendages). Sawadaea has curled appendages (that can be uni-, bi-,
or trifurcate) and octagoidium-type dimorphic conidiophores. Cystotheca has an ascomatal outer wall that easily splits in two, and
setoidium-type conidiophores (scattered among thick-walled aerial hyphae). Tribe Blumerieae: Blumeria, sole genus in this tribe, is
found on grasses; it has oidium-type conidiophores (bulbous base to conidiophores; conidia in chains). Tribe [currently unnamed]:
created to accommodate the genus Microidium, with no known ascocarp stage.
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1.  The first-formed conidium in a chain has a pointed tip, whereas subsequent conidia are blunt at both ends ..............

Tribe Phyllactinieae (genera Phyllactinia, Pleochaeta, and Leveillula)

1.  All conidia formed have a similar shape

Goto2

2. Conidia formed singly and are ready to break off, although they may adhere to each other in a pseudo-chain; there

is a clear demarcation between the conidiogenous cell and the mature conidium

Tribe Erysipheae (genus Erysiphe)

2. Conidia formed in chains and mature gradually, while tightly connected to each other. Only the most mature conidia

at the tip are ready to break off; no clear demarcation between conidiogenous cell and the first conidium in the chain

Goto3

3. Conidia have crystalline inclusions in the cytoplasm called fibrosin bodies that are highly refractive, particularly
with phase microscopy ... Tribe Cystotheceae (genera Podosphaera, Sawadaea, Takamatsuella and Cystotheca)

3. Conidia may have vacuoles or small particles in the cytoplasm, but no crystalline inclusions
Goto 4

4. Conidiophores with bulbous base; only found on grasses

........... Tribe Blumerieae (genus Blumeria)

4.  Conidiophores cylindrical; found on hosts other than grasses Goto5

5. Conidiophores stout, with a width of 7 to 15 pm ............ Tribe Golovinomyceteae (genera Golovinomyces, Neoerysiphe,
and Arthrocladiella)

5. Conidiophores narrow, with a width of 4 to 7 pm ........... Tribe [unnamed] (genus Microidium)

FIGURE 12.10 A Key to Powdery Mildew Tribes

FIGURE 12.11 Powdery mildew of grape, caused by Erysiphe
(sect. Uncinula) necator. The powdery white bloom on the
fruit makes these grapes unfit for consumption or processing.
(Courtesy of Wayne Wilcox, Cornell University.)

until at least veraison, in order to maintain a functional
leaf canopy to ripen the crop and avoid premature defo-
liation. Controlling later-season infection also helps to
reduce the overwintering inoculum and may improve
winter hardiness in colder regions.

Elemental sulfur has long been used internationally
for powdery mildew suppression, although it is phyto-
toxic to some native American grapes (e.g., Concord)
and hybrid cultivars. Modern fungicides such as the ste-
rol inhibitors (both the demethylation inhibitor [DMI]
and, more recently, morpholine groups) and strobilurins
are also widely used in disease management programs
(Chapter 26). Certain nontraditional products (e.g., oils,
potassium bicarbonate and monopotassium phosphate

salts, and dilute hydrogen peroxide) also provide sup-
pression and are used to variable extents where they are
labeled for this purpose. It appears that much of the activ-
ities of such materials are eradicative, presumably due to
the susceptibility of the exposed fungal colony to topical
treatments of these substances.

PowbDEerY MILDEW OF CEREALS

Powdery mildew diseases affect monocots as well as dicots.
The pathogen Blumeria graminis has several host-special-
ized formae speciales (f. sp.) that infect different cereal
crops. An example is B. graminis f. sp. tritici, a pathogen of
wheat (Triticum aestivum) (Bockus et al., 2010).

White colonies of powdery mildew are most common
on the upper surface of older wheat leaves. The haustoria
of Blumeria are unusual because they have long finger-like
projections. The conidiophores generate long chains of
conidia that can germinate over a wide temperature range
(1°C-30°C), with an optimum temperature of 15°C-22°C
and an optimum relative humidity of 85%—-100%. A com-
plete disease cycle takes place in 7-10 days, so epidemics
can develop quickly. Wheat plants are most susceptible
when they are heavily fertilized and rapidly growing.

As wheat plants mature, ascocarps begin to appear
on the leaf surface as long as both mating types are
present. The ascocarps are important, because sexual
recombination allows new races of powdery mildew to
be produced. These new races may be able to grow on
wheat cultivars that were not susceptible to the original
powdery mildew population. Ascocarps on wheat stubble
also function as overwintering structures, and in mild
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climates, the mycelium itself can survive. Infections by
ascospores require rain and may occur in midsummer or
fall. Powdery mildew of wheat prospers in both humid
and semi-arid climates. Yield is decreased by powdery
mildew, because photosynthesis is reduced, whereas
transpiration and respiration are increased. Wheat yields
may be reduced by as much as 40%.

In spite of the strong impact of this disease, it is not
always cost-effective to use fungicides to control pow-
dery mildew on wheat. Systemic fungicides are used
for powdery mildew control in Europe, primarily. Host-
plant resistance is used worldwide for powdery mildew
management. Plant breeders work to supply wheat lines
that are not susceptible to the powdery mildew races in
a given geographic area; new lines are needed frequently
to keep up with adaptations of the pathogen. Rotating
crops and eliminating “volunteer” wheat plants and crop
debris aid in disease management.

PowbDEerY MILDEW OF ROSE

Powdery mildew diseases are especially important on
ornamental plants, on which any visible infection may
lower the aesthetic appeal. Powdery mildew of rose (Rosa
x hybrida) affects roses in gardens as well as in field or
greenhouse production. It is the most common disease of
roses grown in greenhouses for cut flowers and on potted
miniature roses. Young foliage and pedicels are especially
susceptible and may be completely covered with mildew
(Figure 12.12). Young shoots and flower petals may be

FIGURE 12.12 Powdery mildew of rose. The flower buds
and pedicels in the foreground are whitened by the sporulating
mycelium of the fungus. (Courtesy of M.L. Daughtrey.)
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infected. The rose powdery mildew is Podosphaera (sect.
Sphaerotheca) pannosa. The host range of this fungus
includes primarily plants in the genera Rosa and Prunus,
but also a few plants in other families, such as forsythia
and smoke-tree (Cotinus).

Infections may develop quickly, and conidia may
start to germinate within just a few hours of landing on
the host (Horst, 1983). Chains of conidia are produced
only 3-7 days after the initial infection. Disease devel-
opment is optimum at 22°C. The fungus overwinters
in buds unless the climate is so mild that conidia are
continually produced year-round, as in greenhouses.
Control of rose powdery mildew in greenhouses is
achieved by air circulation with fans plus heating and
ventilation to reduce humidity, coupled with the use of
fungicides. Strobilurins, DMIs, and morpholine fun-
gicides are commonly utilized for disease control in
greenhouses. Products featuring potassium bicarbonate,
botanical extracts, and biocontrols, including the fungus
Pseudozyma flocculosa, have recently been developed.
Gardeners wishing to circumvent the problem of pow-
dery mildew on outdoor roses can seek disease-resistant
cultivars and species.

PowbDery MiLDEW ON CUCURBITS

Numerous vegetable crops are susceptible to powdery mil-
dew, but cucurbits are arguably the group most severely
affected. The powdery mildew on cucurbit crops (Cucumis
species, including squash, pumpkin, and cucumber) is
Podosphaera (sect. Sphaerotheca) xanthii (referred to
Sphaerotheca fuliginea or S. fusca in earlier literature).
Infections on both upper and lower leaf surfaces occur, and
these reduce yield by lowering plant vigor and increasing
the number of sun-scorched fruits (Figure 12.13). Resistant
cultivars of cucumbers and melons are available, but most

FIGURE 12.13 Powdery mildew on squash begins as discrete
white colonies. (Courtesy of M.L. Daughtrey.)
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squash varieties are susceptible. Susceptible melons may
have significantly poorer fruit quality due to low sugar
content. Even the flavor of winter squash can be harmed
because the fruits of mildew-infected plants have fewer
stored soluble solids that affect taste. The color and handle
quality of pumpkins can be ruined by powdery mildew,
making them less desirable as “Jack-o’-lanterns.” The dis-
ease develops on cucurbits during warm summer weather
(a mean temperature of 68°F-80°F is most favorable).
Conidia are thought to be airborne over long distances to
initiate infections, with diseased plants in southern states
releasing clouds of conidia in early spring that are carried
north with prevailing winds.

The fungicides used for disease management in
cucurbits are often systemic materials with specific,
single-site, modes of action that make them vulner-
able to the development of resistance in the pathogen
(McGrath, 2001). The fungicide benomyl is no longer
effective against cucurbit powdery mildew because of the
development of resistance. Although it is unclear if sex-
ual recombination occurs to a significant extent in U.S.
populations of P. xanthii, development of resistance to
new fungicides can be very rapid. Mutations in the DNA
of conidia are uncommon, but because there are so many
conidia, there are many chances for mutations to occur.
Because powdery mildews can carry out so many sec-
ondary cycles in one season, an advantageous mutation
can spread rapidly. Growers of any crop with high sus-
ceptibility to a powdery mildew are encouraged to rotate
among chemical classes with different modes of action to
delay the development of resistance. The use of materi-
als with multisite modes of action, such as chlorothalonil,
copper, sulfur, horticultural oil, and potassium bicarbon-
ate, is also a good strategy to avoid resistance.

An integrated pest management (IPM) program for
cucurbit powdery mildew can be very effective (McGrath
and Staniszewska, 1996; McGrath, 2001; Chapter 28).
Elements of such a program include using resistant
varieties when available, scouting for the first colonies
beginning at the time of fruit initiation, using air-assist
sprayers to maximize spray coverage on difficult-to-
cover lower leaves, and using fungicides according to a
resistance management strategy. For greenhouse-grown
cucumbers, silicon amendment of the nutrient solu-
tion has reduced the disease. A number of organisms,
including the fungi Pseudozyma flocculosa, Sporothrix
rugulosa, Tilletiopsis spp., Ampelomyces quisqualis,
and Verticillium lecanii, have been used for biocontrol
(Chapter 27) of cucumber powdery mildew in green-
houses (Dik et al., 1998). Mechanisms of antagonism used
by these fungi include hyperparasitism or antibiosis.
As powdery mildews may thrive at lower relative humid-
ity than the antagonistic fungi that might be deployed
against them, environmental conditions in a given situa-
tion may determine whether biocontrol is effective.
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PowbperY MILDEW ON FLOWERING DoGwoOD

Many woody plant species are subject to one or more
powdery mildews, but these diseases rarely have a sig-
nificant economic impact. Lilac foliage, for example,
frequently shows conspicuous powdery mildew in
late summer (Figure 12.14), but the shrubs are attrac-
tive again during bloom the following spring. Powdery
mildew has been noted on dogwoods (Cornus species)
since the 1800s, but a serious powdery mildew disease
on Cornus florida, the flowering dogwood, became
apparent in the eastern United States only in the mid-
1990s (Figure 12.15). Erysiphe (sect. Microsphaera)
pulchra (Cooke and Peck) is the powdery mildew that

FIGURE 12.14 Powdery mildew of lilac is one of the most com-
mon diseases in the home landscape. (Courtesy of Robert Kent.)

FIGURE 12.15 Dogwood powdery mildew causes curling,
discoloration, and deformation of leaves at the tips of branches;
the fungus may entirely coat the leaves. The eastern flowering
dogwood (Cornus florida) is quite susceptible, but most culti-
vars of the Kousa dogwood (Cornus kousa) are quite resistant.
(Courtesy of M.L. Daughtrey.)
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now affects flowering dogwood. Aesthetic injury is
caused on landscape trees by whitening and twisting of
the leaves at the tips of branches in mid-summer, while
economic injury is seen during nursery production when
young trees with powdery mildew are severely stunted.
In many cases, infection of landscape trees is subtle,
such that the thin coating of mycelium on the leaves is
often overlooked. Symptoms of reddening or leaf scorch
are often seen on infected leaves in dry summers, and it
is thought that the mildew may contribute to the drought
stress on the host tree.

Ascocarps on leaf debris are the only documented
overwintering mechanism for this powdery mildew. The
abundance of ascocarps varies from year to year, perhaps
due to variation in weather conditions during the fall
when they are maturing. The non-native Kousa dogwood,
Cornus kousa, is not appreciably affected by powdery
mildew. Several selections of powdery mildew-resistant
cultivars of C. florida have been developed. Fungicides
such as propiconazole and chlorothalonil are used for dis-
ease suppression during nursery crop production.

In some ways, powdery mildews seem to be mild
diseases, because the fungi only rarely kill the plants
that they parasitize. Powdery mildew fungi and their
hosts come closely together in a carefully balanced
parasitic relationship that results in nutrient flow to the
powdery mildew without extensive death of plant host
cells. Perennial plants may be infected by powdery mil-
dew summer after summer, and still leaf out vigorously
every spring. Annual plants usually bear fruit and set
seed in spite of powdery mildew. Yet to the horticultural
producers aiming to have high yield, high-quality crops,
or to gardeners wanting attractive and vigorous plants,
powdery mildews are formidable diseases. Curbing
powdery mildew epidemics on economic hosts is essen-
tial to maximize the growth potential of the plants and
maintain the marketability of the products harvested
from them.

LABORATORY EXERCISES

ExPeRIMENT 1. POWDERY MILDEW MORPHOLOGY

This lab will familiarize the student with the variations
in sexual and asexual spore structures in some common
powdery mildew fungi. Students should work alone if
possible.

Materials

Students will require the following materials to complete
this exercise:

* Dissecting microscopes and compound micro-
scopes (the latter with at least 40x magnification;
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100x oil immersion is necessary if Step 5 is
attempted).

* Microscope slides, coverslips, dissecting tools,
water, and 70% ethanol in dropper bottles (and
lacto-cotton blue stain in dropper bottles and
immersion oil if Step 5 is attempted. The rec-
ipe for lacto-cotton blue mounting medium is
250 mL of glycerol, 100 mL of 85% lactic acid,
50 mL of water, and 3 mL of cotton blue stock
[1% cotton blue crystals in lactic acid]).

* Fresh or dried plant materials with powdery mil-
dew colonies on it, including ascocarps. Ideally,
there should be a variety of fresh materials for
Steps 1 and 5, and then a number of fresh or dried
specimens labeled as unknowns (‘“Unknown
#1,” “Unknown #2,” etc.) for Steps 2—4.

The instructor can easily collect fresh plant materials
with powdery mildew colonies on it, outdoors in spring
and summer, or from a greenhouse all year long. To col-
lect materials that include ascocarps, collect host plants
at the end of summer or in early fall for immediate use
or to dry and store this material for use all year long.
Figure 12.2 helps the instructor find ascocarps of diverse
morphological types.

Follow the instructions outlined in Procedure 12.1 to
complete the exercise.

Anticipated Results

In Step 1, the students should gain an appreciation for
the superficial nature of the colony and (if fresh materi-
als of Erysiphe and Golovinomyces [or Podosphaeral
are present) be able to identify whether conidia are
borne singly or in chains. Colonies of Erysiphe grown
in humid conditions may have conidia in pseudoch-
ains (conidia simply sticking together after formation)
rather than in the true chains of Golovinomyces or
Podosphaera (conidia remaining attached to each other
while gradually maturing). In Step 2, if Podosphaera
is present, fibrosin bodies should be easily visible
(especially with phase microscopy). If Phyllactinia or
Leveillula is present, the student should be able to find
the two types of conidia. In Step 3, students should be
able to key out specimens to tribe based on conidio-
phore characteristics. In Step 4, students should be able
to confirm their identification of tribe based on the mor-
phological features of ascocarps (appendage type and
number of asci per ascoma). In Step 5, students should
be able to detach and stain the epidermal peel, see
appressoria, and determine if they are simple or lobed.
They should also be able to see a haustorium and appre-
ciate how little of the body of the fungus is within the
plant host.
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Step

Instructions and Comments

Asexual stages: Examine plant material provided for this step (fresh if possible) under a dissecting microscope
to identify superficial mycelium, conidiophores, and conidia.

Conidia: Pick one of the unknown mildews provided and remove a small piece of plant material with a pow-
dery mildew colony on it. Touch the material to a water droplet on a microscope slide to detach conidia into
the droplet. A coverslip can be placed on top of the droplet to examine the conidia. Mounting in water alone
can cause conidia to aggregate around air bubbles in the preparation. While in general this is bad microscope
technique, in the case of powdery mildews, air bubbles often allow the texture of the conidial surface, any
bumps or ridges (such as the striations on the outer wall of conidia of Neoerysiphe), to be more apparent along
the air: conidium interface. Air bubbles can be removed by adding a drop of 70% ethanol to the edge of the
coverslip and waiting for the alcohol to wash through the water. This eliminates the bubbles and liberates
the spores into the suspension. The conidia can now be examined for the presence of more than one shape of
conidium (dimorphic conidia is a feature of the tribe Phyllactinieae) and for internal features such as crystal
inclusions (fibrosin bodies in the conidia of members of the tribe Cystotheceae).

Conidiophores: Using the same unknown mildew used in Step 2, take forceps and scalpel and cut off a small
piece of leaf tissue that includes conidiophores of the powdery mildew. Mount in water or lacto-cotton blue
and examine at 40x magnification. Are conidia borne singly or in chains? With the observations from Steps
2-3, it is now possible to use the key in Figure 12.10 to identify the tribe to which the unknown powdery mil-
dew belongs.

Ascocarps: Using the same unknown mildew, examine the sexual stage with the compound microscope.
Remove ascocarps from the plant material using a dissecting needle or forceps and place in a drop of water on
a microscope slide. Gently place a coverslip on top of the droplet and examine the ascocarps for presence and
type of appendages (70% ethanol may again be needed to drive out air bubbles, particularly if dried material
is used). Press the coverslip gently to crush the ascocarps, and determine the number of asci per ascocarp. The
number of ascospores per ascus will be apparent in mature specimens. Figure 12.9 can be used to determine
if the ascocarp type is consistent with the tribe identified using the key in Figure 12.10.

If fresh material is available, make an epidermal peel and examine the powdery mildew colony for superficial
appressoria and haustoria within the epidermal cells. Select the host with the thickest, most succulent leaf,
and use a scalpel to carve a square into the upper or lower surface of a leaf where powdery mildew is present.
Center the square so that it includes the very margin of the colony, where there is superficial mycelium but not
yet conidiophores. Using the finest forceps available, grab a corner of the cut epidermis and peel it off, depositing
it in a small droplet of water and using dissecting needles to smooth it out with the intact epidermis side up. A
drop of lacto-cotton blue can be placed over it for a few minutes, until the fungal mycelium turns blue, but the
plant tissue remains mostly unstained. The cotton blue can be removed by placing the tip of a paper towel to the
edge of the droplet and wicking it up. More water is added and a coverslip can be placed over the epidermal peel.
Using an oil immersion objective, examine the superficial mycelium and appressoria, and by carefully focusing
down from the appressoria, observe haustoria (which may have become stained by the cotton blue).

Questions *  What features of the ascocarps make them ideal

as overwintering structures?

Why do you think the conidia are borne on the * Why does it 'make. sense that powdery mﬂj
top of conidiophores instead of forming directly dews rarely kill their hosts, but root rot fungi

from the superficial mycelium on the epidermis often do? Figure 12.10 is a key that roughly fol-
of the plant? lows phylogenetically significant morphological
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characteristics, in order to give you a sense of the
relationships among powdery mildews as well as
to help you identify them. However, if you were
trying to help a grower with a vexing powdery
mildew problem, you might want a fast and easy
key. How would you design one?

EXPERIMENT 2. PowbEeEry MILDEwW CONTROL

Powdery mildews are difficult to study because they
are obligate biotrophs, but it is possible to study them in
the laboratory—even to compare their susceptibility to
fungicidal agents. Students may work individually or in
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available: one for the oil emulsion and one for
the water control.

e Cork borers (approximately I-cm-diameter,
dissecting tools (including forceps and dissect-
ing needles), laboratory marking pens, and jars
of 70% ethanol. Alcohol lamps or gas burners
should be available for burning ethanol off tools
after they have been sterilized, but if this is not
possible, tools can be air-dried before use.

* Plates of 1% water agar with the bottom plate
surface divided into approximate halves, one-
half for the oil-treated discs, one for the water-
treated controls.

small teams to complete this exercise.

Materials

The following materials are needed for this exercise:

* Two-week-old pumpkin or summer squash seed-

lings with large cotyledons (optimum age for
use may differ slightly by season, region, or cul-
tivar, therefore several batches of seeds should
be sown a few days apart to ensure that plants
are ready on the day of the laboratory exercise).
“Seneca Prolific” is a summer squash cultivar
that is very susceptible to powdery mildew.

A cucurbit (or detached leaves from a cucur-
bit) infected with Podosphaera xanthii. Such
infected plant materials may be readily available
in spring from retail garden centers accidentally
selling infected transplants and are more likely
available in summer from home gardens or farm
fields of pumpkin or squash. Detached leaves
covered with powdery mildew can be stored
with moist toweling in a cooler or refrigerator
overnight for use the next day. Infected materi-
als should be stored far away from the test seed-
lings, and anyone handling the infected plants
should not go near the test seedlings.

For safety, hazardous chemicals should be
avoided. A commercially available refined min-
eral oil, such as JMS Stylet Oil, may be used
if compatible with college safety protocols.
Otherwise, a homemade preparation of 0.1%
emulsified oil could be prepared with peanut oil,
corn oil, canola oil, grape seed oil, safflower oil,
or sunflower oil (5 mL of oil + 4.5 mL of dis-
tilled water + 0.5 mL of Tween 80 shaken vig-
orously and diluted to a 0.1% oil emulsion). The
test substance should be applied by the instruc-
tor according to label instructions (if a commer-
cial product is used) and with appropriate safety
equipment, including safety glasses, lab coats,
and nitrile gloves. Two spray bottles should be

* Dissecting microscopes.

e Computer programs as available and appro-
priate: a spreadsheet program and a statistical
analysis program.

Follow the instructions outlined in Procedure 12.2 to
complete this exercise.

Anticipated Results

Students should observe a reduction in the percent colo-
nization of oil-treated cotyledon discs. It is also possible
that a reduction in incidence will be evident. They may
also notice a difference in the “quality” of infection. This
lab presents, in miniature, what many professional plant
pathologists do for a living: evaluate the effect of sub-
stances on fungal growth. The instructor has great lati-
tude in making this a simple lab or one that incorporates
a large number of plant pathological concepts. If a com-
mercial oil emulsion product is used, students should be
taught the concepts of pesticide safety and proper under-
standing of pesticide labels. Students should be taught
the basics of experimental design appropriate to their
level of knowledge; they should at least understand the
use of control treatments and replications. They should
also be able to understand the difference between an
in vitro assay such as this one and a field trial. Finally,
they should be introduced to whatever level of statistics
is appropriate to determine if the treatment has had an
effect. The instructor could leave them to devise their
own spreadsheets or tell them how to organize the data
(e.g., the percent coverage data could be averaged over
the four discs and the agar plates used as replicates for a
mixed analysis of variance [ANOVA], with data normal-
ized using an arcsine square root transformation). The
instructor could let students analyze their data as indi-
vidual experiments of three replicates or take the entire
classroom’s data and reanalyze them (possibly includ-
ing the students as a variable to let them recognize that
students may differ in the way they assess percent colo-
nization), and discuss whether these analytical choices
change the results.

[vww.ebook3000.con)



http://www.ebook3000.org

The Powdery Mildews

203

Procedure 12.2
Powdery Mildew Control

Step Instructions and Comments

1 Divide cucurbit seedlings into control and treatment groups. Following pesticide label instructions and wearing

appropriate safety equipment, the instructor should treat plants in a chemical fume hood (or outdoors): one

set of plants should be sprayed with the test solution and the other with water. Plants can be handled after the
applied test solutions have dried. (This step can be performed by the instructor a day before the laboratory

exercise or the morning of the exercise.)

2 Students (wearing gloves) should cut discs from treated and control cotyledons with cork borers (sterilized

with 70% alcohol and flamed before use and between treatments). Begin with the control treatment to avoid

accidentally contaminating the cotyledons with oil on the cork borer or forceps. Cut 6—8 discs per cotyledon,

for a total of 12 discs per treatment, and a few extra control discs to practice inoculation (Step 3). The control

discs can be placed in groups of four, face-up, in each of three water agar plates; they should be placed onto

one-half of the plate and set firmly so that the bottom surface of each disc is in good contact with the agar and

will not move or dry out. Place four discs from oil-treated plants on the other half of the plate, making sure

the treatments are clearly labeled.

3 Examine an infected leaf under the dissecting microscope and identify the conidiophores. Are conidia borne

singly or in chains? Practice removing spores from a single chain using the tip of a dissecting needle, then

placing them gently on the top surface of a cotyledon disc. When this inoculation technique has been mas-

tered, inoculate each disc in the center with a few conidia, trying to do this as uniformly as possible, with the

set of three agar plates.

4 Wait for a week or so for the colonies to grow. Plates should be set under grow lights (about 1 foot away from

the lights). When control discs have colonies that cover approximately 80% of the disc, students should rate

the amount of coverage for each disc and tabulate the data.

Questions

*  What is the purpose of the control treatment?

* Why did the plates need to be incubated under
lights?

* Why did you inoculate three sets of plates
instead of one?

*  What are some of the drawbacks of such simple,
in vitro assays compared with field trials? What
are some advantages?

e What are some of the difficulties in determin-
ing percent coverage of leaf tissue? Is percent
coverage the best way to measure disease sever-
ity? What other ways could you assess damage
from powdery mildew? Are there other diseases
where other ways of assessing damage would be
more useful?
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13 Plant Pathogenic Species
of the Ascomycota
Pezizomycotina
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CoNcEPT Box

The single, most diagnostic characteristic of species classified in Ascomycota is an ascus, the saclike structure
containing ascospores that resulted from the sexual process.

Pezizomycotina contains the filamentous (mycelium) fungi that constitute the majority of the species in

Ascomycota.

¢ The ploidy of these fungi is primarily haploid with very short-lived dikaryotic and diploid phases.

¢ In this subphylum, persistent asci and ascospores develop within a fruiting body that may be cleistothecium, peri-

thecium, pseudothecium, or apothecium.

¢ Fungi in this group may reproduce asexually only, sexually only, or both asexually and sexually.

¢ Prior classification systems provided a name for the sexually reproductive phase (ascus: teleomorph) and one or
more names for the asexually reproductive phase (conidium: anamorph). This has led to some confusion and two
names for the same organism do not conform to rules of systematic nomenclature.

*  “One Fungus = One Name,” a major change in fungal nomenclature, which has not been adopted yet, will affect
the scientific names of many plant pathogenic fungi that have both sexual and asexual states.

Ascomycota is the largest phylum in the kingdom Fungi
and contains over 65,000 species, which constitutes 66%
of all known fungal species (Kirk et al., 2008). The unify-
ing diagnostic characteristic of species in Ascomycota is
the ascus, a sac-like structure containing ascospores that
resulted from sexual reproduction and meiosis (Figures
13.1 and 13.2). Asci and sometimes paraphyses (sterile
hyphae) typically originate from the hymenium, which
is termed the fertile layer in the fruiting body. Based
on molecular phylogenetic analyses and morphology,
Ascomycota is divided into the following three subphyla
(Figure 13.3): Taphrinomycotina (“Archiascomycetes”),
Saccharomycotina (Chapter 11), and the Pezizomycotina
(“Ascomycotina”). Most members of the first two sub-
phyla are yeasts or yeast-like organisms. This chapter
focuses on Pezizomycotina (excluding the powdery mil-
dews: Chapter 12), which are the filamentous ascomyce-
tes that constitute the majority of Ascomycota, and their

asexual reproductive modes that have been treated pre-
viously as “Deuteromycetes” or “mitosporic fungi.” We
no longer use the two former classification schemes for
conidial forms of Ascomycetes and, instead, treat them
as asexual forms of species in Ascomycota. This change
of classification systems will be explored in more detail
in subsequent paragraphs.

Members of Ascomycota are ubiquitous and cos-
mopolitan. They play important roles in all ecosystems
virtually as saprotrophs in decomposition and nutrient
cycling, as endophytes, pathogens of plants and ani-
mals, and as mycoparasites attacking other fungi. Most
plant pathogens in Ascomycota are found in the classes
Sordariomycetes, Leotiomycetes, and Dothideomycetes.
These include some of the best-known plant pathogens
such as Cryphonectria parasitica (the causal agent of
chestnut blight), Pyricularia (Magnaporthe) oryzae (the
cause of rice blast), and various species of Fusarium,
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which cause many different wilt and root rot diseases)
(Alexopoulos et al., 1996).

About 42% of known Ascomycota species are lichen-
ized (Kirk et al., 2008). The lichenized ascomycetes have
an obligate symbiotic relationship with photosynthetic
symbionts, which is either a unicellular green alga or
a cyanobacterium (blue-green alga). The ascomycete
member is never found without its photosynthetic part-
ner under natural conditions, whereas the photosynthetic
partner sometimes can be free-living in nature (Curry
and Baird, 2007).

Endophytes refer to fungi that live inside the leaves
and/or stems of apparently healthy plants (Alexopoulos et
al., 1996). Numerous endophytic fungal survey studies have
demonstrated that species in Ascomycota are the most fre-
quently isolated fungal phylum from terrestrial plant foli-
age. The best-studied endophytes belong to Hypocreales
of the Sordariomycetes (e.g., Balansia and Epichloé). The
infected host plants often benefit from increased drought
resistance, reduced feeding by insects, and limited patho-
gen infections (Alexopoulos et al., 1996). There are also
many ascomycetes associated with plant roots, such as
Phialocephala fortinii—-Acephala applanata species com-
plex, known as the dark-septate endophytes, but the func-
tions of these fungi are still not well understood.

Some members of Ascomycota (e.g., Aspergillus
fumigatus, Sporothrix schenkii, and Fusarium solani
species complex) are associated with opportunistic infec-
tions of humans and other animals. As symbionts of
arthropods, ascomycetes comprise a diverse assemblage
of species that range from antagonistic to mutualistic.
For example, species of Ceratocystis and Ambrosiella
are associated with bark beetles, which disperse fungal
spores to other individuals of the host. Cordyceps species
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directly parasitize a broad range of arthropods. As an
alternative to chemical pesticides, species of Trichoderma
have been developed into commercial products for plant
disease management (Chapter 27).

Saprobic ascomycetes function in the decomposition
and nutrient cycling of plant litter including wood, herba-
ceous stems, and dung. For example, Chaetomium spe-
cies, an important cellulolytic organism, is responsible
for the destruction of paper and fabrics. Ascomycota also
contains species known as producers of some of the most
important fungal secondary metabolites. These include
trichothecene mycotoxins formed by many members of
Sordariomycetes and ergot and other alkaloids produced
by the grass endophytes Claviceps and Epichloé.

REPRODUCTION AND LIFE
CYCLE OF ASCOMYCOTA

Three reproductive categories are recognized in the
Ascomycota (Curry and Baird, 2007). First, some
ascomycetes only reproduce sexually, for example,
Anisogramma anomala, the eastern filbert blight fungus.
Second, for some ascomycetes, such as Fusarium oxys-
porum, only asexual reproduction is known, whereas in
the third category, some species produce both ascospores
and mitotic or asexual spores. The life cycle of a typi-
cal plant pathogenic ascomycetous fungus, Pyricularia
(Magnaporthe) oryzae, is shown in Figure 13.1. The sex-
ual state of a fungal species is called teleomorph, and
anamorph refers to the asexual state.

For the sexually reproducing species, some are homo-
thallic; that is, they reproduce sexually by itself without
the aid of another individual. Those that are self-sterile
and require another strain to reproduce sexually are called

Ascospore

7N

7

Sexual
(“Magnaporthe” oryzae Couch 2002)

Hypha%
Ascus

Perithecium

FIGURE 13.1 Life cycle of the rice blast fungus. (Courtesy of N. Zhang.)
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heterothallic. The mating system in Ascomycota is con-
trolled by the MAT locus, which specifies one of two alter-
native mating types, for example, MATI-1 and MATI-2.
Sexual reproduction in heterothallic species occurs only
between individuals of different mating types. Asci usu-
ally arise from ascogenous hyphae through the mediation
of a crozier, a structure that functions to ensure that only
two compatible nuclei are sequestered in the developing
ascus (Alexopoulos et al., 1996).

ASEXUAL FORMS OF ASCOMYCOTA

Ascomycota is an anamorph-rich phylum with great
diversity and complexity of asexual forms. Many
lichens reproduce asexually by vegetative propagules
called soredia, a structure composed of algal cells sur-
rounded by fungal hyphae. For the non-lichen-forming

FIGURE 13.2 Asci and ascospores of Sclerotinia sp. Bar
(lower left) = 10 um. Note the sterile, hairlike hyphae (paraphy-
ses: arrows) between and intermixed with asci. Not all species
in Ascomycota have paraphyses. The hymenium (H) is the
layer from which asci and paraphyses originate. (Courtesy of
Triarch, Inc., Wisconsin [Slide 3-42B].)

Sordariomycetes
_‘E Laboulbeniomycetes

Leotiomycetes
Lichinomycetes

Lecanoromycetes
Eurotiomycetes

I Dothideomycetes

— Arthoniomycetes
Xylonomycetes

— Geoglossomycetes
Orbiliomycetes
Pezizomycetes

Pezizomycotina

Saccharomycotina

Taphrinomycotina

FIGURE 13.3 Phylogeny of major groups of Ascomycota.
(Courtesy of N. Zhang.)
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ascomycetes, asexual reproduction may be accom-
plished by fragmentation of mycelium, formation of
chlamydospores or conidia (Figure 13.4). In earlier
classification systems, Ascomycete species (and some
basidiomycetes: Chapter 15) that had no known sexu-
ally produced spore were placed in “Deuteromycetes”
or mitosporic fungi, which refers to conidia or spores
formed by the asexual process of mitosis. Although
solely asexually reproducing species do not form the
diagnostic asci and ascospores of Ascomycota, molec-
ular phylogenetic analyses and ultrastructural features
of the hyphae and conidia support their placement in
Ascomycota. Now that the asexually reproducing spe-
cies are integrated into the classification scheme for
other ascomycetes, “Deuteromycetes” are discontin-
ued as a formal taxonomic term. However, although
the older classification system is not phylogenetically
correct, it is still very useful for the identification of
pathogens and other fungi in Ascomycota. Therefore,
a consideration of various asexually reproducing forms
represented in Ascomycota is useful.

Many ascomycete fungi reproduce asexually by
means of conidia—nonmotile, mitotic spores formed
at the tip or side of sporogenous (conidiogenous) cells.
A conidiogenous cell refers to the hyphal cell from which
a conidium is formed directly (Figure 13.4). A conidio-
phore is a simple or branched, specialized hypha that
bears one or more conidiogenous cells. Conidiophores
may be formed singly or grouped together to form spe-
cialized fruiting bodies (conidiomata), such as pycnidia,
acervuli, sporodochia, or synnemata (Alexopoulos et al.,
1996). Many dichotomous keys to genera of fungi as well
as descriptions of species and genera refer to these struc-
tures. Asexually reproducing fungi that produce conidia
in pycnidia or acervuli were classified as Coelomycetes,
whereas in contrast, the Hyphomycetes produced conidia
on hyphae that are not enclosed in a structure composed
of fungal or host tissue. Lastly, there were a few species
in this phylum that, in addition to producing conidia,
produce resting or overwintering reproductive structures
called sclerotia.

A pycnidium (Figure 13.5) is a spherical or inversely
pear-shaped hollow conidiomata internally lined with
conidiophores and composed entirely of fungal tissues.

Conidium

Conidiogenous
cell

Conidia
Conidiogenous
cell

FIGURE 13.4 Examples of conidia and conidiogenous cells.
(Courtesy of Jing Luo and N. Zhang.)
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Pycnidia may be formed, either embedded in host tissue
with only the opening (ostiole) showing, or on/in a fungal
“mat” on the surface of the plant organ. Some genera of
fungi produce sterile, hairlike structures (setae) within the
pycnidium or at the opening of the body. Pycnidia bear
a superficial resemblance to perithecia (an ascocarp type
discussed later) and can only be identified correctly by the
presence of conidia and the absence of asci and ascospores.
Generally, mature conidia are released from an opening
(ostiole) at the top. Phoma, Phyllosticta, and Septoria are
common examples of genera that produce pycnidia.

An acervulus is a flat- or saucer-shaped cushion of
conidiophores embedded just below the epidermal or
cuticle layer of plant tissue (Figure 13.6). This structure
can look much like the pycnidium. The difference is the
“cover” that is composed of host plant epidermal tissue.
Acervuli may or may not contain setae, which can be
important for the identification of genera and species.
Conidia are released from acervuli after the host epider-
mis rupture. Colletotrichum, Pestalotia, and Discula are
older names for genera that produce acervuli.

A sporodochium is a small, dense structure com-
posed of hyphae arranged as a tissue, stroma, and bears
conidiophores and conidia either in or on the surface
(Figure 13.7). There is no specific arrangement of indi-
vidual conidiophores on this structure and sporodochia
are commonly produced by Fusarium, Myrothecium, and
Epicoccum species.

FIGURE 13.5 Pycnidia (arrows) of Phyllosticta sp. Bar =
50 um. (Courtesy of Triarch, Inc., Wisconsin [Slide 3-42B].)

FIGURE 13.6  Acervuli (arrows) of Colletotrichum sp. Bar =
50 um. (Courtesy of Triarch, Inc., Wisconsin [Lab 815].)
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A synnematum is a collection of conidiophores that
are fused at their bases and along the shaft (Figure 13.8a
and b). It resembles bundles of wheat stems and produces
conidia along the length of the conidiophores and/or only
at the apex. Common genera that produce synnemata are
Graphium, Stilbella, and Dematophora.

- i =

FIGURE 13.7 Sporodochium of Volutella pachysandrae.
(Copyright 2015 American Phytopathological Society. [http:/
www.apsnet.org/edcenter/illglossary/Article%20Images
/Forms/DispForm.aspx?ID=712].)

FIGURE 13.8 Light (a) and scanning electron (b) micrographs
of synnemata of Ophiostoma (Graphium) ulmi. (Copyright
2015 American Phytopathological Society. [http://www.apsnet
.org/edcenter/illglossary/Article%20Images/Forms/DispForm
.aspx?1D=738].)
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A sclerotium is a mass of hyphae that is composed
of very compact, hard tissues and may be differenti-
ated into distinctive layers (Figure 13.9). Sclerotia are
produced in various sizes and shapes and are useful
in some classification schemes. Sclerotia are resistant
to adverse environmental conditions and can permit
the fungus to survive for extended periods without
a suitable host. Some common genera that produce
sclerotia are Sclerotium, Claviceps, and Verticillium
(microsclerotia).

A chlamydospore is typically a large, thick-walled
nonornamented survival structure rich in lipid reserves
and is produced either at the tip or intercalary (in the
middle) of a hyphae (Figure 13.10). Many times chla-
mydospores are darkly pigmented. Some genera that
form chlamydospores are Fusarium, Thielaviopsis, and
Aspergillus, as well as many other phyla of fungi and
fungus-like organisms.

FIGURE 13.9 Numerous black microsclerotia (sclerotia)
(arrows) of Verticillium dahliae on an infected potato stem.
(https://www.cals.ncsu.edu/course/pp728/Verticillium
/Vertifin.htm.)

FIGURE 13.10 Chlamydospores of Thielaviopsis basicola.
(Article Images: chlamydospore; www.apsnet.org; 400 X 267
search by image.)
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TAXONOMY

Traditionally, classification of ascomycetes was based on
morphological and ontogenetic characters. For example,
the position of ascocarps in relation to substrates (Figure
13.11) was used in the family delimitation of Diaporthales
(an order in the Sordariomycetes), but this classification
was not supported by more recent molecular phylo-
genetic analyses. The shape, size, color, and texture of
ascospores (Figure 13.11) has been used in generic-level
classification of ascomycetes, but many molecular phy-
logenetic studies suggest that these generic delimitations
do not always reflect evolutionary history. For instance,
in Magnaporthaceae, genera based on ascospore shape
are not monophyletic (a single lineage), likely due to con-
vergent evolution. In some ascomycetes, asexual states
seem to be more informative in defining monophyletic
taxa because the sexual states tend to be more conserved.

Subcellular or ultrastructural and biochemical char-
acters shed light on fungal evolution too. As part of the
Assembling the Fungal Tree of Life project, a searchable
database for selected fungal taxa is available at http:/
aftol.umn.edu, which includes descriptions and illustra-
tions of characters such as nuclear division, septum/pore
cap, sterol data, and hyphal tip organization.

Current classification of species included in
Ascomycota is based primarily on molecular sequence
data combined with morphological, ontogenic, and other
characters. The major lineages of known ascomycetes,
which include Taphrinomycotina, Saccharomycotina,
and Pezizomycotina, are illustrated in Figure 13.3. In this
chapter, three classes (Sordariomycetes, Leotiomycetes,
and Dothideomycetes) in Pezizomycotina that include
important plant pathogens will be introduced. More infor-
mation on Ascomycota systematics can be found from
the Deep Hypha Mycologia special November/December
issue in 2006 and Lumbsch and Huhndorf (2010).

Ascocarp

Ascospore

CC ot l

FIGURE 13.11 Orientation of ascocarps (upper) and
morphologies of ascospores (lower). (Courtesy of N. Zhang.)
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ONE FUNGUS = ONE NAME, A MAJOR
CHANGE IN FUNGAL NOMENCLATURE

Many ascomycetes have both sexual and asexual states
(pleomorphic). Connections between teleomorphs and
anamorphs of the same species were frequently unknown
because often the two do not co-occur temporally or physi-
cally. For convenience, the International Code of Botanical
Nomenclature previously made exceptions for fungi and
allowed unique scientific names (Latin binomials) for both
the teleomorph and anamorph with the teleomorph name
taking priority. These practices for fungi are now discon-
tinued because modern molecular tools such as polymerase
chain reaction (PCR) and DNA sequencing enable us to inte-
grate or link the asexual and sexual phases of an organism
into a single species, and thus unify the name. According
to the International Code of Nomenclature for algae, fungi,
and plants (Melbourne Code, available online at http:/
www.iapt-taxon.org/nomen/main.php), the dual naming
system for fungi is replaced with one scientific name for
each species based on priority or most commonly occur-
ring form. All legitimate fungal names published prior to
January 1, 2013, compete equally for priority, and the sole
correct name is now the earliest legitimate name, regardless
of the life history state of the type.

It was estimated that about 10,000-12,000 species
names of pleomorphic (more than one form, i.e., sexually
and asexually reproducing phases) fungi, including many
plant pathogenic species, might be affected by the “One
Fungus = One Name” new nomenclature (Hawksworth,
2012). The change will result in the use of some scientific
names that are unfamiliar to plant pathologists and other
user communities. Although the transition is difficult, the
purpose of the new nomenclature is for the stability of
nomenclature and systematics in the long term. Moving
to one scientific name for each species of fungus aligns
the fungi with the other groups of organisms governed by
codes of nomenclature including the International Code
of Zoological Nomenclature and the International Code
of Nomenclature of Bacteria. No other group of organ-
isms was allowed to have more than one scientific name
(Zhang et al., 2013).

During this transitional period, which may take
several years or longer, plant pathologists, mycologists,
geneticists, and the broad user communities are working
together to determine which names to use for pleomorphic
fungi. For example, the International Sub-commission on
the Taxonomy of Colletotrichum determined in 2012 that
the asexual genus name Colletotrichum would be used
for the large group of important fungi that cause anthrac-
nose and black spot diseases, rather than the sexual name
Glomerella. This decision was based, not only on pri-
ority, but because Colletotrichum is a more commonly
used name in the applied sciences. The International
Commission on Penicillium and Aspergillus has also
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decided to use the asexual generic names Penicillium
and Aspergillus because both predate the names of gen-
era associated with either of the sexual states.

The name to use for the rice blast fungus has not been
determined as of this writing. The asexual genus name
Pyricularia has been used for the rice blast fungus since
1892. Based on the morphological similarity, the sexual
state of the rice blast fungus was believed to belong
to Magnaporthe and was named M. oryzae in 2002.
However, recent phylogenetic analyses demonstrated that
the rice blast fungus does not belong to Magnaporthe.
As the oldest and legitimate generic name for the rice
blast fungus, Pyricularia should be used. However,
because this species is a widely used model system and
has large impacts, researchers from all over the world are
still debating on whether to use P. oryzae or conserving
M. oryzae for the rice blast fungus (Zhang et al., 2013).

As scientific names of plant pathogenic fungi are inte-
grated, accurate scientific names will be placed on web-
sites such as Index Fungorum (http://www.indexfungorum
.org/Names/Names.asp), MycoBank (http://www
.indexfungorum.org/),and the USDA-ARS SMML Fungal
Nomenclature (http://nt.ars-grin.gov/fungaldatabases
/nomen/nomenclature.cfm), which emphasizes plant-
associated fungi. The National Center for Biotechnology
Information (NCBI) also manages a taxonomy database,
and it will be updated as decisions are made.

SORDARIOMYCETES

Sordariomycetes is a large class in Ascomycota with over
10,000 described species. It contains most nonlichenized
ascomycetes-producing perithecia (flask-shaped asco-
carps; Figures 13.12 and 13.13) or less frequently cleis-
tothecia (completely closed ascocarps; Figure 13.12),
inoperculate (lacks a hinged cap), and unitunicate asci
(ascus wall with a single functional layer) (Alexopoulos et
al., 1996). The term “Pyrenomycetes” was used formerly
to unite fungi with perithecial ascocarps and unitunicate
asci, but its use was discontinued because many perithe-
cial species do not belong to this group based on phylo-
genetic analyses.

Unique ultrastructure characters of the Sordario-
mycetes include the following: (1) immature ascogenous
hypha/ascus, endoplasmic reticulum associated with toroid
occlusion (donut-like with central pore), and (2) for mature
ascogenous hypha/ascus, there is a subspherical pore cap
membrane, which is a simple membrane enclosing the
cytoplasm. Leotiomycetes and Sordariomycetes appear to
have the same spindle pole body form and nuclear envelope
organization during nuclear division, that is, an unlayered
disc with an intact nuclear envelope and an internal micro-
tubule-organizing center (Celio et al., 2006).

Sordariomycetes share some features with Dothideo-
mycetes and Leotiomycetes, but are unique in having
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Cleistothecium Apothecium

FIGURE 13.12  Five ways in which fungi in Ascomycota bear
their asci. (Courtesy of N. Zhang.)

FIGURE 13.13 Longitudinal section of a perithecium of
Sordaria sp. Bar = 50 ym. (From Carolina Biological Supply,
Burlington, North Carolina. With permission.)

a true perithecium and inoperculate, unitunicate asci.
Many fungi in Sordariomycetes are plant pathogens,
including Fusarium spp. (wilt diseases of various crops),
Colletotrichum spp. (anthracnose of many plants),
Claviceps purpurea (ergot of rye), Discula destructiva
(dogwood anthracnose), and Gaeumannomyces graminis
var. tritici (take-all disease of cereals).
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Rice Brast FUNGUS

The rice blast fungus, Pyricularia (Magnaporthe) oryzae,
recently segregated from Magnaporthe grisea, is one of
the most devastating threats to food security worldwide.
This fungus, which belongs in the order Magnaporthales
of Sordariomycetes, is better known for its asexual state,
P. oryzae, which has been studied extensively as a model
system for aerial infection and host—pathogen interac-
tions. Pyricularia oryzae infects host plants in a manner
typical of other foliar pathogens. Conidia are dispersed
during the growing season. They adhere tightly to the
leaf surfaces by spore tip mucilage. The fungus enters the
host leaves using a sophisticated method that increases
turgor pressure in the appressorium (a hyphal, pressing
organ) to force an infection peg through the leaf surface
into the plant (Figure 13.1).

Numerous studies have been conducted on appresso-
rium development in the rice blast fungus. However, the
root-infecting capacity of this pathogen was not discovered
until 2004. A number of genes, such as the MAP kinase
and CPKA gene, are essential for the formation of func-
tional appressoria for leaf penetration (Xu et al., 1997).

The rice blast pathogen can cause lesions on all parts
of the susceptible plant, such as leaf, panicle, pedicel, and
seed, but the most commonly observed symptom is the
diamond-shaped lesion with a gray center with a brown
border on leaves. Pear-shaped conidia are produced on
the lesion and released to begin a new infection cycle.
The sexual state of the fungus has not been observed
in nature, but can be produced in the laboratory when
pairing isolates of different mating types (MATI-1 and
MATI-2). Controls for rice blast include crop rotation,
breeding of resistant varieties, and fungicide sprays.

CHESTNUT BLiGHT FuNGuUS

Cryphonectria parasitica (Diaporthales, Sordario-
mycetes) is the causal agent of chestnut blight, which was
likely introduced to North America from Asia with the host
material. The disease was first reported in the early 1900s,
and in a few decades, it destroyed most American chest-
nut trees (Castanea dentata) in eastern North America.
Ascospores or conidia can serve as inoculum, which enter
through wounds often caused by insects, and hyphae grow
into the vascular cambium. Cankers form around the stem
killing the vascular cambium, which girdles the tree and
prevents the formation of new vascular tissues. In the
1950s, the pathogen was found in Europe, but with less
virulence. Further investigations led to the discovery of a
hypovirulence factor, a double-stranded RNA virus in the
fungal cytoplasm that reduced the virulence of the fungal
pathogen to the host plant. Use of hypovirulent viruses
as biocontrol agents did not succeed at the population
level in North American because in nature the viruses
do not spread easily. Other efforts to restore American
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chestnut are being made to create resistant cultivars
through breeding and genetic engineering.

LEOTIOMYCETES

Leotiomycetes refers to the “inoperculate discomycetes”,
a group of nonlichenized ascomycetes characterized by
the production of apothecia (Figure 13.12, cup- or disc-
shaped ascocarps) and unitunicate, inoperculate asci
with an apical pore from which ascospores are released.
Some Leotiomycetes cause plant diseases. For example,
Rhabdocline pseudotsugae and Rhabdocline wierii are the
causal agents of needle blights of Douglas fir. Sclerotinia
sclerotiorum, the cause of white mold, can infect various
vegetables. Rhytisma acerinum causes tar spot of maple.
One representative plant pathogen in Leotiomycetes is
described in detail here. Powdery mildews are omitted in
this chapter and discussed in Chapter 12.

BrowN RoT PATHOGEN

Monilinia fructicola is the cause of brown rot of peach
and other stone fruits. Young peaches are usually resis-
tant to this pathogen but become increasingly suscep-
tible as they approach maturity. Fungal invasion occurs
through trichome sockets, insect punctures, and other
wounds. Mycelium spreads through the host tissue rap-
idly and destroys plant cell walls by secreting pectinases
and other extracellular hydrolytic enzymes (Chapter 32).
Mycelium reemerges on the surface of the fruit to pro-
duce conidia that are spread by wind, water, and insects
to other fruit. Some fruit falls on the ground where they
quickly disintegrate under the action of saprotrophic
fungi. Heavily infected fruit remaining on the tree loses
water and becomes a shriveled mass of plant tissue and
mycelium—a mummy. The mummy may persist on the
tree through the winter or it may fall on the ground and
the fungus may survive in the soil for up to 3 years. In
either case, the pathogen overwinters in the mummy. The
following spring, mummies on trees produce conidia via
mitosis, whereas mummies on the ground produce asco-
spores via meiosis, and a new infection cycle is initiated.
Control of the brown rot pathogen is primarily by fungi-
cide sprays on a time schedule depending on weather and
orchard location. Cultural practices, such as sanitation of
mummies and pruning and removal of infected materials,
can substantially reduce disease levels. Insect control,
especially for those pests that directly damage fruit, can
also reduce disease incidence (Curry and Baird, 2007).

DOTHIDEOMYCETES

Formerly known as “Loculoascomycetes,” Dothideomy-
cetes is a large class of Ascomycota, characterized by the
production of asci within locules in a preformed stroma
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and bitunicate asci with fissitunicate dehiscence (jack-in-
the-box). Bitunicate asci consist of a thin inextensible
outer layer and a thick extensible inner layer. Ascospores
are usually released by the extension of the inner ascus
wall and the rupture of the outer wall. Numerous fungi in
this class are important plant pathogens, such as species of
Alternaria, Bipolaris, Leptosphaerulina, Mycosphaerella,
Phyllosticta, Venturia, and Zymoseptoria.

APPLE ScAB PATHOGEN

Venturia inaequalis attacks various plants, including apple,
crab apple, firethorn, and hawthorn, and is considered one
of the most important pathogens of apple. Both leaves and
fruit of the apple tree can be infected. The fungus begins
its life cycle in the spring by ejecting ascospores from
pseudothecia (Figure 13.12), which were produced in the
diseased leaf tissue lying on the ground since the winter.
Ascospores, which consist of two cells of unequal size
(hence the name “inaequalis”), are dispersed by air. Those
that land on suitable host surfaces produce short germ tubes
with appressoria by which they penetrate the host cuticle.
Mycelium grows in host tissue for a few days, after which,
hyphae reemerge at the surface to form acervuli and conidia
(Figure 13.14). Conidia are produced during the spring
and summer months. Similar to ascospores, conidia also
infect via appressoria and penetration of the host cuticle.
The asexual state was named Spilocaea pomi, but now
because of one fungus one name, both sexual and asexual
states are named V. inaequalis. Lesions on the leaves begin
as velvety, olive-green lesions and then get darker and
“scabby” in appearance, with distinct margins. When the
cells in the leaf die, the mycelium forms pseudothecia and
ascospores to overwinter. This fungus is heterothallic and
requires two different mating types for sexual reproduction.
Control of the apple scab pathogen is primarily with fungi-
cides, removal of infected or dead plant tissues, and use of
resistant varieties.

FIGURE 13.14 Venturia inaequalis conidia (arrows). Bar =
10 um. (Courtesy of Triarch, Inc., Wisconsin [slide 3-48B].)
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CULTURE AND MAINTENANCE

Saprotrophic and necrotrophic species of Ascomycota can
usually be cultured on synthetic media. Sporulation (pro-
duction of ascospores or conidia) is sometimes enhanced
by adding natural substrates to synthetic agar, such as
sterilized host plant tissue. For example, carnation leaf
can enhance the production of conidia for some Fusarium
species. However, the biotrophic ascomycetes, such as the
powdery mildews, require live host tissue to grow

Formulations of a number of general and selec-
tive media for phytopathogenic fungi were provided by
Singleton et al. (1992). Preservation of fungal cultures in
a metabolically inactive state in liquid nitrogen should
be used to minimize mutation for genetic or pathogenic-
ity studies. Many laboratories also store fungal cultures
in glycerol solution at —80°C. Other methods include
lyophilization and storage in sterile soil or sterile distilled
water and on agar slants (Singleton et al., 1992).

GENOMES OF ASCOMYCOTA

Genomics is the study of the genomes of organisms. Many
ascomycetes are model systems for studying reproduction,
gene gain and loss, horizontal gene transfer, as well as
gene structure and regulation. For example, Neurospora
crassa, the red bread mold, is a classic model organism
for genetic studies. The genome of N. crassa was com-
pletely sequenced in 2003; it contains 43 megabases and
approximately 10,000 genes.

Genomics is a fast evolving field with new branches
emerging quickly. Functional genomics is the character-
ization of functions of genes, RNA transcripts, and pro-
tein products. Structural genomics refers to the dissection
of the architectural features of genes and chromosomes.
Comparative genomics is the study of the relationship
of genome structure and function across different bio-
logical species or strains. Metagenomics is the study of
genetic material recovered directly from environmental
samples, bypassing the need for isolation and lab cultiva-
tion of individual species. Phylogenomics is the analysis
of genome data for evolutionary reconstruction.

According to the Genome Online Database (www.
genomesonline.org), as of November 4, 2013, there have
been 1569 complete and ongoing genome projects for
Ascomycota, which constitute 24% of the 6578 genome
projects for all Eukarya. Ascomycetes being sequenced for
genomes are mostly economically important, and many of
them are plant pathogens. For instance, the genome project
for Pyricularia (Magnaporthe) oryzae, the rice blast fun-
gus, was completed by the International Rice Blast Genome
Consortium and the BROAD Institute (http://www.broadin-
stitute.org). With high-throughput next-generation sequenc-
ing technologies, an exponential growth of the genomic
data for Ascomycota in the next decades is expected.
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LABORATORY EXERCISES

The “mitosporic” (Deuteromycetes) fungi (asexual phases
of ascomycetes) are a heterogeneous and artificial (does not
reflect phylogeny) group erected on the production of asexual
spores or conidia that are formed on conidiophores, which
develop either free on mycelium or are enclosed in struc-
tures called conidiomata (fruiting structures). Laboratory
exercises for the mitosporic fungi are designed to teach
students how to recognize the different asexual reproduc-
tive structures and the role of environmental conditions or
nutrition on the shapes and forms of the conidiomata. Note
that some members of this group do not produce conidia
and form sclerotia or no structures. However, these will not
be considered in these laboratory exercises.

Also included in this section is an experiment using
Sordaria fimicola. This ascomycete readily produces
perithecia and ascospores in culture. There are also
mutants that express different ascospore colors. Because
of the mutants, this fungus is ideally suited for studying
crossing-over events during meiosis and can be used to
genetically map the color trait.

EXPERIMENT 1. IDENTIFICATION OF ASEXUALLY
REPRODUCING ASCOMYCETES BY OBSERVING
REPRODUCTION STRUCTURES

When attempting to identify a fungus, it is important to
note morphological features of the fungus under the dis-
section microscope. Fungi placed on microscope slides
often fragment or spores do not remain attached to conid-
iophores, making identification difficult. Morphological
features to observe using the dissection microscope include
the following: conidia borne singularly, in chains, clusters,
or clumps; conidia borne in slime droplets; conidia borne at
the apex or laterally on conidiophores; and presence of pyc-
nidia, sporodochia, synnemata, or acervuli. The purpose
of this experiment is to demonstrate variations in conidi-
omata that are used in the identification of the asexually
reproducing ascomycetes in host material and on artificial
media. This exercise will train students how to recognize
the different asexual structures involved in spore produc-
tion that are important for identifying these fungi. Fungi
representative of each conidiomata type can be compared
during this exercise (Table 13.1). Depending on availability,
many other fungi can be substituted.

Materials

Each student or team of students will require the follow-
ing materials:

* Cultures of at least two species of fungi showing
each of the four types of asexual development in
Table 13.1

* Dissection and light microscopes
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TABLE 13.1
Genera of Fungi Used to Demonstrate Types of Conidiophores and Conidiomata
Naked Hyphae Sporodochia Pycnidia Synnemata Acervuli
Alternaria Epicoccum Diplodia Briosia Colletotrichum
Bipolaris Fusarium Macrophoma Graphium Discula

Tubercularia
Volutella

Cladosporium Phomopsis

Penicillium Septoria

Harpographium Pestalotia

Trichurus Melanconium

* Dissecting needles or probes

» Slides, coverslips, distilled water for mounting
hyphae and spores

* A stain such as aqueous analine blue (0.05% or
5 mg/L)

* Eye dropper with bottle

* Cellophane tape

» Single-edge razor blade or scalpel with #11
blade

* Pencil eraser

* Alcohol lamp for surface-sterilizing instruments

Follow the protocol listed in Procedure 13.1 to com-
plete this exercise.

Anticipated Results

Students should be able to differentiate the various ways
in which conidia are produced, either naked as individual
conidiophores or clustered together into synnemata, pyc-
nidia, acervuli, and sporodochia.

Questions

e Describe and draw the following structures:
individual conidiophores, single or multiple
branched, spore or conidia attachments; sporo-
dochia, conidiophore arrangements, locations
on host tissues (living materials).

* How do pycnidia differ from sporodochia or
acervuli?

e Where are the conidiophores located in a
pycnidium?

* Does the pycnidium have a pore (ostiole) in the
neck (when present)? What is the purpose of an
ostiole?

* Are the pycnidia embedded in or on the surface
of the host tissue?

e What is a synnema?

* How do the conidiophores in synnemata differ
from the conidiophores in sporodochia?

* Where are the spores borne on synnemata and
how are they attached?

ExPERIMENT 2. EFFECTS OF LIGHT AND TEMPERATURE
ON GROWTH AND SPORULATION OF FUNGI

The purposes of this experiment are to show how tempera-
tures affect the growth of fungi and to compare sporula-
tion and growth potential of fungi when placed under
different lighting regimens. Through direct observation,
students will learn that growth conditions will affect spore
production, cultural characters, and growth rates of fungi.

Common fungi that can be used in this exercise
include Alternaria species (single conidiophores),
Epicoccum nigrum or F. solani (sporodochia types),
Colletotrichum graminicola or Pestalotia spp. (acer-
vuli types), and Phoma or Phomopsis (pycnidia types).
Many other fungi may be substituted in this experiment.
Experiments typically require up to 14 days to com-
plete, but will obviously vary depending upon the fungi
included in the study.

The fungi should be grown on potato dextrose agar
(PDA; Difco) for several days, perhaps a week, at room
temperature to provide sufficient inoculum. The number
of conditions (treatments) may vary depending upon
the available space and number of replicate plates (V-8
medium) used. We suggest that the class be divided into
four groups, each with their own species of fungi.

Materials

Each team of students will need the following items to
complete the experiment:

* Four isolates of common asexually reproduc-
ing fungi (one for each group). Inoculate each
fungus onto five Petri dishes of 10-cm-diameter
containing PDA (Difco, Lansing, MI)

* A minimum of 21 Petri dishes of 10-cm-diameter
containing V-8 agar medium (Diener, 1955: 200
mL of V-8 medium (Campbell Soup Co.), 3 g of
CaCO,, 15 g of Difco agar, and 800 mL of water)

e Aluminum foil

e Parafilm®

e Sterile cork borer, dissection needle, or spatula
for subculturing fungi
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Procedure 13.1
Observation of Asexual Structures of Ascomycete
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Step

Instructions and Comments

Observe the fungal culture with a stereo dissection microscope at low power. Note the shape and form of the
fruiting structures. Fruiting structures can be observed more easily on the hyphae nearest to the margin of
active growth in culture. Conidia in mass may obscure fruiting structures. The mycelium (hyphae) becomes
much thicker and often obscures the asexual structures near the center of the dishes.

Viewing asexual fruiting structures of mitosporic fungi in plant material is often essential to identify the
pathogen. Transition areas in the zone between healthy and necrotic plant tissue are usually good areas to look
for structures. If fruiting structures are not evident in this area, move the tissue piece so that areas with greater
tissue damage are viewed. If fruiting structures are not observed within the lesions, place the plant tissue in a
moist chamber overnight. To obtain fruiting bodies, place a moistened tissue paper at the bottom of a plastic
food storage container (a plastic bag will also work), place the plant tissue onto tissues and close the box. Store
at room temperature and check in 12-24 h for sporulation. Adding a drop of water directly to the lesion may
also stimulate sporulation.

After viewing diseased plant material with a dissection microscope, a closer examination with a compound or
light microscope is necessary to identify the fungus. Slice thin sections (1 mm) of a leaf lesion with a single-
edge razor blade or scalpel and mount on a microscope slide with a drop of analine blue or water. Look for
conidia and/or fruiting bodies on the plant tissue and floating in the mounting medium.

To observe sporulation of a fungal colony growing in a Petri dish, place a drop of water or analine blue to the
area of interest, and add a coverslip directly onto the agar medium. Fruiting structures can be observed with
minimal damage to them. For closer observation, mount fruiting structures on a slide in a drop of distilled
water and a coverslip. If fruiting bodies cannot be seen on the agar plate, simply remove a tiny portion of the
mycelium (<1 cm) and place it into the water on the slide. Flame-sterilize the dissection needles and allow
cooling before removing mycelium from the Petri dish. Sometimes the coverslip does not appear directly to
the microscope slide when a mass of mycelium and agar are mounted. If this happens, use a pencil eraser to
gently press on the coverslip and flatten the preparation. First, use the lowest power (generally a 4x or 10x
objective lens) on a specific area containing the fruiting structures and proceed to a high, dry objective lens
(40x). As with the stereo microscope, observe the hyphae nearest to the growing margin and move inward
until light can no longer penetrate through the mycelium. Observe and draw the structures and spores in detail.
A third method of viewing asexually reproducing fungi is with cellophane tape. This method is particularly
useful for obtaining fruiting structures and spores from fresh material. Place a piece (1-2 cm) of cellophane
tape with the adhesive side downward onto the plant material. Press slightly and remove from the tissue. Take
the piece of cellophane, place the side that was in contact with plant tissue downward onto a microscope slide
containing water. Observe spores and/or fruiting structures with the 10x and 40X objective lenses and record
your observations.

Alcohol burner, matches, and container of 95% Follow the protocol outlined in Procedure 13.2 to
ethanol for cooling subculturing tools complete the experiment.

Incubators set for different temperatures and

lighting conditions Anticipated Results

Millimeter ruler for measuring growth of Students should observe that changes in temperatures
colonies affect growth and sporulation of fungi. However, differ-

Light source for observing cultures ent fungal species used in the experiment may not respond
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with the same growth and sporulation patterns as the other * When was sporulation first observed for each
species when compared under similar growth conditions. fungus? How did it vary per light regime?
* How did the effects of different light regimes
Questions vary between species (consult with other
e How did growth vary between species? Hint: groups)?
graph the data and calculate a growth rate. * Compare different ways in which you might be
« Did the fungi exhibit the same growth rate able to collect data on sporulation (e.g., num-
throughout the experiment? If not, what may ber of conidiophores per unit area and spore
have caused the changes in growth rates? counts).

Procedure 13.2
Temperature and Light Influence Growth and Sporulation of Fungi

Step Instructions and Comments

1 Use a flame-sterilized cork borer to cut agar pieces from cultures growing on PDA medium. If possible,
remove plugs from actively growing margins. Mycelium closest to the original inoculation plugs can differ
physiologically from mycelium nearest to the margin resulting in different growth rates.

2 Each group should transfer a single plug (mycelium side down) of their fungus onto the center of a Petri dish
containing V-8 agar. Inoculate a minimum of 21 dishes and wrap with Parafilm®. Label dishes with the name
of the fungus and number them from 1 to 21.

3 Each group should place at least three of the inoculated Petri dishes in incubators set at either 10°C, 20°C,
30°C, or 40°C. Record the number of Petri dishes at each temperature. If insufficient incubator space is avail-
able, we suggest that the 20°C and either 10°C or 30°C treatments be used. Cultures should be exposed to light
for a minimum of at least 8 h per day; otherwise, sporulation could be adversely affected.

4 Each group should place at least three of the inoculated Petri dishes in incubators set for the following light
treatments: continuous artificial light, alternating light and darkness (12 h each), and continuous darkness.
The continuous dark treatment may also be achieved by wrapping the cultures in aluminum foil. All incuba-
tors should be maintained at the same temperature (e.g., 20°C-25°C).

5 Record growth data every 2 days for 14 days (maximum) or until the mycelium reaches the edge of the Petri
dishes for both temperature and light treatments. Using a millimeter ruler, measure the radial growth from
inoculation plug to the perimeter of the colony. The growing edge of the mycelium can be viewed easily by
placing the dishes toward a light source. Repeat in three locations for each dish and find the average to the
nearest millimeter for each dish. Now average the radial growth for all three replicates for each fungus at each
temperature. Plot these data on a graph with the growth in millimeter in y-axis and days in culture in x-axis.
Calculate the standard deviation (SD) for each point using the following formula:

SD— >a-5 _[x
(n—-1) (n-1)

where x = sample measurement, ¥ = calculated mean of data, X = x— ¥, and n = number of samples used to

calculate the mean.

6  Sporulation should also be recorded when growth is measured. A rating scale for sporulation can be devel-
oped such as none = 1, slight = 2, moderate = 3, and heavy = 4. Find the average rating for each fungus at
each treatment. Plot sporulation on the y-axis and days on the x-axis.

7  Prepare a final report from the data. Include graphs showing the growth and sporulation of species under vari-
ous temperatures and lighting conditions.
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EXPERIMENT 3. SORDARIA FIMICOLA PERITHECIA, Ascl,
AND AscosPORE FORMATION AND CALCULATION

of THE DisTtANCE ofF THE Locus (GENE) FOR
AscosPoORE COLOR FROM THE CENTROMERE

S. fimicola is a homothallic, saprophytic ascomycete fun-
gus typically found inhabiting dung. It is easily cultured
on artificial media and has been used to study genet-
ics and inheritance. Sordaria is an ideal organism for
studying the typical physical characteristics of members
of the Sordariaceae (perithecia with persistent asci and
forcibly discharged ascospores) as well as demonstrat-
ing some genetic concepts. It does not produce conidia
and therefore will not contaminate the work area. The
wildtype color of ascospores is black and mutants have
tan- or gray-colored ascospores. Although, Sordaria is
homothallic, if the wildtype and mutant type are cocul-
tured, sexual hybridization and recombination will occur
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between them. The ascospores in individual asci will be
of mixed colors in a 1:1 ratio; mating between individuals
of the same type will result in all ascospores of identical
color.

Materials

Each student or team of students should have the follow-
ing items:

e Cultures of black wildtype (156290) mutant gray-
type (156292), and mutant tan-type (156294) asco-
spores. Cultures may be purchased from Carolina
Biological Supply, Burlington, NC (1.800.334
.5551):  http://www.carolina.com/fungi/sordaria-
fimicola-fungi-cultures/FAM_156290.pr?catld=
10567&mCat=10476&sCat=&ssCat=&question
=#family-details

Procedure 13.3
Sordaria fimicola Perithecia, Asci, Ascospore Formation and Calculation of the
Distance of the Locus (Gene) for Ascospore Color from the Centromere

Step Instructions and Comments

1 Pour 20 mL of sterile nutrient agar into each of 6 Petri dishes of 10-cm-diameter and allow agar to cool and

solidify.

2 Using a sterile #5 cork borer, cut a number of inoculum plugs from the edges of growing colonies of both

wildtype and mutant cultures—do not use the same cork borer for each culture. Inoculate two dishes for each
combination of wildtype and mutant as shown in Figures 13.15 and 13.16a, seal with Parafilm®, and incubate

at room temperature. Observe growth and formation of perithecia (black structures: Figure 13.16b) using a

dissecting microscope.

3 With a sterile scalpel, remove a few perithecia from the zones indicated in Figure 13.16a and place in a drop

of water on a microscope slide. Cover with a glass coverslip and gently apply pressure with a flat pencil eraser

to spread the contents of the perithecia (Figure 13.17).

4 Observe the mount using a compound microscope. Draw the asci (including color) and ascospore arrange-

ments for each of the three inoculated cultures (Figure 13.17). Examine at least 100 asci and count the varia-

tions (crossing over and no crossing over events) of ascospore arrangements (Figure 13.17). Note that if the

ascospores are all colorless to green-gray, reincubate and reexamine the cultures in a few days.
5 Calculate the percentage of crossing over events: (# of crossing over/100) x 100. Now calculate the distance (in

map units) between the centromere and the gene for color: % crossing-over events/2. The higher the number of

crossing-over events, the more distance the gene locus for ascospore color is from the centromere. Compare

your results to other students or groups and calculate a class mean map unit from the centromere. For a very
good explanation of this concept, see Pearson LabBench Activity; Analysis of Results II for Sordaria: http://

www.phschool.com/science/biology_place/labbench/lab3/analysis2.html.
6 Incubate the unexamined cultures for several additional days and observe the inside lid of the top of the Petri

dishes every other day. At some time, discharged ascospores should be apparent on the inner surface of the

Petri dish lid.


http://www.carolina.com/fungi/sordaria-fimicola-fungi-cultures/FAM_156290.pr?catId=10567&mCat=10476&sCat=&ssCat=&question=#family-details
http://www.carolina.com/fungi/sordaria-fimicola-fungi-cultures/FAM_156290.pr?catId=10567&mCat=10476&sCat=&ssCat=&question=#family-details
http://www.carolina.com/fungi/sordaria-fimicola-fungi-cultures/FAM_156290.pr?catId=10567&mCat=10476&sCat=&ssCat=&question=#family-details
http://www.phschool.com/science/biology_place/labbench/lab3/analysis2.html
http://www.phschool.com/science/biology_place/labbench/lab3/analysis2.html
http://www.carolina.com/fungi/sordaria-fimicola-fungi-cultures/FAM_156290.pr?catId=10567&mCat=10476&sCat=&ssCat=&question=#family-details
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(a) (b) (c)

FIGURE 13.15 Culture pairings (circles) of black (wildtype)
and tan (mutant) isolates of Sordaria fimicola. (a) Wildtype
with wildtype. (b) Mutant with mutant. (c) Wildtype with
mutant; ascospores of both colors in an ascus (hybridization)
are expected, and crossing-over events should be evident.
Perithecia sample should be collected along the colored lines
between circles; the color of the line indicates expected color
of ascospores. (Courtesy of R.N. Trigiano.)

Recombination
(2:4:2)

Recombination

(2:2:2:2) \

No recombination
(8:0 all mutant)

No recombination

(8:0 all wildtype)

Ning Zhang, Richard E. Baird, and Robert N. Trigiano

(a)

FIGURE 13.16  Sordaria fimicola. (a) Paired mating between
wildtype (WT) and color mutant (M) of S. fimicola (see Figure
13.15¢). Boxes indicate areas of potential mating between WT
and M and where perithecia should be harvested for examina-
tion. (b) Perithecia formed on the surface of the agar between
the two color types. (Courtesy of Mary M. Dee.)

Recombination
(4:4)

No recombination
(8:0 all mutant)

FIGURE 13.17 Examples of whole mounts of Sordaria fimicola squashes showing perithecia (P) with asci containing ascospores
exhibiting recombination and crossing-over events. Numbers in parentheses equal number of either mutant or wildtype color spores.

(Courtesy of Mary M. Dee.)

Grow cultures on nutrient agar in Petri dishes of
10-cm-diameter for one week. These cultures will be
used for inoculating student cultures.

e Nutrient agar (nutrient broth [Difco, Detroit,
MI] 8 g and 20 g/L agar): 20 mL in plastic Petri
dishes of 10-cm-diameter

» Two sterile #5 cork borers

* Dissecting and compound microscopes
 Slides and coverslips

* Dropper bottle with water

e Pencil with new, flat eraser

* Computer with Internet capabilities

* Colored (black and tan) pencils
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Follow the protocol listed in Procedure 13.3 to com-
plete this experiment.

Anticipated Results

Perithecia should form within 7-14 days after inoculation
depending on the incubation temperature (Figure 13.14).
When mating wildtype with wildtype cultures, only
black ascospores should be present in asci. In the case
of mating mutant (gray or tan) with mutant, only gray
or tan ascospores should be present. Mating a wildtype
(black) with a mutant (gray or tan) should result in some
asci containing ascospores of the same color, and others
with 1:1 ratio of mutant to wildtype colored ascospores
(Figure 13.11b). Ascospores of different colors in the
same ascus (four black then four tan) indicate “hybridiza-
tion” between the two color types. Alternating patterns of
colors of spores indicate crossing-over ‘“recombination”
events (Figures 13.11b and 13.12a and b). The frequency
of crossing-over events is related to the distance of the
locus (gene) controlling color of the ascospore from the
centromere of the chromosome.

Questions

* Why is the inner surface of the lid of the Petri
dish black?

e S. fimicola is often found growing on dung (cop-
rophilus), what is the advantage in forcibly dis-
charging ascospores?

* How many patterns of different colors of asco-
spores are present? Why are there always two
spores of the same color next to each other?

*  What would happen if all three variants (wild-
type [black], and gray and tan mutants) were
grown on the same Petri dish? Would you expect
all colors to be in an individual ascus?

e How might the frequency of crossing-over
events help you map the color trait?

* Why is sexual reproduction and recombination
important?
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4 Rust and Smut Diseases

Lori M. Carris and Larry |. Littlefield

CoNcerT Box
Rust and smut diseases are caused by teliospore-forming, biotrophic fungi in the phylum Basidiomycota.

Most rust and smut pathogens are highly host specific, often able to infect a limited number of closely related
hosts.

Rust fungi attack a wider range of host plants than smut fungi and cause economically important diseases on
grasses and herbaceous and woody dicot hosts.

Nearly two-thirds of the hosts of smut fungi are grasses and sedges, and smut diseases are of greatest importance
on cereal crops.

Infection of leaves and stems by rust and smut pathogens can indirectly affect yield by reducing the photosynthetic
ability of the plant; replacement of cereal grains by smut spores directly impacts yield.

Rust fungi have more complex life cycles than smut fungi, with up to five distinct spore stages that may require
infection of only one host (autoecious rusts) or two unrelated hosts (heteroecious rusts). The rust life cycle gener-

ally includes urediniospores, a repeating spore stage that can contribute to massive disease epidemics.

The lack of a repeating stage in smut fungi limits disease potential to levels of inoculum present at the onset of
the growing season.

Both rust and smut are controlled with resistant host cultivars and/or fungicides. Cultural practices, including

elimination of alternate hosts, are also used to control rust pathogens.

The pathogens responsible for rust and smut diseases
belong to two of the three groups (subphyla) of Basidio-
mycota (Figure 14.1). The majority of species in these sub-
phyla, Pucciniomycotina (rusts) and Ustilaginomycotina
(smuts), are plant parasites. In nature, rust and smut
fungi are obligate biotrophs, requiring living plant
hosts for nutrition and to complete their life cycles. Rust
and smut fungi produce basidiospores and basidia
similar to other Basidiomycota, but their basidia emerge
from thick-walled teliospores (Figures 14.2 and 14.3)
rather than being formed on or in fruiting bodies such
as mushrooms and puffballs. In